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Preface

Axon growth capacity is essential for the establishment of neural circuitry in developing
organisms, and for the repair of neural circuitry damaged by injury or disease in mature
animals. The capacity for axon growth is acquired by neurons upon terminal differentiation.
Interestingly, neurons utilize a molecular toolkit for axon growth and guidance that is
remarkably well conserved between central and peripheral neurons over the course of animal
evolution. However, despite the high degree of conservation of these mechanisms, the
ability of neurons to regenerate axonal connections after axotomy varies widely on the
basis of phylogeny and ontogeny.

Developing neurons in both the peripheral nervous systems (PNS) and central nervous
systems (CNS) of virtually all animals can regenerate damaged axons. However, among
mature neurons with established connections, mammalian CNS neurons do not normally
regenerate their axons even though mature PNS neurons retain the capacity for axon
regrowth. Amphibians such as frogs display a similar ability for axon regeneration in both
CNS and PNS neurons prior to metamorphosis, but post metamorphosis, most CNS
neurons lose the ability for axon regeneration with the exception of retinal ganglion cells.
In contrast, neotenic amphibians such as axolotls, which reach sexual maturity without
metamorphosis, have a lifelong capacity for CNS axon regeneration in the spinal cord and
optic nerves. Fish species also demonstrate this lifelong capacity for axon regeneration in the
CNS. Understanding the molecular differences between neurons capable of axon regenera-
tion and those lacking this ability poses a fascinating problem for both basic scientists and
clinical researchers.

The poor prognosis for functional recovery by patients suffering CNS nerve injuries has
fueled the search for therapeutic strategies to promote functional rewiring of disrupted
axonal connections. Over the past decade, a number of methodologies and model systems
have facilitated the discovery of basic mechanisms regulating axon regeneration. Both
in vitro and in vivo models have been employed to reveal the cellular and molecular
apparatuses that promote axon regeneration in the neurons of model systems capable of
functional regeneration, and that prevent functional regeneration of axons in the adult
mammalian CNS.

The chapters in this book cover a broad range of approaches utilized to decipher cellular
and molecular mechanisms enabling successful axon regeneration that in turn may be
manipulated to promote functional recovery in human patients. The techniques described
employ a variety of model systems including rodent (Chaps. 1, 2, 3, 4, 5, 6, 7, and 8),
amphibian (Chaps. 11, 13, 16, and 19), fish (Chaps. 9, 10, 12, 14, 15, 17, 18, 20, 21, 23,
and 24), and insect (Chap. 22) models utilizing both in vivo and in vitro approaches. A
variety of physical injury models of the brain, spinal cord, retina, optic nerves, and peripheral
neurons are described, including nerve crush, nerve transection, contusion injuries, laser
axotomy, chemical damage, light damage, and enucleation. The protocols herein also
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Chapter 1

Defining Selective Neuronal Resilience and Identifying
Targets for Neuroprotection and Axon Regeneration Using
Single-Cell RNA Sequencing: Experimental Approaches

Anne Jacobi and Nicholas M. Tran

Abstract

A prevalent feature among neurodegenerative conditions, including axonal injury, is that certain neuronal
types are disproportionately affected, while others are more resilient. Identifying molecular features that
separate resilient from susceptible populations could reveal potential targets for neuroprotection and axon
regeneration. A powerful approach to resolve molecular differences across cell types is single-cell RNA-se-
quencing (scRNA-seq). scRNA-seq is a robustly scalable approach that enables the parallel sampling of gene
expression across many individual cells. Here we present a systematic framework to apply scRNA-seq to
track neuronal survival and gene expression changes following axonal injury. Our methods utilize the
mouse retina because it is an experimentally accessible central nervous system tissue and its cell types have
been comprehensively characterized by scRNA-seq. This chapter will focus on preparing retinal ganglion
cells (RGCs) for scRNA-seq and pre-processing of sequencing results.

Key words scRNA-seq, Retina, Retinal ganglion cell, AAV, Neurodegeneration, Axon, Regeneration,
Optic nerve crush

1 Introduction

1.1 Basic Strategy When central nervous system (CNS) axons are damaged, the neu-
rons have limited potential to survive and recover their lost con-
nections. Numerous strategies have been employed to find ways to
protect neurons and stimulate axon regeneration including com-
paring neurons from different developmental stages [1–3] or spe-
cies that differ in their regenerative potential [4–7]. Another
seldom used but complimentary approach would be to compare
neuronal types that differ in their resilience to injury. Selective
resilience of neuronal types is a phenomenon that is observed in
nearly all neurodegenerative conditions. While underlying mechan-
isms differ by condition, they are expected to involve a combination
of intrinsic factors, such as gene expression, physiology, and

Ava J. Udvadia and James B. Antczak (eds.), Axon Regeneration: Methods and Protocols,
Methods in Molecular Biology, vol. 2636, https://doi.org/10.1007/978-1-0716-3012-9_1,
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morphology, and extrinsic factors, like somal proximity to the site
of injury or interactions with glia and immune cells. It stands to
reason that parsing the differences between resilient and susceptible
populations would reveal factors that mediate survival and could be
potential targets for therapy.

2 Anne Jacobi and Nicholas M. Tran

A major challenge in identifying determinants of selective resil-
ience is the immense diversity of neuronal cell types in the CNS. For
example, the mouse retina comprises approximately 130 neuronal
cell types [8–12], and similar complexities have been observed in
other regions of the brain [13–16]. While targeted approaches
which utilize genetic lines or immune markers to compare neuronal
subsets have identified key mediators of survival and axon regener-
ation [17–19], these approaches are limited by the availability of
labeling tools and are not viable for characterizing all cell types at
the same time in a complex tissue. To overcome this challenge, we
have developed a scalable pipeline which applies single-cell RNA
sequencing (scRNA-seq) to comprehensively profile type-specific
gene expression across neuronal types before and after an axonal
injury [10].

We developed our protocols using mouse retinal ganglion cells
(RGCs) as an experimental system to study axonal injury (Fig. 1).
RGCs are one of five neuronal classes in the retina. They are the
only projection neurons which transmit visual information from the
retina to retino-recipient areas of the brain. RGCs offer several
practical advantages for modeling nerve injury. First, their axons
pass through the optic nerve, creating a pure white matter lesion
model independent of other cell types surrounding/influencing
white matter tracts in other parts of the CNS. Second, the optic
nerve is accessible through the ocular orbital without requiring
stereotactic intracranial surgery. Third, prior to performing nerve
injury experiments, we developed a comprehensive cellular atlas of
RGCs using scRNA-seq, identifying 46 types. This reference atlas
served as a critical foundation for determining type-specific expres-
sion changes after injury. We applied our approach to track survival
of all RGC types after axonal injury and identify genes correlating
with resilience and susceptibility. A companion chapter by Butrus
et al. (Chap. 2) will describe a computational workflow for mapping
cell types after injury and identifying transcriptional differences
between resilient and susceptible populations. These approaches
provide a practical demonstration of applying scRNA-seq to deter-
mine cell type-specific responses to injury.

1.2 Perturbation

Model

We used optic nerve crush (ONC) to model acute axonal injury in
RGCs [21, 22]. ONC produces a highly stereotyped pattern of
RGC loss, resulting in the degeneration of ~85% of RGCs within
2 weeks after injury (Fig. 2) [10, 23]. While most RGCs degener-
ate, some survive for several months, providing a clear example of
selective resilience [19, 24]. In the following experiments, we
characterized RGCs at seven time points from 0 to 14 days
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Fig. 1 RGC scRNA-seq workflow. (1) The mouse retina is comprised of five major neuronal classes:
photoreceptors (PR), horizontal cells (HC), bipolars (BP), amacrines (AC), and retinal ganglion cells (RGCs),
which together comprise ~130 cell types. In addition, there are three types of retinal glia: Müller glia (MG),
microglia, and astrocytes. For a typical scRNA-seq collection of control adult mouse RGCs, six to eight retinas
are dissected from the eye and placed into medium. (2) Retinal cells are dissociated by enzymatic digestion
into a single-cell suspension. Cells are then incubated with cell-surface antibodies that detect the target cell
population, in this case RGCs. Typical total retinal cell count after step 2 is ~30–50 million cells (~5–6 million
cells/retina). (3–4) RGCs are isolated by fluorescence-activated cell sorting (FACS) and resuspended into a
single-cell suspension (expected yield is ~20–40k cells). (5) Enrichment can be verified by immunohisto-
chemistry (IHC) on sorted cells using RGC-specific markers. Due to the limited number of RGCs, it is not
recommended to perform enrichment validation for each scRNA-seq collection. (6) Cells are loaded onto the
10× Genomics controller and scRNA-seq libraries are prepared according to the manufacturer’s protocol.
(7) scRNA-seq libraries are sequenced on Illumina next-generation sequencing platforms. (8) After demulti-
plexing and aligning the sequencing data, quality control (QC) is performed to filter for high-quality cells. The
expected yield per channel is ~8K high-quality cells. The resulting gene x cell count matrix is utilized for
downstream analysis as further described in a companion chapter [20]

Fig. 2 (a) In Tran et al. [10], RGCs were collected for scRNA-seq from P56 control mice and at six time points
following optic nerve crush (ONC) (0.5, 1, 2, 4, 7, 14 days post-ONC). (b) In the ONC model, the axons of RGCs
are injured, resulting in progressive RGC degeneration. Whole mount retina IHC micrographs stained with an
antibody for the pan-RGC marker RBPMS show RGC loss after ONC, scale bar 50 μm. (Reprinted from Ref.
[10], Copyright (2019), with permission from Elsevier)



post-ONC. While our protocols were developed for ONC, they are
adaptable to study other perturbations such as models of glaucoma,
ischemic injury, or other degenerative conditions.
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The ONC model is especially valuable in identifying mediators
of axon regeneration. While ONC severs all RGC axons, the pre-
and post-lesion optic nerve sheath remains attached, thus leaving a
path for regenerating axons to follow. Untreated RGCs exhibit
little spontaneous axon regeneration after ONC, but they can be
efficiently targeted by adeno-associated virus serotype 2 (AAV2)
gene therapy to test the effects of candidate genes on survival and
axon regeneration [22]. Several interventions have been identified
that boost axon regeneration (Reviewed in [25–27]). Following
our scRNA-seq expression screen to identify genes that correlated
with resilience and susceptibility, we used AAV2-based approaches
to either overexpress putative “resilience” factors or remove “sus-
ceptibility” factors by CRISPR-mediated knockdown in RGCs
[10]. This identified both positive (Ucn, Timp2, Ndnf, Prph) and
negative (Crhbp, Mmp9, Mmp12) mediators of survival and axonal
regeneration, thereby demonstrating the utility of this approach.

1.3 RGC Purification

and scRNA-Seq

This chapter describes protocols for the dissociation and purifica-
tion of high-quality mouse RGCs for scRNA-seq profiling and
pre-processing of scRNA-seq data. Further computational
approaches for scRNA-seq analysis are described in a companion
chapter by Butrus et al. (Chap. 2) [20]. While our focus is mouse
RGCs, the protocols are compatible for collection of other classes
of retinal neurons. Since photoreceptors account for ~80% of all
retinal neurons [28], it is crucial to enrich for the specific popula-
tion of interest using approaches such as fluorescence-activated cell
sorting (FACS), magnetic cell sorting (MACS), or immuno-
panning. RGCs in this study were collected by FACS using a
combination of Thy1-CD90.2 antibody and Vglut2-ires-cre; Thy1-
stop-YFP Line#15 genetic labeling.

Our cell preparation and purification methods are compatible
with both droplet-based (e.g., Drop-seq [8], InDrops [29], 10x
Genomics (www.10xgenomics.com), etc.) and plate-based (e.g.,
Smart-seq2 [30]) scRNA-seq methods. The proper selection of
sequencing method is dependent on tissue complexity and desired
sequencing depth. Droplet-based approaches enable the profiling
of thousands of cells per experiment, but at relatively shallow
sequencing depth (target ~50,000 reads per cell). Plate-based
approaches like Smart-seq can provide much deeper sequencing
depth (target ~1 million reads per cell) but become prohibitively
costly and labor intensive for more than a few hundred cells. Since
our goal was to characterize expression profiles across the numer-
ous mouse RGC types, we chose droplet-based approaches (10x
Genomics). The resulting expression profiles were sufficiently
robust to identify cell types and characterize type-specific expres-
sion patterns.

http://www.10xgenomics.com
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2 Materials

2.1 Mouse Strains Mouse strains are listed below (see Notes 1 and 2).

1. C57BL/6J (JAX # 000664).

2. Vglut2-ires-cre (Slc17a6tm2(cre)Lowl/J [31], JAX stock
#016963).

3. Thy1-stop-YFP Line#15 (B6.Cg-Tg(Thy1-EYFP)15Jrs/J [32],
JAX stock #005630).

2.2 Perfusion and

Retina Dissection (See

Note 1)

1. Euthanasia solution: Prepare or purchase a 10× solution con-
taining 390 mg/mL pentobarbital sodium, 50 mg/mL phe-
nytoin sodium to 1× with sterile saline for a 39 mg/mL
pentobarbital sodium working solution. Dosage 100–200 mg
Euthanasia solution/kg mouse weight.

2. Perfusion pump (peristaltic, including silicone tubing).

3. Small vein infusion set (Butterfly).

4. Surgical scissors (1× fine 22 mm cutting edge, 1× spring scis-
sors 3 mm cutting edge).

5. Hartman Hemostat.

6. Forceps (one pair of straight Adson stainless steel, serrated
1.5 mm tip, two pairs of straight Dumont#5 fine forceps, one
pair of curved Dumont#5 fine forceps).

7. 1× PBS (phosphate-buffered saline in ddH2O), pH 7.4.

8. Disposable transfer pipets (0.8 mL capacity, sterile,
polyethylene).

9. Petri dishes (60/15 mm, sterile).

10. Dissecting stereomicroscope (0.63A, 10× ocular).

2.3 Single-Cell

Dissociation and RGC

Purification

General Note Clean all bench surfaces and instruments when pre-
paring solutions and use filtered tips. Particularly, the inside of the
cell culture hood should be cleaned with 70% EtOH beforehand.
Wear gloves at all times.

1. Ames’ medium powder (see Note 3).

2. Sodium bicarbonate.

3. ddH2O.

4. Bovine serum albumin (BSA).

5. 2N-10N NaOH, to adjust pH.

6. Bottle top filtration unit (0.2 PES size).

7. Ovomucoid, 150 mg.

8. DNase I (40,000 U).

9. L-cysteine (152.2 mM).
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10. Papain suspension, 100 mg.

11. Calcein blue, 1 mg/mL in DMSO.

12. Trypan blue, stock solution 0.4% (prepared in 0.81% sodium
chloride and 0.06% potassium phosphate).

13. 40 μm cell strainer.

14. Millex® Syringe Filter Units, sterile, 22 μm.

15. Compressed carbogen gas, oxidizing (5% carbon dioxide USP,
95% oxygen USP).

16. CD90.2 (Thy-1.2) Monoclonal Antibody (53-2.1), APC
(Thermo Fisher Scientific, #17-0902-81).

17. Bucket centrifuge capable of 450× g spin with 15 mL conical
tube inserts, refrigerated to 4 °C.

18. Inverted stereoscope (0.3A, 10× objective).

19. Apotome microscope with a differential interference contrast
(DIC) filter.

20. Hemacytometer (0.1 mm depth, V-slash loading side, 10 μL
loading volume).

21. 15 mL and 50 mL conical centrifuge tubes, polypropylene.

22. 1.7 mL microfuge tube, polypropylene.

23. 4.5 mL fluorescence-activated cell sorting (FACS) collection
tubes.

2.3.1 Stock Solutions for

Cell Dissociation and RGC

Purification

1. Ames’ medium: add 8.8 g Ames’ medium powder and 1.9 g of
sodium bicarbonate to 800 mL of ddH2O. Stir until fully
dissolved and fill up to 1 L with ddH2O. Filter sterilize through
bottle top filtration unit (Subheading 2.3, item 6) and store at
4 °C (see Note 4).

2. 4% bovine serum albumin (BSA) stock solution: add 1.8 g BSA
to 45 mL Ames’ medium, and mix to dissolve completely.
Adjust pH to ~7.4 with 2N-10N NaOH. Prepare 1 mL
aliquots.

3. 10× ovomucoid stock solution (LO): 150 mg BSA, 150 mg
ovomucoid , 10 mL Ames’ medium, vortex to dissolve. Adjust
pH to ~7.4 with 2N NaOH. Prepare 1 mL aliquots.

4. DNase I stock solution: 40,000 units DNase I, 3 mL Ames’
medium, vortex to mix. Prepare 50 μL aliquots.

5. L-cysteine (152.2 mM) stock solution: 24 mg L-cysteine,
anhydrous, 1 mL ddH2O. Prepare 50 μL aliquots.

2.3.2 Working Solutions

for Cell Dissociation and

RGC Purification

General Note Prepare all working solutions fresh on day of use.

1. Prepare oxygenated Ames’ medium: Bring ~150 mL filter-
sterilized Ames’ medium to room temperature. Oxygenate by
bubbling with carbogen for at least 15 min (see Note 5).
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2. Prepare Ames’, BSA solution: 27 mL oxygenated Ames’
medium, 3 mL 4% BSA stock solution, 3 μL DNase I stock
solution.

3. Prepare 1× LO: 1 mL 10× ovomucoid stock solution (LO),
9 mL oxygenated Ames’ medium, 50 μL DNase I stock
solution.

4. Prepare papain solution: 5 mL oxygenated Ames’ medium,
70 μL papain, 50 μL DNase I stock solution. Pass through a
syringe filter. Add 50 μL L-cysteine stock solution. Activate at
37 °C for at least 15 min.

1. 1× PBS (phosphate-buffered saline in ddH2O), pH 7.4.

2. Triton X-100, dilute to 10% using 1× PBS .

3. Normal donkey serum.

4. Guinea pig polyclonal anti-RBPMS (PhosphoSolutions,
#1832-RBPMS).

5. Chicken polyclonal anti-GFP (Abcam, #ab13970).

6. AffiniPure Donkey Anti-guinea pig and Anti-chicken IgG sec-
ondary antibodies conjugated to various fluorophores (see
Note 6).

7. Poly-L-ornithine 0.01%, diluted in molecular grade H2O.

8. 32% paraformaldehyde, aqueous solution, methanol-free,
sealed in 10 mL ampoules.

9. 8-well chamber slide w/removable wells.

10. Slide mounting medium containing DAPI.

11. 22 × 40 mm glass coverslip, thickness 0.13–0.17 mm.

12. Incubator, temperature set to 62–65 °C.

13. Cell culture incubator with 5% CO2 saturation, set to 37 °C.

14. Confocal or fluorescent microscope (see Note 7).

2.4.1 Working Solutions

for IHC

1. Blocking Solution: Add 2.5 mL of rehydrated 100% normal
donkey serum, 900 μL of 10% Triton X-100, and 26.6 mL 1×
PBS (see Note 8).

2. 4% Paraformaldehyde: Add 70 mL of 1× PBS to an autoclaved
flask, crack open a sealed 10 mL 32% paraformaldehyde
(methanol-free) ampoule, add paraformaldehyde to flask,
and mix.

2.5 FACS and QC 1. Fluorescence-activated cell sorter (see Note 9).

2. ImageJ (Fiji) (https://imagej.net/Fiji).

3. Cell ranger (go.10xgenomics.com/scRNA-3/cell-ranger).

https://imagej.net/Fiji
http://go.10xgenomics.com/scRNA-3/cell-ranger
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3 Methods

General Note The following protocol describes retinal single-cell
dissociation, RGC enrichment, and preparation of cells for scRNA-
seq. scRNA-seq barcoding and library preparation will vary by
method and are not described in this chapter. Experimental exam-
ples in this chapter were performed on control RGCs from adult
Vglut2-Cre; Thy1-stop-YFP Line#15mice for scRNA-seq. For post-
injury collections, the number of retinas may need to be increased
to account for RGC loss due to injury. Enzymatic dissociation
should be limited to ~8 retinas per sample to ensure efficient
digestion.

3.1 RGC Single-Cell

Dissociation for

scRNA-Seq

1. Euthanize ~3–4×mice by intraperitoneal injection of Euthana-
sia solution or lethal overdose of another approved anesthetic.
Confirm deep anesthesia by lack of toe pinch response and
transcardially perfuse with ~10 mL 1× PBS until the liver is
cleared of blood and draining liquid shows no more blood
residues.

2. Enucleate eyes using a curved #5 forceps and place immediately
into the oxygenated Ames’ medium (see Note 10).

3. Dissect out 6–8× retinas in retinas in oxygenated Ames’
medium under a stereomicroscope (see Note 11). Transfer
dissected retinas to a separate dish with oxygenated Ames’
medium.

4. Once all retinas are dissected, use a transfer pipet to place
retinas into papain solution in a 15 mL conical centrifuge
tube, transferring as little oxygenated Ames’ medium as possi-
ble. Incubate for ~5 min at 37 °C, flick the tube to swirl retinas,
and then incubate for an additional ~5 min at 37 °C (Fig. 3a).

5. Remove papain solution, being careful not to disturb retinas,
and replace with 2 mL 1× LO solution to stop the enzymatic
reaction.

6. Triturate retinal cells plus LO ~10× with a P1000 pipette
(Fig. 3b).

7. Let clumps settle for 1–2 min, and transfer 1 mL to a new
50 mL conical centrifuge tube, passing solution through a
40 μm cell strainer.

8. Add 1 mL 1× LO solution to the remaining 1 mL containing
cell solution, and triturate ~5–10× with a P1000 pipette.

9. Repeat steps 7 and 8 until retinal cells plus LO solution appears
clear (~4 cycles). Pass remaining 1× LO solution through the
40 μm cell strainer to wash off remaining cells (Fig. 3c).

10. Centrifuge cells at 450 g at 4 °C for 8 min.
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Fig. 3 Retinal cell dissociation. (a) Following enzymatic digestion with papain, retinas will still appear “whole.”
(b) Retinal cells from (a) following gentle trituration. (c) Retinal cells after LO exchange and filtration; cells
should be fully homogenized and no visible clumping present. (d) Dissociated retinal cells counterstained with
Trypan blue; viable cells will be Trypan blue negative and should generally appear round and vary in size.
Some cells will still have attached processes (bottom left cell). Cells were pipetted onto a slide, coverslipped,
and imaged on an Apotome microscope, scale bar 100 μm

11. Remove supernatant and resuspend cells in ~300–500 μL
Ames’, BSA solution, depending on the initial number of
retinas.

12. Use ~4 μL cells diluted 100× in oxygenated Ames’ medium to
count cells using a hemocytometer. Counterstaining with Try-
pan blue can be used to assess viability; dilute Trypan blue stock
solution 1:10 into cell mixture before loading onto hemacy-
tometer. At this stage, retinal cells should be fully dissociated.
Cells will vary in size and most should appear rounded, but
some cells will still have attached dendritic or axonal processes
(Fig. 3d). The expected yield per retina is approximately five
million cells.

13. Dilute cells to 107 cells/100 μL and mix gently using a 200 μl
pipette tip. Add 0.5 μL APC-CD90.2 antibody/107 cells, mix
gently by pipetting, and incubate at RT for 15 min (see
Note 12).

14. Add 6 mL Ames’, BSA solution and centrifuge cells at 450×
g at 4 °C for 8 min.

15. Remove supernatant and resuspend cells in Ames’, BSA solu-
tion (~7×106 cells/1 mL Ames’, BSA solution).

16. Transfer to 4.5 mL FACS collection tubes by running through
a 40 μm cell strainer, add 1 μL Calcein blue/1mL cell solution,
and invert tube to mix.

3.2 FACS 1. Mix cells by vortexing gently.

2. Place the tube onto the FACS machine (see Note 9).

3. Place a 1.5 mL microfuge tube containing 150 μL of oxyge-
nated Ames’ medium into the collection slot.
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Fig. 4 Example FACS gating for RGC purification. Gates are set to meet the following criteria: (a) side scatter
(SSC-height) and forward scatter (FSC-height) to select cells from debris; (b) SSC-height and SSC-width to
select “singlet” cells; (c) Calcein “high” population to select viable cells; (d) RGCs are identified as “large”
CD90.2-positive cells; (e) RGCs labeled in the Vglut2-Cre reporter line are CD90.2+, YFP+. Gating on A, B, C,
and E yielded>95% RGCs. If not using the Vglut2-Cre line, gating on A, B, C, and D will yield ~60–70% RGCs

4. Set a FACS gate based on the SSC-height and FSC1-height to
identify cells (Fig. 4a).

5. Set a FACS gate based on the SSC-height and SSC-width to
identify single cells or “singlets” (Fig. 4b).

6. Set a FACS gate based on the FSC1-height and Calcein blue
intensity (405–448/59-height) to select for viable cells (Cal-
cein blue high) (Fig. 4c).

7. Set a FACS gate based on FSC1-height and APC (CD90-
height) to select for large CD90+ cells (Fig. 4d).

8. Set a FACS gate based on Yfp-height and APC (CD90-height)
to select for Yfp+, CD90+ cells (Fig. 4e).

9. Sort by positive selection using the gates set in steps 4–8 at a
rate of ~2000–5000 events per second, maintaining an effi-
ciency of >80%.

10. Continue sorting through the entire sample before proceeding
to either Subheading 3.3 or 3.4 (see Note 13).
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3.3 Validation of

Enrichment (See Note

14)

1. Prior to immunostaining, coat an 8-well chamber slide by
adding 250 μL/well of 1:200 poly-L-ornithine in molecular
grade H2O. Dry the slide completely by evaporation in a
62–65 °C incubator (takes ~3 h).

2. Following FACS, spin cells at 450× g at 4 °C for 8 min.

3. Resuspend in 50 μl oxygenated Ames’ medium, pipetting up
and down to dissolve the pellet.

4. Plate ~10,000 cells per well and incubate at 37 °C in a cell
culture CO2 incubator for 1.5 h to allow cells to settle.

5. Carefully pipet off the medium and fix with 200 μL/well of 4%
paraformaldehyde in 1× PBS for 20 min at room temperature.

6. Wash twice with 300 μL/well 1× PBS for 5 min at room
temperature.

7. Add 300 μL of protein blocking solution and incubate for
45 min at room temperature.

8. Incubate with primary antibodies diluted in 300 μL blocking
solution (gp ɑRBPMS 1:1500 dilution, ch ɑGFP 1:1000 dilu-
tion) overnight at 4 °C.

9. Wash twice with 300 μL/well 1× PBS for 5 min at room
temperature.

10. Incubate with secondary antibodies diluted 1:1000 in 1× PBS
for 2 h at room temperature (see Note 15).

11. Wash twice with 300 μL/well 1× PBS for 5 min at room
temperature.

12. Add 50–100 μL DAPI Fluoromount-G and coverslip.

13. Image slide by light or confocal microscopy (Fig. 5).

3.4 Single-Cell

Sequencing Library

Preparation

1. Following FACS, spin cells at 450× g at 4 °C for 8 min.

2. Remove medium and resuspend in ~10–20 μL of 1× PBS,
0.04% BSA by carefully triturating ~15–20× (see Note 16).

3. Dilute 1 μL of resuspension in 9 μL H2O and count cells on a
hemacytometer. Cells should appear as single isolated cells. If
clumping is observed, additional trituration of the resuspen-
sion is required.

4. Adjust volume to 1000 cells/μL.
5. Proceed to single-cell mRNA barcoding and sequencing library

preparation (see Notes 17 and 18).

6. Sequence scRNA-seq libraries on an appropriate next-
generation platform (see Notes 19 and 20).
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Fig. 5 Validation of RGC enrichment by ICC. (a–d) Staining of all retinal cells (not enriched) collected by FACS
with YFP and the RGC-specific marker RBPMS, counterstained with DAPI. <1% of cells are positive for YFP
and RBPMS. (e–h) Staining of cells post-RGC enrichment; >95% of cells are double-positive for YFP and
RBPMS. Scale bar 50 μm

4 Notes

1. All animal experiments require prior approval by the Institu-
tional Animal Care and Use Committees (IACUC). Each
mouse must be euthanized using methods in accordance with
the lab’s approved IACUC protocol. Experiments performed
in this chapter were approved by the IACUC at Harvard Uni-
versity and Children’s Hospital, Boston. All experiments were
carried out on mice 6–10 weeks including both males and
females.

2. In the retina, Vglut2-ires-cre specifically expresses Cre recom-
binase in RGCs. Thy1-stop-YFP Line#15 is a Cre-dependent
conditional line, but when mated to Vglut2-ires-cre, Yfp is
robustly expressed in RGCs.

3. The formulation of Ames’ mediummay differ by manufacturer.
We recommend using Ames’ medium powder from Sigma
(Cat. #A1420). The specific formulation of this medium is as
follows (all components in g/L): CaCl2•2H2O 0.169, MgSO4
0.1488, KCl 0.231, KH2PO4 (anhyd) 0.068, NaCl 7.01,
L-alanine 0.0024, L-arginine•HCl 0.00421, L-asparagine
(anhyd) 0.00084, L-aspartic acid 0.00012, L-cystine•2HCl
0.000065, L-glutamine 0.073, L-glutamic acid•Na
0.001183, glycine 0.00045, L-histidine•HCl•H2O 0.002513,
L-isoleucine 0.00058, L-leucine 0.00144, lysine•HCl
0.003648, L-methionine 0.00039, L-phenylalanine 0.00132,
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L-proline 0.00007, L-serine 0.00252, taurine 0.00075,
L-threonine 0.00333, L-tryptophan 0.00049, L-tyrosine•2-
Na•2H2O 0.00211, L-valine 0.00176, ascorbic acid•Na
0.01796, D-biotin 0.0001, choline chloride 0.0007, folic
acid 0.0001, myoinositol 0.0272, niacinamide 0.0001,
D-pantothenic acid•½Ca 0.0001, pyridoxal•HCl 0.0001, ribo-
flavin 0.00001, thiamine•HCl 0.0001, cytidine 0.00073,
D-glucose 1.081, hypoxanthine 0.00082, pyruvic acid•Na
0.01333, thymidine 0.00024, uridine 0.00073, sodium bicar-
bonate 1.9 (add separately)

4. Prepared Ames’ medium should be stored at 4 °C and used
within 1 week. All stock solutions prepared in Subheading
2.3.1 are using Ames’ medium and are then filtered through
a sterile Millex® Syringe Filter Unit, aliquoted, and frozen at -
20 °C until use.

5. Oxygenate Ames’ medium prior to preparing working solu-
tions of Ames’, BSA solution, 1×LO solution, and papain
solution. On the collection day, oxygenate with carbogen (5%
carbon dioxide USP, 95% oxygen USP) by attaching a polyeth-
ylene tube to a compressed gas tank or other supply and
securing a sterile 1 mL pipette tip to the tube ending. Insert
tip into the bottle containing Ames’ medium, turn on the gas
supply to ~500–800 PSI, and bubble for at least 15min. Proper
oxygenation is critical for buffering of cells. We found that
oxygenation prior to single-cell dissociation was sufficient to
reach the desired pH of 7.4 and reoxygenation was not
required. Choosing the appropriate medium is a critical step
in protocol optimization. Media are cell type and species-
dependent and Ames’ medium may not be suitable for
non-mouse retinal cells.

6. While various fluorophore conjugates can be used interchange-
ably, we recommend using a chicken Alexa 488 for detecting
anti-Gfp, and either guinea pig Cy3 or Cy5 anti-RBPMS.
Select fluorophores that are compatible with your imaging
setup.

7. Slides can be imaged with most standard confocal or fluores-
cent microscope setups. Users should ensure that the lasers
and/or fluorescent filters are compatible with the IHC fluor-
ophores. For these experiments, we used a Zeiss 710 and an
Olympus FVA with a 20× objective and 405, 488, 568, and
633 lasers.

8. Protein blocking solution can be stored at 4 °C and used for
several weeks.

9. For the experiments performed in this chapter, a MoFlo Astrios
cell sorter was used; the protocol may need to be optimized for
usage on other FACS systems. To execute the sorting as
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described, a FACS system with spatially separated lasers that are
405, 488, and 640 nm wavelengths is required. We recom-
mend using a sorting nozzle size of ~100 μm.

10. An optional protocol modification is to add actinomycin D
(Millipore Sigma) to suppress novel transcription during cell
preparations. Actinomycin D has been shown to reduce the
expression of immediate early gene expression (IEG) in
scRNA-seq experiments [33, 34]. We found that the addition
of 30 μM actinomycin D to solutions in steps 1–4 and 3 μM to
the FACS resuspension buffer 3.1.2 did indeed suppress IEG
expression but did not affect clustering or cell assignment [10].

11. Use surgical scissors to remove the cornea and use a curved #5
forceps to remove the lens, separate the retina from the sclera
using a straight #5 forceps, cut the sclera along the anterior–
posterior axis to the optic nerve head, and peel off the sclera
from the retina. Take care to remove vitreous fluid #5 forceps,
which will appear as a clear sticky and stringy substance on the
inner surface of the retina. Also use a #5 forceps to remove as
much of the retinal pigmented epithelium as possible; this
pigmented layer will be attached to the outer surface of the
retina. Failure to remove the vitreous fluid or retinal pigmented
epithelium may cause cells to clump during the dissociation.

12. Required antibody concentrations will vary by target. It is
recommended to perform an antibody titration series when
optimizing the protocol.

13. The gated population is expected to account for ~0.3% of
overall events. The typical FACS yield from 6× control retinas
collected over ~1–2 h is approximately 20,000–40,000 cells.
Yields and collection times will vary in post-ONC collections.
After ONC, there is an increased presence of immune/glial
cells, some of which may become CD90.2 positive. These cells,
however, do not express Vglut2-Cre reporter GFP – an advan-
tage when using a reporter line in addition to CD90.2 labeling.
They can also be detected during FACS using an antibody
against CD45.

14. Confirming enrichment of the target population is an impor-
tant step to ensuring the efficiency and success of any scRNA-
seq experiment. This is especially true when working with
low-frequency populations like RGCs, which comprise <1%
of total retinal cells. RGC enrichment with this protocol
(Vglut2-cre reporter line and CD90.2 staining) should yield
>95% purity, whereas CD90.2 staining alone yields ~60–70%
RGCs. Enrichment can be confirmed by immunocytochemis-
try on sorted cells using antibodies against GFP and the
RGC-specific marker RBPMS. Due to the low yield of RGCs,
we recommend performing separate experiments for enrich-
ment validations and scRNA-seq collections.
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15. Keep protected from light by wrapping the slide in aluminum
foil or placing in a drawer.

16. The cell pellet will likely not be visible after spin down, so it is
important to note the orientation of the tube during centrifu-
gation. Approximately 40–50% of cells are lost between the
post-FACS and resuspension steps. The resuspension volume
should be adjusted to ensure ≥1000 cells/μL concentration,
e.g., for a FACS output of 20,000 cells, resuspend in a volume
of 10 μL or less. Additionally, since cells are resuspended in 1×
PBS, 0.04% BSA instead of medium, it is critical to minimize
the timing of steps 2–5.

17. scRNA-seq library preparation is not described in this chapter
and will differ by platform. User should refer to manufacturer
protocols for further instruction (e.g., in this case, 10x Geno-
mics, https://support.10xgenomics.com/single-cell-gene-
expression/library-prep/doc/user-guide-chromium-single-
cell-3-reagent-kits-user-guide-v3-chemistry). Additional
equipment and reagents will be required.

18. In Tran et al. [10], scRNA-seq libraries were sequenced on
Illumina HiSeq 2500 and Nextseq 500 platforms. The
sequencing platform and target read total should be calculated
based on the number of libraries and desired sequencing depth.
We recommend ~50,000 reads/cell for RGC scRNA-seq
libraries prepared on the 10x Genomics platform. Optimal
sequencing depth will vary by target cell type and scRNA-seq
library preparation method.

19. Further instructions on the usage of the Cell Ranger software
are laid out on the manufacturer’s website (https://support.10
xgenomics.com/single-cell-gene-expression/software/
pipelines/latest/what-is-cell-ranger).

20. To pre-process scRNA-seq data using the Cell Ranger (version
2.1.0, 10X Genomics), use the functions “mkfastq” and
“count” to demultiplex scRNA-seq data and align sequencing
reads to the appropriate reference genome (e.g., GRCm38 or
current version). The output is a gene expression matrix for
each library. The Cell Ranger count function has an output file
showing basic quality of the data, including total number of
reads sequenced, number of reads sequenced per cell, and
sequencing saturation; those are useful measures in controlling
the depth of the sequencing data. A similar sequencing depth is
favorable for data in the same project. Other measures, such as
number of reads in cells vs. background and number of genes
and transcripts detected per cell, were used for initial cell
quality control, but the values could vary depending on Cell
Ranger parameters, the cell types captured, and the sequencing
methods used. An example Cell Ranger QC report is provided

https://support.10xgenomics.com/single-cell-gene-expression/library-prep/doc/user-guide-chromium-single-cell-3-reagent-kits-user-guide-v3-chemistry
https://support.10xgenomics.com/single-cell-gene-expression/library-prep/doc/user-guide-chromium-single-cell-3-reagent-kits-user-guide-v3-chemistry
https://support.10xgenomics.com/single-cell-gene-expression/library-prep/doc/user-guide-chromium-single-cell-3-reagent-kits-user-guide-v3-chemistry
https://support.10xgenomics.com/single-cell-gene-expression/software/pipelines/latest/what-is-cell-ranger
https://support.10xgenomics.com/single-cell-gene-expression/software/pipelines/latest/what-is-cell-ranger
https://support.10xgenomics.com/single-cell-gene-expression/software/pipelines/latest/what-is-cell-ranger
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Fig. 6 An example Cell Ranger QC report from a control RGC collection. (a) Graph showing the unique
molecular identifier (UMI) counts per barcode. Barcoded cells (green) can be distinguished from background
(gray) based on a minimum UMI count threshold. For this graph, the estimated number of cells was set to 8000
using the “-forcecells 8000” command based on visual inspection of the graph’s curve. This example is for
demonstration purposes only and is not representative of every collection. (b) Representative summary
statistic ranges from RGC scRNA-seq collections in Tran et al. [10]. Results will vary based on cell type,
input cell number, sequencing depth, scRNA-seq library preparation method, etc

in Fig. 6 for demonstration purposes. In Tran et al. [10], a
minimum filter of 800 genes/cell was set to remove
low-quality cells. For some further information on quality
control “best practices,” refer to Hwang et al., Chen et al.,
and Villani and Shekhar [35–37].
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Chapter 2

Defining Selective Neuronal Resilience and Identifying
Targets of Neuroprotection and Axon Regeneration Using
Single-Cell RNA Sequencing: Computational Approaches

Salwan Butrus, Srikant Sagireddy, Wenjun Yan, and Karthik Shekhar

Abstract

We describe a computational workflow to analyze single-cell RNA-sequencing (scRNA-seq) profiles of
axotomized retinal ganglion cells (RGCs) in mice. Our goal is to identify differences in the dynamics of
survival among 46 molecularly defined RGC types together with molecular signatures that correlate with
these differences. The data consists of scRNA-seq profiles of RGCs collected at six time points following
optic nerve crush (ONC) (see companion chapter by Jacobi and Tran). We use a supervised classification-
based approach to map injured RGCs to type identities and quantify type-specific differences in survival at
2 weeks post crush. As injury-related changes in gene expression confound the inference of type identity in
surviving cells, the approach deconvolves type-specific gene signatures from injury responses by using an
iterative strategy that leverages measurements along the time course. We use these classifications to compare
expression differences between resilient and susceptible subpopulations, identifying potential mediators of
resilience. The conceptual framework underlying the method is sufficiently general for analysis of selective
vulnerability in other neuronal systems.

Key words Retinal ganglion cells, Optic nerve crush, Single-cell RNA-sequencing, Machine learning,
Supervised classification

1 Introduction

A major hallmark of the mammalian central nervous system is that
certain populations of neurons exhibit far greater vulnerability to
insults than others. The mechanisms underlying this selective neu-
ronal vulnerability in the context of acute (e.g., traumatic injury) or
chronic (e.g., neurodegenerative disease) have been difficult to
dissect, but recent advances in scRNA-seq make it possible to
compare patterns of gene expression among closely related neuro-
nal types that differ in vulnerability.

Ava J. Udvadia and James B. Antczak (eds.), Axon Regeneration: Methods and Protocols,
Methods in Molecular Biology, vol. 2636, https://doi.org/10.1007/978-1-0716-3012-9_2,
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We recently explored this strategy in the context of axotomy by
analyzing the responses of mouse retinal ganglion cells (RGCs) to
optic nerve crush (ONC) [1], a well-studied model of traumatic
injury [2]. RGCs are a diverse class of projection neurons, with
their diversity in mice comprising >40 discrete types, each with
distinct morphological, physiological, and molecular features
[3]. Using high-throughput scRNA-seq [4], we derived an atlas
of 46 molecularly distinct RGC types, a number that is consistent
with inventories based on physiology [5] and morphology
[6]. Many of these 46 types could be linked 1:1 to previously
defined types based on existing molecular knowledge or new histo-
logical validation.

Following ONC, ~85% of RGCs die within 2 weeks, and those
that survive don’t regenerate axons. To determine if specific types
are lost at the same or different rates, we profiled RGCs using
scRNA-seq from injured retinas at 0, 0.5, 1, 2, 4, 7, and 14 days
post crush (dpc) [1]. The companion chapter (please see Chap. 1 of
this volume) details the experimental methods to profile RGCs
using scRNA-seq.

In this chapter, we describe the computational framework
introduced in [1] to analyze transcriptomic profiles of injured
RGCs over the aforementioned time course aiming to assess type-
specific differences in survival and identify gene signatures that
correlate with, and may underlie, these differences. Following
injury, extensive gene expression changes in RGCs make the infer-
ence of type identity challenging. To address this, we devised an
iterative supervised classification approach that leverages data from
RGCs collected at the intermediate time points. In this approach,
transcriptomic signatures of RGC types are successively redefined at
each time point to map the cells at the next time point. The
underlying method, called iterative-GraphBoost (iGraphBoost),
combines a two-step procedure involving gradient boosted trees
[7] (step 1) and a graph-based voting scheme (step 2). This
dramatically increases cell type mapping efficiency at later time
points and allows us to deconvolve gradual injury-related “state”
changes from intrinsic type-specific gene expression programs.

Beginning with an atlas of classified mouse RGCs, we describe a
step-by-step workflow to map injured RGCs collected along a time
course to the atlas based on their transcriptomic profiles. We quan-
tify the survival dynamics of individual types, identifying resilient
and susceptible groups. We then analyze gene expression patterns
that correlate with resilience, identifying candidates whose over-
expression or knockdown in vivo promotes survival and regenera-
tion across RGCs.
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2 Materials

We use the Python programming language (version 3.7.4). The
source code, together with a Jupyter notebook that reproduces the
analysis presented in this chapter, is available in a GitHub repository
at https://github.com/shekharlab/mimb_onc_rgc.

2.1 Python Packages The following Python packages are required and installation
instructions are available in the links:

1. Scanpy [8]: a scalable toolkit for single-cell gene expression
analysis in Python (https://scanpy.readthedocs.io/en/stable/).

2. Harmony [9]: an approach that combines clustering and linear
mixture models for single-cell data integration (https://pypi.
org/project/harmony-pytorch/0.1.6/).

3. XGBoost [7]: a highly effective supervised classification algo-
rithm that combines ensembles of decision trees using gradient
boosting (https://xgboost.readthedocs.io/en/latest/build.
html).

4. Python packages seaborn, sklearn, scipy, numpy, and
matplotlib (see Note 1) should be included in standard
distributions such as Anaconda (www.anaconda.com) or Mini-
conda (https://docs.conda.io/en/latest/miniconda.html).

2.2 scRNA-seq

Datasets

scRNA-seq data are read as sparse matrices of gene expression
counts and converted to AnnData (Annotated Data) objects
using a standard workflow in Scanpy. AnnData is a Python class
to store and manage annotated data matrices originally introduced
in Ref. [8]. Objects of the AnnData class are saved on disk in array
formats like HDF5 [10] and allow for memory efficient storage and
access to large-scale datasets that are increasingly common in
scRNA-seq. We use two RGC datasets, both introduced in Ref. [1]:

1. A transcriptomic atlas of uninjured adult RGCs (n = 35,699)
with each cell identified as a member of one among 45 molecu-
larly defined groups (see Note 2). The details underlying data
processing, clustering, annotation, and validation are described
in [1] and are not covered here.

2. RGCs collected at seven time points following ONC. The time
points include 0, 0.5, 1, 2, 4, 7, and 14 days post crush (dpc).
Note that the 0dpc dataset serves as an internal negative con-
trol to validate the robustness of the inferred transcriptomic
signatures in comparison to the atlas [1]. 8456–13,619 RGCs
were collected at each of these time points toward a total of
76,646 injured RGCs. Using the atlas as a foundation, we seek
to assign type identities to these injured RGCs.

Both datasets are available on the chapter’s GitHub page.

https://github.com/shekharlab/mimb_onc_rgc
https://scanpy.readthedocs.io/en/stable/
https://pypi.org/project/harmony-pytorch/0.1.6/
https://pypi.org/project/harmony-pytorch/0.1.6/
https://xgboost.readthedocs.io/en/latest/build.html
https://xgboost.readthedocs.io/en/latest/build.html
http://www.anaconda.com
https://docs.conda.io/en/latest/miniconda.html


Next, we create an AnnData object for the adult RGC atlas,
reading in sparse matrices of raw transcript counts and
log-normalized expression values (see Note 3). We also read in
and store metadata corresponding to type identities and experi-
mental batch identifiers as reported in [ ].1

each cell
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3 Methods

We now provide a step-by-step implementation of iGraphBoost.
The original analysis in Ref. [1] was performed in the R program-
ming language. Here we reimplement the same in Python using the
Scanpy package [8].

3.1 Initializing

iGraphBoost with the

Adult RGC Atlas

We begin by initializing the Jupyter notebook with the necessary
packages.

#import general packages
from time import time
import matplotlib.pyplot as plt
import numpy as np
import scanpy as sc
import pandas as pd
from harmony import harmonize
from anndata import AnnData
import anndata
import seaborn as sns
from sklearn.utils import shuffle
import scipy as sp
import matplotlib as mpl
from matplotlib import gridspec
import xgboost as xgb
from sklearn.metrics import confusion_matrix
from random import choices
from typing import Union, Optional, Tuple, Collection, Sequence, 
Iterable
from scipy.sparse import issparse, isspmatrix_csr, csr_matrix, 
spmatrix

#Read gene expression matrix, cell and gene names corresponding to
row and column identifiers, respectively
adata = sc.read_mtx('atlas.mtx')
atlas_raw = sc.read_mtx('atlas_raw.mtx')

adata = adata.transpose()
adata.layers['raw'] = atlas_raw.X

adata.var_names = pd.read_csv('atlas_vars.csv')['x'].values
adata.obs_names = pd.read_csv('atlas_obs.csv')['x'].values

#Store the type identity and the batch identifier corresponding to
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adata.obs['Type'] =
pd.Series(pd.read_csv('atlas_type.csv')['x'].values, 
dtype='category').values
adata.obs['Batch'] =
pd.Series(pd.read_csv('atlas_batch.csv')['x'].values, 
dtype='category').values

To visualize the transcriptomic atlas, we perform dimensional-
ity reduction and nonlinear manifold embedding in four steps.
First, we identify highly variable genes (HVGs) in the data using
the Poisson–Gamma mixture framework [11]. Second, we use
these HVGs as features to perform a principal component analysis
(PCA), projecting the data onto a lower dimensional subspace
whose axes, the so-called principal components (PCs), are linear
combinations of the chosen HVGs. The PCs are composite features
chosen to maximize the projected variance of the data [12]. Third,
to correct for batch effects across biological replicates in the PC
space, we use Harmony, an approach that combines maximum
diversity clustering and linear mixture models [9]. Fourth, we use
UniformManifold Approximation and Projection (UMAP) [13] to
build a k-nearest neighbor graph in PC space and embed the cells
on a 2D projection (see Fig. 1a, b). Finally, we visualize the individ-
ual genes or combinations of genes identified in Ref. [1] that
specifically labeled each type (see Fig. 1c).

#identify HVGs
from iGraphBoost import meanCVfit
adata.var['highly_variable'] = meanCVfit(adata)

#z-scoring and PCA
adata.raw = adata #store unscaled data for plotting
sc.pp.scale(adata, max_value=10) #scale
sc.tl.pca(adata, svd_solver='arpack') #run PCA

#batch correction using Harmony and visualization using UMAP
Z = harmonize(adata.obsm['X_pca'], adata.obs, batch_key = 'Batch')
adata.obsm['X_harmony'] = Z
sc.pp.neighbors(adata, n_neighbors=25, use_rep='X_harmony')
sc.tl.umap(adata)

With the RGC atlas initialized, we now read in the injured RGC
dataset.
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Fig. 1 Adult RGC atlas. (a) Transcriptomic diversity of adult RGCs visualized in 2D using UMAP [13]. Each point
corresponds to a single RGC, and distance between two cells on the 2D map correlates inversely with their
transcriptomic similarity. Colors correspond to RGC types as in the original publication [1]. (b) Same as panel
a, with cells colored by batch identifier. Each batch corresponds to a biological replicate. (c) Dotplot of markers
or marker combinations (rows) that uniquely label each of the 45 RGC types (columns). In case of single
markers, the size of the circle indicates the percentage of cells expressing the marker, while the color
indicates the average normalized expression. Two- or three-marker codes involve the presence of a marker A,
and the presence (e.g., A+B+ or A+B+C+) or absence (e.g., A+B-, or A+B-C+) of markers B and C. In such
cases, the size of the circle indicates the percentage of cells satisfying the expression pattern, and the color
depicts the average transcript count of positive markers in the cells, normalized to 1 for each combination
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3.2 Read in Injured

RGCs as AnnData

Objects

The ONC dataset consists of six time points following crush (0.5,
1, 2, 4, 7, and 14dpc) along with a separate control time point
(0dpc), expected to resemble the atlas (see Fig. 2a). We begin by
reading in sparse matrices of raw counts and normalized expression
values, each containing all seven ONC time points. The normalized
expression values are used for all subsequent analyses except for the
feature selection procedure in the function meanCVfit, where the
raw counts are used. Details on why raw counts are required can be
found in Ref. [11] (see Note 3).

adata = sc.read_mtx(onc_path+'onc.mtx')
adata_raw = sc.read_mtx(onc_path+'onc_raw.mtx')
adata.layers['raw'] = adata_raw.X
adata.var_names = pd.read_csv(onc_path + 'onc_vars.csv')['x'].values
adata.obs_names = pd.read_csv(onc_path + 'onc_obs.csv')['x'].values

adata.obs['Time'] = pd.Series(pd.read_csv(onc_path +
'onc_time.csv')['x'].values, dtype='category').values
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Fig. 2 iGraphBoost overview. (a) scRNA-seq was performed on RGCs collected before and at six times
following ONC. 8456–13,619 RGCs were collected at each time point (Adapted from Ref. [1]). (b) Illustration of
a single step of the iGraphBoost procedure to classify RGCs collected at time tn + 1 based on an atlas of RGC
types at the previous time point tn (Adapted from Ref. [1]). (c) Scatter plot of relative frequencies (log–log
scale) of each of the 45 types in the atlas (x-axis) and 0dpc (y-axis) datasets. (d) Marker dotplot (same as
Fig. 1c) in 0dpc RGC types, showing consistency with atlas. ((a) and (b) are reproduced with permission from
Ref. [1])



We then isolate each time point from adata and create
AnnData objects for each time point as shown below for control
(0dpc) RGCs, keeping track of experimental batch.
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ctrl = adata[adata.obs.Time=='Ctrl',:]

#identify and store batch identities
ctrl_batch = []
for i in range(ctrl.shape[0]):

item = ctrl.obs.index[i].split('_')[0]

if (item in ['CtC57CD45CD90P1', 'CtC57CD45CD90P2', 
'CtC57CD45CD90R1']):

ctrl_batch.append('CtC57CD45CD90')
else: ctrl_batch.append(item)

ctrl.obs['Batch'] =
pd.Categorical(ctrl_batch).rename_categories(['Batch1', 'Batch2', 
'Batch3', 'Batch4'])

#process in the same way as atlas
ctrl = pre_step1(ctrl)
ctrl.write_h5ad('CtrlONC.h5ad')

Here, ctrl represents the AnnData object for 0dpc RGCs. We
repeat this procedure for the data at each of the crush time points to
create six objects—twelveHr (0.5dpc), oneday (1dpc), twoday
(2dpc), fourday (4dpc), oneweek (7dpc), and twoweek (14dpc).
The code for twelveHr is shown below, and the code for the other
objects, which follow the same template, can be found in the
Jupyter notebook in the GitHub repository.

twelveHr = adata[adata.obs.Time=='12h',:]

twelveHr_batch = []
for i in range(twelveHr.shape[0]):

item = twelveHr.obs.index[i].split('_')[0]
twelveHr_batch.append(item)

twelveHr.obs['Batch'] = pd.Categorical(twelveHr_batch).rename_catego
ries(['Batch1', 'Batch2', 'Batch3', 'Batch4'])

twelveHr = pre_step1(twelveHr)

twelveHr.write_h5ad('twelve_hrONC.h5ad')
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3.3 iGraphBoost

Overview and

Classification of 0dpc

We now implement the iGraphBoost procedure, beginning by
importing custom scripts.

#import iGraphBoost functions: available on chapter’s GitHub
repository
from iGraphBoost import *

Briefly, suppose that we have collected injured RGCs at n time
points (t1 < t2 < . . . < tn) post injury, and we wish to assign type
identities (1–45) to each RGC. Beginning with an atlas of unin-
jured RGCs (denoted as t0 < t1), iGraphBoost uses a two-step
procedure to propagate type labels from the atlas (t0) to injured
RGCs at each time point in successive order. Once classified,
injured RGCs at time tn are used in the classification procedure
for RGCs at time tn + 1. To demonstrate these steps, we begin by
assigning type identities to the first time point—0dpc RGCs (t1).

iGraphBoost assigns type identities to injured RGCs and is
applied successively to each time point. At each time point, we
use a two-step procedure to classify RGCs based on a learned
taxonomy that leverages information from RGCs classified at pre-
ceding time points. This enables the algorithm to deconvolve
changes in cell state due to injury from the intrinsic molecular
distinction of each RGC type (see Fig. 2b).

3.3.1 Step 1: Supervised

Classification

We use XGBoost [7], a gradient-boosted decision tree-based clas-
sification framework, to learn a multi-class classifier (denoted C0)
for the adult RGC atlas (t0) with the aim of using it to classify 0dpc
RGCs (t1). HVGs common to both the atlas and 0dpc RGC
datasets are used as features. To learn C0, we use a subset of atlas
RGCs for training, and use the remaining “held-out” RGCs for
validation. The validation subset is used to estimate an empirical
test-error rate for the classifier. The classification parameters such as
the class weights, number of trees, and the tree depth are chosen to
achieve a maximum per-class error rate of less than 5%.

atlas = sc.read_h5ad('RGCatlas.h5ad')
ctrl = sc.read_h5ad('CtrlONC.h5ad')

#identify clust-specific atlas genes
atlas_genes = ClusterSpecificGenes(atlas,

genes =
list(atlas.var.index[atlas.var.highly_variable == True]),

obs = 'Type_num')

#subset to genes common b/w atlas and ctrl
var_genes = [i for i in atlas_genes if i in list(ctrl.var.index)]

#train atlas classifier, validate it, then use it to map ctrl
validation_label_train_10, valid_predlabels_train_10, 
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test_predlabels = xgbtrainatlas(
train_anndata = atlas,
test_anndata = ctrl,
genes = var_genes
)

#visualize validation results
validationconfmat, validationxticks, validationplot =
plotValidationConfusionMatrix(

ytrue = validation_label_train_10,
ypred = valid_predlabels_train_10,
save_as = 'Atlas_Validation.pdf',
title = '',
xaxislabel = 'Predicted',
yaxislabel = 'True')

We next apply C0 to assign a type identity (1–45) to each of the
0dpc RGCs. For each cell k, C0 outputs a probability vector

Pk,0 = P1
k,0, . . . ,P

45
k,0

� �
, where Pm

k,t is the C0-assigned probability

that cell k belongs to RGC type m ∈ (1, 2, . . ., 45). Under the
hood, this probability is simply the fraction of decision trees in C0

that vote for class m. Based on Pk, 0, cell k is assigned to class
mk ∈ {1, 2, . . ., 45} such that

mk =
argmax

m
P m
k,0 if max P m

k,0

� �
> v

}Unassigned} otherwise

8<
:

The parameter v serves as a decision margin that is chosen as
0.7 for types 1 through 40, and 0.5 for types 41–45. This decision
rule is conservative in that it only assigns type identities to cells if
the voting margin is much higher than random (vrandom = 1/
45 ≈ 0.023). We now apply the validated classifier to assign iden-
tities to 0dpc RGCs.

#store RGC assignments made by classifier
mapping_assignments = []
for i in test_predlabels:

if i == 45:
mapping_assignments.append('Unassigned')

else:
mapping_assignments.append(str(int(i)+1))

ctrl.obs['Type_iGB'] = mapping_assignments

After step 1, ~5% of 0dpc RGCs remain unclassified (Fig. 3a).
This fraction increases with time as injury-related gene expression
changes mask type-specific signatures. This leads us to step 2.
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Fig. 3 Performance of iGraphBoost. (a) Contribution of steps 1 and 2 to the assignment of surviving RGCs at
each time point. (b) Fraction of RGCs that remain unassigned at each time point after direct mapping to the
atlas or with iGraphBoost. (c) Marker dotplot (same as Fig. 1c) but applied to classified 14dpc RGCs



30 Salwan Butrus et al.

3.3.2 Step 2: Nearest-

Neighbor Voting

In step 2, we use the classified cells at 0dpc (t1) as “anchors” to
propagate labels onto the unassigned RGCs by leveraging relation-
ships in a nearest-neighbor (NN) graph (see Fig. 2b). We first build
a k-NN graph (k = 15 neighbors per cell) on the RGCs at t1 based
on the two-dimensional UMAP coordinates (see Note 4). As the
graph is expected to connect cells with similar transcriptomic pro-
files, we hypothesized that a cell’s nearest neighbors are likely to be
of the same type as that of the cell itself. In practice, we iteratively
loop through each unassigned cell from step 1 and assign it to type
m if more than 50% of its 15 neighbors are of typem. Each iteration
decreases the fraction of unassigned cells, and the procedure termi-
nates when the change in unassigned cell frequency is less than
0.5%. Continuing from step 1 for ctrl:

#run step 2 
ctrl = nn_voting(ctrl)
ctrl.write_h5ad('CtrlONC_mapped_iGB.h5ad')

Following step 2, the fraction of unassigned RGCs at 0dpc is
reduced to <2%. As a sanity check, we confirmed that the relative
frequency of types among 0dpc RGCs and their patterns of selective
marker expression closely matched those of the atlas RGCs, as
expected (see Fig. 2c, d).

3.4 iGraphBoost

Classification of

0.5dpc, 1dpc, and

2dpc RGCs

We now classify RGCs collected at 0.5, 1, and 2dpc, denoted t2, t3
and t4, respectively (see Fig. 2a). We follow the procedure outlined
under Subheading 3.3 with two modifications. First, we exclude as
features genes that were upregulated or downregulated broadly
across RGCs following injury, identified via a global differential
expression (DE) analysis (see Ref. [1] for details). This is done to
ensure that the classifier learns stable features associated with type
identity, and not features that are sensitive to injury. Second, after
mapping each tn + 1 dataset using the classifier Cn trained on the tn
dataset (n = 1, 2, 3) in step 1, we apply the atlas classifier (C0) to
the remaining unassigned RGCs prior to performing step 2. We
perform the latter to maximize the amount of information gain
from supervised classification. The following code classifies RGCs
at 0.5dpc (t2) using classified 0dpc RGCs (t1):

#identify clust-specific ctrl genes
ctrl = sc.read_h5ad('CtrlONC_mapped_iGB.h5ad')

ctrl_genes = ClusterSpecificGenes(ctrl,
genes =

list(ctrl.var.index[ctrl.var.highly_variable == True]),
obs = 'Type_iGB')

#subset to genes common b/w ctrl and 12h
all_var_genes = [i for i in ctrl_genes if i in
list(twelveHr.var.index)]
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#exclude temporal genes
exclude_genes_df = pd.read_csv('TemporalMarkersONC.txt', header =
None, names = ['Genes'])
exclude_genes = list(exclude_genes_df['Genes'])

var_genes = []
for i in all_var_genes:

if i not in exclude_genes:
var_genes.append(i)

#train ctrl classifier using only assigned cells
assigned_cells = []
for i in range(len(ctrl.obs)):

if ctrl.obs.Type_iGB[i] != 'Unassigned':
assigned_cells.append(ctrl.obs.index[i])

#train ctrl classifier, validate it, then use it to map 12h
validation_label_train_10, valid_predlabels_train_10, 
test_predlabels = xgbtrain(

train_anndata = ctrl[assigned_cells,:],
test_anndata = twelveHr,
genes = var_genes
)

#visualize validation results
validationconfmat, validationxticks, validationplot =
plotValidationConfusionMatrix(

ytrue = validation_label_train_10,
ypred = valid_predlabels_train_10,
save_as = 'Ctrl_Validation.pdf',
title = '',
xaxislabel = 'Predicted',
yaxislabel = 'True'
)

#store RGC assignments made by classifier
mapping_assignments = []
unassigned_index = []
for index, value in enumerate(test_predlabels):

if value == 45:
mapping_assignments.append('Unassigned')
unassigned_index.append(index)

else:
mapping_assignments.append(str(int(value)+1))

twelveHr.obs['Type_iGB'] = mapping_assignments

#Mapping remaining unassigned cells at 12h to Atlas
all_var_genes = [i for i in atlas_genes if i in
list(twelveHr.var.index)]

var_genes = []
for i in all_var_genes:
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unassigned_cells = []
for i in range(len(twelveHr.obs)):

if twelveHr.obs.Type_iGB[i] == 'Unassigned':
unassigned_cells.append(twelveHr.obs.index[i])

#train atlas classifier, validate it, then use it to map 12h
validation_label_train_10, valid_predlabels_train_10, 
test_predlabels = xgbtrainatlas(

train_anndata = atlas,
test_anndata = twelveHr[unassigned_cells,:],
genes = var_genes
)

#visualize validation results
validationconfmat, validationxticks, validationplot =
plotValidationConfusionMatrix(

ytrue = validation_label_train_10,
ypred = valid_predlabels_train_10,
save_as = '',
title = '',
xaxislabel = 'Predicted',
yaxislabel = 'True'
)

if i not in exclude_genes:
var_genes.append(i)

#store RGC assignments made by classifier
unassigned_mapping_assignments = []
for i in test_predlabels:

if i == 45:
unassigned_mapping_assignments.append('Unassigned')

else:
unassigned_mapping_assignments.append(str(int(i)+1))

for index, value in enumerate(unassigned_index):
mapping_assignments[value] =

unassigned_mapping_assignments[index]

twelveHr.obs['Type_iGB'] = mapping_assignments

#run step 2
twelveHr = step2(twelveHr)

twelveHr.write_h5ad('twelve_hrONC_mapped_iGB.h5ad')

We follow an identical procedure to classify 1dpc using classi-
fied 0.5dpc RGCs and subsequently use the 1dpc RGCs to classify
2dpc RGCs. Details are omitted here for brevity but may be found
in the Jupyter notebook shared in the book chapter’s GitHub page.
We now classify the three remaining time points.
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3.5 iGraphBoost

Classification of 4d,

7d, and 14d RGCs

In principle, the same procedure outlined above for 0.5, 1, and
2dpc RGCs can be applied to each of 4, 7, and 14dpc RGCs in
successive fashion. However, at 4dpc, RGCs exhibit extensive tran-
scriptomic changes preceding a phase of rapid loss between 4 and
14dpc (RGC loss <10% up to 3dpc, see Ref. [1]). This may be
tackled by sampling additional scRNA-seq data on intermediate
time points (e.g. 3dpc or 3.5dpc). As additional data was not
available, we opted for a workaround by mapping the 4, 7, and
14dpc RGCs together, pooling them into a single AnnData object
rgc_late (tn + 1). For training, we combine classified RGCs at
12 h, 1d, and 2d into a single object and learn a tn classifier,
excluding the temporally DE genes as features.

We initiate step 1 of iGraphBoost by training the tn classifier.

rgc_early = twelveHr.concatenate(oneday, twoday)
rgc_late = fourday.concatenate(oneweek, twoweek)

twoday_genes = ClusterSpecificGenes(twoday,
genes =

list(twoday.var.index[twoday.var.highly_variable == True]),
obs = 'Type_iGB')

combined_var_genes = twelvehr_genes + oneday_genes + twoday_genes
var_genes_12h_1d_2d = list(np.unique(combined_var_genes))

all_var_genes = [i for i in var_genes_12h_1d_2d if i in
list(rgc_late.var.index)]

var_genes = []
for i in all_var_genes:

if i not in exclude_genes:
var_genes.append(i)

assigned_cells = []
for i in range(len(rgc_early.obs)):

if rgc_early.obs.Type_iGB[i] != 'Unassigned':
assigned_cells.append(rgc_early.obs.index[i])

validation_label_train_10, valid_predlabels_train_10, 
test_predlabels = xgbtrain(

train_anndata = rgc_early[assigned_cells,:],
test_anndata = rgc_late,
genes = var_genes
)

validationconfmat, validationxticks, validationplot =
plotValidationConfusionMatrix(

ytrue = validation_label_train_10,
ypred = valid_predlabels_train_10,
save_as = 'RGC_Early_Validation.pdf',
title = '',
xaxislabel = 'Predicted',
yaxislabel = 'True'
)
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We now apply the tn classifier to the tn + 1 RGCs (4, 7, and
14dpc).

mapping_assignments = []
unassigned_index = []
for index, value in enumerate(test_predlabels):

if value == 45:
mapping_assignments.append('Unassigned')
unassigned_index.append(index)

else:
mapping_assignments.append(str(int(value)+1))

rgc_late.obs['Type_iGB'] = mapping_assignments

Finally, we also apply the atlas classifier (C0) to the remaining
unassigned tn + 1 RGCs before proceeding to step 2.

#Mapping Unassigned cells in rgc_late to Atlas

all_var_genes = [i for i in atlas_genes if i in
list(rgc_late.var.index)]

var_genes = []
for i in all_var_genes:

if i not in exclude_genes:
var_genes.append(i)

unassigned_cells = []
for i in range(len(rgc_late.obs)):

if rgc_late.obs.Type_iGB[i] == 'Unassigned':
unassigned_cells.append(rgc_late.obs.index[i])

validation_label_train_10, valid_predlabels_train_10, 
test_predlabels = xgbtrainatlas(

train_anndata = atlas,
test_anndata = rgc_late[unassigned_cells,:],

genes = var_genes
)

validationconfmat, validationxticks, validationplot =
plotValidationConfusionMatrix(

ytrue = validation_label_train_10,
ypred = valid_predlabels_train_10,
save_as = '',
title = '',
xaxislabel = 'Predicted',
yaxislabel = 'True'
)

unassigned_mapping_assignments = []
for i in test_predlabels:
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if i == 45:
unassigned_mapping_assignments.append('Unassigned')

else:
unassigned_mapping_assignments.append(str(int(i)+1))

for index, value in enumerate(unassigned_index):
mapping_assignments[value] =

unassigned_mapping_assignments[index]

rgc_late.obs['Type_iGB'] = mapping_assignments

We now run step 2 of iGraphBoost for 4, 7, and 14dpc RGCs.

#run step 2
fourday = rgc_late[rgc_late.obs.Time=='4d',:]
fourday = step2(fourday)

oneweek = rgc_late[rgc_late.obs.Time=='1w',:]
oneweek = step2(oneweek)

twoweek = rgc_late[rgc_late.obs.Time=='2w',:]
twoweek = step2(twoweek)

fourday.write_h5ad('fourdayONC_mapped_iGB.h5ad')
oneweek.write_h5ad('oneweekONC_mapped_iGB.h5ad')
twoweek.write_h5ad('twoweekONC_mapped_iGB.h5ad')

Taken together iGraphBoost results in a sizable improvement
in the classification of injured RGCs compared to direct mapping of
each time point to the atlas, reducing the proportion of unassigned
cells from ~65% to ~30% at 4, 7, and 14dpc (Fig. 3b). As a sanity
check, we also verify that classified RGCs at 14dpc maintained type-
specific markers, though, as one might expect, some degradation in
expression is observed. (compare Figs. 3c to 1c).

Next, we use the iGraphBoost assignments to estimate the
relative frequency of the 45 RGC types at each of the six time
points. We rank order the types based on their fold difference in
relative frequency at 14dpc vs. 0dpc (survival ratio) to identify
resilient and vulnerable types (see Fig. 4a). The results also allow
us to compare survival kinetics between RGC types (see Fig. 4b).
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Fig. 4 Differences in survival among RGC types. (a) RGC types (x-axis) rank ordered based on decreasing
values of the relative frequency ratio at 14dpc versus control showing variance in resilience among types. (b)
Kinetics of relative survival as a function of time of a resilient (C43) and susceptible type (C28). (c) Scatter plot
comparing relative frequencies of RGC types at 14dpc obtained in this study (x-axis) and the original
publication (y-axis) [1]

twoweek = sc.read_h5ad('twoweekONC_mapped_iGB.h5ad')
ctrl = sc.read_h5ad('CtrlONC_mapped_iGB.h5ad')

#Disregard unassigned RGCs
ctrl = ctrl[ctrl.obs.Type_iGB!='Unassigned',:]
twoweek = twoweek[twoweek.obs.Type_iGB!='Unassigned',:]

#Compute survival scores for Figure 4A
twoweek_freqs = twoweek.obs.Type_iGB.value_counts(normalize=True)
ctrl_freqs = ctrl.obs.Type_iGB.value_counts(normalize=True)

surv_scores = dict()
for i in twoweek.obs.Type_iGB.values.categories:

surv_scores['C'+i] =
(np.log2(twoweek_freqs[twoweek_freqs.index.get_loc(i)]/ctrl_freqs[ct
rl_freqs.index.get_loc(i)]))
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surv_scores_sorted =
pd.Series(surv_scores).sort_values(ascending=False)

#Track the survival score of two types over time (Figure 4B)
onc_objs = [ctrl, twelveHr, oneday, twoday, fourday, oneweek, 
twoweek]

onc_freqs = []
for i in onc_objs:

i = i[i.obs.Type_iGB!='Unassigned',:]
onc_freqs.append(i.obs.Type_iGB.value_counts(normalize=True))

#43 
i='43'
scores43 = []
for j in onc_freqs:

scores43.append(np.log2(j[j.index.get_loc(i)]/ctrl_freqs[ctrl_freqs.
index.get_loc(i)]))
#28 
i='28'
scores28 = []
for j in onc_freqs:

scores28.append(np.log2(j[j.index.get_loc(i)]/ctrl_freqs[ctrl_freqs.
index.get_loc(i)]))

As another sanity check, we compare the relative frequency of
types at each time point estimated in this chapter, with those
reported in Ref. [1]. The agreement was excellent, with minor
differences that do not impact qualitative conclusions (see Fig. 4c
and Note 5).

3.6 Identifying Genes

Correlated with

Resilience and

Susceptibility

We defined resilient and susceptible types as those with a survival
ratio >2 and <0.5 (log-survival ratio >1 and <-1), respectively.
We then sought to identify gene expression patterns that correlate
with these differences in survival. First, using a Wilcoxon rank-sum
test, we identify DE genes that distinguish resilient and susceptible
RGC types based on their baseline transcriptomes at 0dpc (see
Fig. 5a and Note 6).

#remove intermediate types
strength = []
res = list(surv_scores_sorted.index[0:8]) #resilient types
sus = list(surv_scores_sorted[-15:].index) #susceptible types

for i in range(ctrl.shape[0]):
if ('C' + ctrl.obs.Type_iGB[i] in res): 

strength.append('Resilient')
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elif('C' + ctrl.obs.Type_iGB[i] in sus): 
strength.append('Susceptible')

else: strength.append('Intermediate')

#add strength identifier and remove intermediates
ctrl.obs['Strength'] = pd.Categorical(strength)
ctrl = ctrl[ctrl.obs.Strength!='Intermediate',:]

#Re-sample each type to 100 cells
subsampled_objs = []
for i in ctrl.obs.Type_iGB.values.categories:

clust = ctrl[ctrl.obs.Type_iGB==i,:]

if (clust.shape[0]<100): subsampled_objs.append(subsample(clust, 
n_obs=100, copy=True, replace=True))

else: subsampled_objs.append(subsample(clust, n_obs=100, 
copy=True, replace=False))

#the re-sampled object
ctrl_sub = subsampled_objs[0].concatenate(subsampled_objs[1:])

#Perform DE to identify resilience and susceptibility genes
resGenes = DE(ctrl_sub, obs_id='Strength', obs_id_test='Resilient', 
ref='Susceptible')
susGenes = DE(ctrl_sub, obs_id='Strength', 
obs_id_test='Susceptible', ref='Resilient')

The genes Ndnf and Crhbp were selectively enriched among
resilient and susceptible types, respectively (see Fig. 5a). These
baseline differences are also maintained at 7dpc (see Fig. 5b). In
the original study [1], we hypothesized that in vivo manipulation of
these genes in RGCs may broadly improve their survival following
ONC. Consistent with this, overexpression (OE) of Ndnf or
knockout (KO) of Crhbp results in increased survival of RGCs (see
Fig. 5d). In addition to baseline differences, we can also use
iGraphBoost assignments to query genes that are selectively upre-
gulated or downregulated temporally among resilient or suscepti-
ble types (see Note 5). We identify Ucn, a gene that is selectively
upregulated in the two resilient types C42 and C43 (see Fig. 5c).
Indeed, in vivo overexpression of Ucn enhanced RGC survival (see
Fig. 5d). Finally, overexpression of Ndnf and Ucn along with
knockout of Crhbp resulted in an unexpected promotion of axon
regeneration (see Fig. 5e). This was surprising because our screen
was designed to mainly identify genes associated with RGC sur-
vival. Taken together, these results illustrate the utility of iGraph-
Boost in discovering genes that promote neuroprotection and axon
regeneration.

In summary, the current and the preceding chapter (please see
Chap. 1 of this volume) describe a novel approach to analyze
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Fig. 5 Gene expression patterns associated with resilience and susceptibility. (a) Heatmap of markers (rows)
selectively enriched in resilient and susceptible RGC types (columns) at baseline (0dpc). (b) Violin plot showing
expression of a resilient marker, Ndnf, and a susceptibility marker, Crhbp, from panel a among resilient and
susceptible RGC groups at 7dp. (c) Upregulation of a resilience-associated marker Ucn in resilient types C43
and C42 in injured samples. (d) Overexpression of resilience markers Ndnf and Ucn, and knockout of
susceptibility marker Crhbp, all result in increased RGC survival at 14dpc. (e) The same interventions as in
panel d also promote RGC axon regeneration. (Panels d and e are reproduced with permission from Ref. [1])



selective neuronal vulnerability in the brain with an aim to identify
targets that promote neuroprotection. In doing so, we have synthe-
sized experimental approaches utilizing animal models, cellular and
molecular biology, and next-generation sequencing together with
computational approaches involving machine learning, statistical
inference, and data visualization. While our focus was on retinal
ganglion cells in the context of optic nerve crush, the approaches
can be generalized to other neuronal systems and degeneration
models. We hope that these companion chapters inspire researchers
to investigate the molecular underpinnings of selective neuronal
vulnerability in other systems.
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4 Notes

1. seaborn and matplotlib are graphing and data visualization
libraries. Numpy and scipy are libraries that enable a variety of
standard numerical and scientific computation (e.g., matrix
multiplication). sklearn (also known as scikit-learn) is a
suite of machine learning and statistical inference tools in
Python.

2. While Ref. [1] identified 46 types of mouse RGCs, two types,
the so-called dorsal-preferring and ventral-preferring ON-OFF
direction selective RGCs (D- and V-ooDSGCs), are distin-
guished by a single marker in the adult mouse. We have there-
fore collapsed these two types into a single cluster (D/V-
ooDSGCs) totaling 45 types considered for our classification
analyses.

3. The procedure to log-normalize the raw expression matrix of
gene counts is described in Ref. [1]. We retain raw counts as
they are required for identifying variable genes based on the
Poisson–Gamma model introduced in Ref. [11].

4. As an alternative, the neighborhood graph built in principal
component (PC) space can also be used in step 2. We found
that it gives generally similar results to the graph built in
UMAP space, but that it is more susceptible to noise due to
the larger number of dimensions. We recommend both
approaches be attempted for a given dataset to determine the
best option.

5. The results of the iGraphBoost implementation outlined in this
chapter differ slightly from that reported originally [1]. First
the atlas, control, 12 h, 1d, 2d, 4d, 7d, and 14d datasets were
subjected to a different scRNA-seq pre-processing computa-
tional pipeline from that used in the original work, which
implemented the steps in R. While the resilient and susceptible
types are consistent across both results, there are slight changes
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in the rank order of survival which do not change the overall
qualitative conclusions.

6. Methods to identify temporally regulated DE genes in the
ONC data are described in [1], and not covered here.
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Chapter 3

Retinal Ganglion Cell Axon Fractionation

Sean D. Meehan and Sanjoy Bhattacharya

Abstract

Retinal ganglion cell (RGC) axon regeneration in mammals can be stimulated through gene knockouts,
pharmacological agents, and biophysical stimulation. Here we present a fractionation method to isolate
regenerating RGC axons for downstream analysis using immunomagnetic separation of cholera toxin
subunit B (CTB)-bound RGC axons. After optic nerve tissue dissection and dissociation, conjugated
CTB is used to bind preferentially to regenerated RGC axons. Anti-CTB antibodies crosslinked to magnetic
sepharose beads are used to isolate CTB-bound axons from a nonbound fraction of extracellular matrix and
neuroglia. We provide a method of verifying fractionation by immunodetection of conjugated CTB and the
RGCmarker, Tuj1 (β-tubulin III). These fractions can be further analyzed with lipidomic methods, such as
LC–MS/MS to gather fraction-specific enrichments.

Key words Retinal ganglion cell, Optic nerve, Fractionation, Axon regeneration, Immunomagnetic
separation

1 Introduction

Retinal ganglion cell (RGC) axon regeneration in the optic nerve is
now readily attainable through gene knockouts [1], pharmacologi-
cal interventions [2, 3], and biophysical stimulation [4]. Over the
years, mass spectrometry technology has improved to where sensi-
tivity is less of a limiting factor. Full tissue lipid profiles can be
generated easily. As our scientific approaches becomemore targeted
for cell types, such as RGCs, our methods must adapt to provide
results with higher specificity. In order to accomplish this, sample
complexity must be reduced as it can have significant effects on LC–
MS/MS performance and results [5]. With high sample complex-
ity, raw data from the LC–MS/MS is susceptible to high back-
ground signals that can drown out target peaks [6, 7]. For
example, the use of different digestion protocols can increase the
complexity of protein samples as the sheer number of peptides is
larger than the number of full-length proteins in the initial sample.
Most of our previous “omic” analyses were focused on complete
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optic nerve tissue analyses. As we begin to identify enriched path-
ways associated with nerve degeneration and regeneration, our
need for cellular fractionation/dissociation has increased. This
coincides well with the increase in cell sorting and single-cell tech-
nologies. In this published method, we introduce a retinal ganglion
cell (RGC) fractionation technique that isolates RGC axons from
dissected C57BL/6 mouse optic nerves (Fig. 1). This method can
be applied to other mouse types as well. In optic nerve regenera-
tion, a common visualization method involves intravitreally inject-
ing fluorophore-conjugated cholera toxin subunit B (CTB)
[8, 9]. CTB selectively binds to the GM1 ganglioside, which is a
marker for new RGC axon growth [10, 11]. We decided to take
advantage of this selective binding and ubiquitous marker use to
develop an immunomagnetic separation technique. Dissected optic
nerve tissue is first dissociated using mild protein digestion fol-
lowed by CTB binding. Separately, anti-CTB antibodies are cross-
linked to magnetic sepharose beads. CTB-bound RGC axons are
then captured with anti-CTB magnetic beads and collected using a
magnetic rack (Fig. 2). Both eluted and nonbound fractions can be
collected for future fraction-specific lipidomics. Fractionation effi-
ciency can be evaluated in multiple ways, such as immunoblot or
immunodetection of an RGC marker (β-tubulin III) (Fig. 3). We
describe here a method to approximate fractionation efficiency
using fluorescence microscopy to detect fluorescently conjugated
CTB and β-tubulin III immunofluorescence.
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Fig. 1 Overview schematic diagram of RGC axon fractionation protocol

2 Materials

1. Magnetic rack with removable magnetic bar, designed to hold
1.5 mL microcentrifuge tubes, for small-scale sample
enrichment.

2. 1.5 mL microcentrifuge tubes
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Fig. 2 Visualization of CTB-bound materials in elution and nonbound fractions.
Fluorescence microscopy of Alexa 488-conjugated CTB elution and nonbound
fractions. Using a Leica AF6000 microscope and GFP laser, the elution and
nonbound fractions were evaluated for GFP fluorescent material (shown in
white). Long axons can be visualized on the left in the elution fraction.
Scale bar: 413.9 μm

Fig. 3 Fluorescence microscopy of CTB and RGC markers in elution fraction.
Using a Leica AF6000 microscope with a GFP and TXR laser, an axon in elution
fraction is shown here with Tuj1 (Alexa 594) on the left in red and the conjugated
CTB on the right in faded green. Scale bars: 413.9 μm

3. Magnetized sepharose beads conjugated to protein G (subse-
quently referred to as magnetic beads).

4. TBS: 50 mM Tris–HCl, 150 mM NaCl, pH 7.5.

5. Elution buffer: 0.1 M glycine–HCl, pH 2.9.

6. Neutralizing buffer: 50 mMTris–HCl, 150 mMNaCl, pH 8.8.

7. Crosslink solution A: 200 mM triethanolamine, adjusted to pH
8.9 by dropwise addition of 1 M HCl.

8. Crosslink solution B: 100 mM ethanolamine, adjusted to pH
8.9 by dropwise addition of 1 M HCl.

9. Crosslink solution C: 50 mM dimethyl pimelimidate dihy-
drochloride in 200 mM triethanolamine, pH 8.9.
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10. Fluorescently tagged cholera toxin subunit B conjugated (e.g.,
Invitrogen Alexa 488-conjugated CTB, C22841): 2.5 μg/mL
in PBS.

11. CTB antibody: Anti-beta subunit cholera toxin antibody, e.g.,
Abcam ab34992.

12. Euthanized C57BL/6 mouse.

13. Sterile, disposable #10 blade scalpel.

14. Vannas scissors: Micro dissecting spring scissors (3 mm cutting
edge, 0.15 mm tip width, 7.62 cm in length), sterilized.

15. Tweezers: Thin tips, 109 mm length, polished, sterilized.

16. Autoclavable petri dish, sterilized, 100 mm diameter × 15 mm
height (see Note 1).

17. Phosphate-buffered saline (PBS).

18. PBS-T: 0.3% Triton X-100 in PBS.

19. Collagenase D solution: 2 mg/mL in PBS, 3 mM CaCl2.

20. Proteinase K solution: 3 mg/mL in PBS, 3 mM CaCl2.

21. Heat block: Temperature range—25 °C to 130 °C.

22. Multipurpose staining chamber/humidified chamber:
39.7 cm × 25.5 cm × 4 cm. This chamber is used to maintain
a humid environment during tissue digestion and antibody
staining. Otherwise, the tissue will dry out and be unusable.
Slides are placed on higher grooves, above the water layer.
Maintain water level to cover the entire base level of the cham-
ber. Do not overfill or water could splash onto the slides, if
chamber is moved.

23. Rotator: Fixed 23 degrees, 20 orbits/min speed, platform
dimensions—30.5 cm × 30.5 cm. The orbital shaker is required
for a continuous and uniform mixture of the components. It is
used for mixing CTB-bound tissue with the Mag Sepharose
Anti-CTB Beads.

24. End-over-end mixer.

25. Microcentrifuge.

26. PAP pen (see Note 2).

27. Poly-D-lysine- and laminin-coated glass microscope slides.

28. Tissue fixative: 4% paraformaldehyde in PBS.

29. Blocking solution: 5% bovine serum albumin (BSA) in PBS-T.

30. Primary antibody: Tuj1, a neuron-specific class III beta tubulin
antibody, chicken IgY (e.g., Neuromics CH23005), used as a
retinal ganglion cell marker.

31. Secondary antibody: Fluorescently labeled goat anti-chicken
IgY, (e.g., goat anti-chicken IgY Alexa 594, Abcam).
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32. Antibody dilution medium: 1% BSA, PBS-T.

33. Mounting medium, with DAPI (e.g., Vectashield HardSet
Antifade Mounting Medium with DAPI, Vector Laboratories).

34. Confocal microscope equipped with compatible lasers for the
chosen fluorophores and DAPI (we routinely utilize Alexa
488 and Alexa 594; see Note 3).

3 Methods

3.1 Anti-CTB

Magnetic Bead

Preparation Prior to

Optic Nerve Dissection

1. Based on your tissue volume, dispense the appropriate quantity
of magnetic beads into a 1.5 mL microcentrifuge tube (see
Note 4).

2. Place the tube in the magnetic rack with the magnet bar to pull
the beads out of the solution, and use a pipette to remove the
storage solution from the beads.

3. Remove the magnet bar and resuspend the beads in TBS by
inverting the magnetic rack five times.

4. Replace the magnet bar and remove the TBS from the beads
using a pipette.

5. Remove the magnet and resuspend the beads in 100 μL of CTB
antibody diluted 1:100 in antibody dilution medium.

6. Rotate the microfuge tube with the antibody and bead solution
in the end-over-end mixer for 15 min.

7. Place the tube in the magnetic rack with the magnet bar in
place and remove the antibody from the beads using a pipette.

8. Remove the magnet bar and resuspend the beads in 500 μL of
TBS by inverting the magnetic rack five times.

9. Replace the magnet bar and remove the TBS from the beads
using a pipette.

10. Remove the magnet bar and resuspend beads in 500 μL o
crosslink solution A by inverting the magnetic rack five times.

11. Replace the magnet bar and remove the crosslink solution A
from the beads using a pipette.

12. Remove the tube from magnetic rack and resuspend the beads
in crosslink solution C with manual inversion.

13. Place the tube in the end-over-end mixer for 60 min.

14. Replace the tube in the magnetic rack with the magnet bar in
place and remove the crosslink solution C from the beads using
a pipette.

15. Remove the magnet bar and resuspend the beads in 500 μL
crosslink solution A by inverting the magnetic rack five times.
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16. Replace the magnet bar and remove the crosslink solution A
from the beads using a pipette.

17. Remove the tube from the magnetic rack and resuspend the
beads in 500 μL crosslink solution B with manual inversion.

18. Rotate the microfuge tube with the beads and crosslink solu-
tion B in the end-over-end mixer for 15 min.

19. Replace the tube in the magnetic rack with the magnet bar in
place and remove crosslink solution B from the beads using a
pipette.

20. Remove the magnet bar and resuspend the beads in 500 μL of
elution buffer by inverting the magnetic rack five times.

21. Replace the magnet bar and remove the elution buffer from the
beads using a pipette.

22. Remove the magnet bar and resuspend the beads in 500 μL
TBS by inverting the magnetic rack five times.

23. Replace the magnet bar and remove the TBS from the beads
using a pipette.

24. Repeat steps 23 and 24 twice more, and store the conjugated
beads at 4 °C until they are required for RGC axon isolation
(see Note 5).

3.2 Optic Nerve

Isolation and Tissue

Dissociation

1. Obtain two dry petri dishes and one petri dish containing PBS.

2. Dissect the eyes from the euthanized mouse and collect them in
one dry petri dish (see Fig. 1).

3. Separate globe and optic nerve by using scalpel to transect the
nerve at the junction of the globe and the optic nerve (optic
nerve head).

4. Rinse the dissected optic nerve by dipping it in the petri dish
with PBS to wash off any excess blood/tissue. Be careful to not
let the optic nerve dry out.

5. Remove the optic nerve from PBS and place on the second dry
petri dish using tweezers.

6. Make longitudinal sections along the length of the optic nerve
by using a scalpel or one blade of the Vannas scissors. This will
lead to thin, sheered optic nerve sections and ultimately create
more surface area for tissue digestion.

7. Dispense collagenase D solution to cover the optic nerve (typi-
cally 50–100 μL).

8. Digest the tissue in the collagenase D solution for 1 h at room
temperature in humidified chamber.

9. Remove the collagenase D solution using a Pasteur pipette
while being careful to avoid picking up the optic nerve tissue.
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10. Dispense proteinase K solution to cover the optic nerve tissue
(typically 50–100 μL).

11. Allow all the tissue to digest in proteinase K solution for 3 h in
humidified chamber at room temperature (see Note 6).

12. Use heat block or equivalent to inactivate the proteinase K at
95 °C for 10 min. Do not let the tissue dry out during this time
by supplementing with extra PBS as necessary.

13. Carefully remove the proteinase K solution from the tissue
using a Pasteur pipette.

3.3 Conjugated CTB

Binding and Magnetic

Separation

1. Dilute Alexa 488-conjugated CTB 1:100 in PBS and dispense
it to cover the digested optic nerve

2. Incubate overnight at 4 °C in a humidified chamber, covered
from light to allow the labeled CTB to bind to RGC axons.

3. Carefully remove the diluted Alexa 488-conjugated CTB from
the tissue using a Pasteur pipette. From this point forward,
limit the amount of light exposure to the optic nerve fragments
as much as possible to avoid bleaching the fluorophore signal.

4. Wash any residual antibody from the tissue by dispensing
200 μL of PBS onto the optic nerve and then carefully remov-
ing it using a Pasteur pipette.

5. Wash the optic nerve two more times with PBS. Collect the last
wash including the dissociated optic nerve fragments into a
microcentrifuge tube.

6. Spin down the optic nerve fragments at 300× g in a microcen-
trifuge for 5 min.

7. Add the anti-CTB magnetic beads prepared under Subheading
3.1 to the CTB-bound tissue.

8. Mix the solution of tissue and beads on the rotator for 60 min
at room temperature, protected from light.

9. Place the tube in magnetic rack with the magnet bar in place to
bring the beads out of solution.

10. Use a pipette to remove the solution to a fresh tube labeled
“nonbound fraction.” Save this fraction for further analyses.

11. Remove the magnet bar and resuspend the beads in 500 μL
wash buffer by inverting the rack five to ten times.

12. Replace the magnet bar and remove the wash buffer from the
beads using a pipette.

13. Repeat steps 11 and 12 twice more.

14. Remove the magnet bar and resuspend the beads in elution
buffer (use 3× volume of the original anti-CTB magnetic bead
volume in step 8) by inverting the rack ten times.
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15. Allow the beads to incubate in the elution buffer for at least
2 min at room temperature, protected from light.

16. Pulse spin the tube in the microcentrifuge if there is residual
solution in the cap of the tube.

17. Replace the tube in the magnetic rack with the magnet bar in
place and collect the “elution fraction” in a fresh
microcentrifuge tube.

18. Repeat steps 14–17, if necessary (see Note 7).

19. Add 200 μL of neutralizing buffer to tube containing the
elution fraction to neutralize acidic pH.

3.4 Verification of

RGC Separation with

Immunodetection

1. Immunodetection can be used to visualize the elution and
nonbound fractions.

2. Use a PAP pen to delineate two “wells” on a poly-D-lysine- and
laminin-coated slide or coverslip encircled using a PAP pen to
form the hydrophobic barriers. Designate one well for the
elution fraction and the other for the nonbound fraction.

3. Mix the elution fraction using a pipette and then dispense a
volume that will fill the designated region onto the slide or
coverslip.

4. Repeat step 3 with the nonbound fraction.

5. Repeat steps 2 and 3 with a second slide to create a secondary
antibody nonspecific binding control.

6. Allow the dispensed solutions to partially dry onto the slides to
avoid overflowing.

7. Add tissue fixative to each of the fractions on the slides and
incubate for 30min at room temperature, protected from light.
Use a volume that covers but does not overflow the well area
designated by the PAP barrier.

8. Remove the tissue fixative solution using a pipette.

9. Wash the slides twice with PBS for 15 min, protected from
light.

10. Add blocking solution to each well using a volume that covers
the area but does not overflow the hydrophobic barrier deli-
neated with the PAP pen.

11. Incubate for 30 min, in a humidified chamber at room
temperature.

12. Remove blocking solution using a pipette.

13. Add the primary antibody (Tuj1), diluted 1:400 in antibody
dilution medium, to the wells containing the elution fraction
and nonbound fraction. Again, use a volume that covers the
area but does not overflow the hydrophobic barrier delineated
with the PAP pen.
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14. For the wells on the secondary antibody nonspecific binding
control slide, add antibody dilution medium instead of the
primary antibody.

15. Incubate the control slide and the slide with the primary anti-
body overnight at 4 °C in a humidified chamber.

16. Remove primary antibody using a pipette.

17. Wash the slides twice with PBS for 15 min, protected from
light.

18. Add the secondary antibody to the wells on all slides and
incubate at room temperature for 1–2 h in a humidified cham-
ber. Again, use a volume that covers the area but does not
overflow the hydrophobic barrier delineated with the PAP pen.

19. Remove secondary antibody from slides using a pipette.

20. Optional: Add appropriate volume of DAPI Vectashield hard-
ening medium to fraction regions, ~15–25 μL. Axons should
not have DAPI fluorescence. Place appropriate coverslip size
over sample slides. Allow hardening for 15 min at room
temperature.

21. Visualize specimens by laser-scanning confocal microscopy (see
Notes 3 and 8 and Figs. 2 and 3).

22. Fractionation efficiency can be evaluated by comparing CTB
and Tuj1 labeled materials in in the elution and nonbound
fractions. Axons will appear as long, thin tissues that are labeled
with both CTB and Tuj1 (see Note 9).

4 Notes

1. Verify that your petri dish is heat tolerant at 95 °C. If not, the
protocol can be adapted by carrying out the tissue dissociation
in a microcentrifuge tube as well.

2. Beware that PAP pen types may create a fluorescent border that
can be seen with microscopy. Be careful to not allow liquid to
reside in sample regions, which may result in a false-positive
readout. Chamber slides could also be used instead of
PAP pens.

3. Fluorophores were chosen to avoid overlapping excitation and
emission spectra. Alexa 488 is a green fluorescent dye that uses
the 488 nm laser line with an excitation max at 490 nm and an
emission max at 525 nm. Alexa 594 is a red fluorescent dye that
uses the 561/594 laser line with an excitation max at 590 nm
and an emission max at 617 nm. DAPI is a blue fluorescent
DNA stain that uses 405 laser line with an excitation max at
350 nm and an emission max at 470 nm.
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4. The optimal magnetic bead quantity can be determined using
preliminary trials in which increasing quantities of magnetic
beads are incubated with the same concentration of the CTB
antibody. After preparing the anti-CTB magnetic beads, the
protocol can be performed on control tissue samples of equal
mass with each magnetic bead concentration at equal volumes.
The elution fraction yield can be evaluated using microscopy or
western blot for a RGC axonal marker such as Tuj1 and nor-
malized based on the tissue weight. There will be a maximal
magnetic bead concentration where the elution fraction yield
no longer improves. The lowest concentration with maximal
elution fraction yield will be the optimal starting magnetic bead
volume.

5. Conjugated beads should be stored at 4 °C and be used within
2–3 weeks. After this, they will begin to lose binding efficiency.

6. If the tissue is not dissociating well, verify that the protein
digestion solutions (collagenase D and proteinase K) are
prepared fresh and stored properly. You may also increase the
digestion time or increase the agitation.

7. To avoid cross-contamination between experiments, it is best
to not reuse anti-CTB magnetic beads for multiple fraction-
ation experiments.

8. If Tuj1 fluorescence is low in immunodetection, increase the
concentration of Tuj1 primary antibody as described in Sub-
heading 3.4, step 13.

9. If the elution fraction efficiency is low, increase the anti-CTB
magnetic bead binding time with the dissociated tissue or
increase the total quantity of anti-CTB magnetic beads.
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Chapter 4

Analysis of Immediate Early Gene Expression Levels
to Interrogate Changes in Cortical Neuronal Activity
Patterns upon Vision Loss

Sara R. J. Gilissen, Maroussia Hennes, and Lutgarde Arckens

Abstract

Mapping immediate early gene (IEG) expression levels to characterize changes in neuronal activity patterns
has become a golden standard in neuroscience research. Due to straightforward detection methods such as
in situ hybridization and immunohistochemistry, changes in IEG expression can be easily visualized across
brain regions and in response to physiological and pathological stimulation. Based on in-house experience
and existing literature, zif268 represents itself as the IEG of choice to investigate the neuronal activity
dynamics induced by sensory deprivation. In the monocular enucleation mouse model of partial vision loss,
zif268 in situ hybridization can be implemented to study cross-modal plasticity by charting the initial
decline and subsequent rise in neuronal activity in visual cortical territory deprived of direct retinal visual
input. Here, we describe a protocol for high-throughput radioactive zif268 in situ hybridization as a
readout for cortical neuronal activity dynamics in response to partial vision loss in mice.

Key words Immediate early genes, zif268, Neuronal plasticity, In situ hybridization, Cortical recov-
ery, Monocular enucleation

1 Introduction

Immediate early gene (IEG) expression is established as a readout
to assess brain-wide neuronal activity patterns under different phys-
iological and pathological conditions [1–3]. They can be visualized
via multiple detection methods such as immunohistochemistry,
Western blot, in situ hybridization (ISH), calcium-modulated
photoactivatable ratiometric integrator (CaMPARI), and even
in vivo imaging [3–5]. The advantage of ISH is the ability to label
specific mRNAs while providing region- and cell-specific informa-
tion. ISH can be carried out via (non)radioactive labeling an oligo-
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nucleotide, DNA, or RNA probe directed against the IEG of
interest. Whereas fluorescence opens up the possibility of multi-
plexing, radioactivity remains the most sensitive and most effective
quantitative detection method because of its unparalleled linear
signal range. Radioactive ISH typically consists of a more lengthy
protocol, but the results on autoradiographic film can be kept
infinitive without losing sensitivity. In addition, the same tissue
sections can be reused for a cyto-architectural or immunohisto-
chemical staining, precise placement of areal borders, assessment
of histological abnormalities, and obtaining (sub)cellular expres-
sion information. Several IEGs qualify as neuronal activity reporter,
including c-fos, arc, homer1, zif268/egr1, and npas4. Although all
of these IEGs can provide information about neuronal activity,
subtle expression differences among them calls for careful consid-
eration when planning an experiment and protocol [6–9]. In the
context of assessing the initial impact and subsequent recovery of
the visual system after peripheral injury, for example, due to damage
to the optic nerve, zif268 should be the IEG of choice. This IEG
namely has the advantage of being expressed at an intermediate
baseline level in the absence of specific stimulation, offering the
opportunity to detect both decreased and increased neuronal activ-
ity levels as a readout of loss or regain of visual stimulation. Fur-
thermore, as zif68 is broadly expressed, this IEG can be used to
study neuronal activity patterns across cortical layers, as well as
subcortical structures, including the LGN and the superior collicu-
lus. Interestingly, changes in zif268 expression levels can also be
used to visualize cross-modal brain plasticity [10, 11]. Partial vision
loss in mice, for example, where the visual cortex, permanently
deprived of retinal inputs, becomes reactivated by inputs from
other sensory modalities, can be interrogated using zif268 labeling
(Fig. 1) [12–16]. Moreover, a recent study comparing different
IEGs discovered zif268 expression to bemainly driven by top-down
cross-modal neuronal activity, whereasArc expression was primarily
driven by bottom-up sensory activity [17], thereby confirming
zif268 as the ideal IEG of choice to study multimodal-driven
brain activity and plasticity next to bottom-up sensory activation.
Here, we present a standardized protocol for studying the cross-
modal plasticity phenomenon by inducing vision loss in mice via
monocular enucleation, or the removal of one eye, and assessing
loss and regain of neuronal activity in the visually deprived cortex by
charting zif268 expression levels.
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Fig. 1 Mapping of zif268 expression levels to study the dynamics of cortical plasticity processes upon partial
vision loss in adulthood. Left: Upon visual stimulation, normal sighted adult mice (P120) show upregulated
zif268 expression in the visual cortex, reflecting normal neuronal activity patterns. Middle: Upon monocular
enucleation, neuronal activity is reduced and zif268 expression levels drop significantly in the monocular zone
(gray boxes) of the deprived visual cortex. Right: During a timeframe of 7 weeks, sensory inputs from the
remaining eye and the whiskers drive neuronal reactivation of the deprived binocular (orange box) and
monocular (turquoise boxes) visual area, respectively. This regain of neuronal activity is visualized by a
restored zif268 cortical expression pattern

2 Materials

General Note This protocol has been optimized using C57Bl/6j
mice, obtained from Janvier Labs, with an age ranging from P45
until P170. It is for labeling zif268 mRNA with an oligo-cDNA
probe (see Note 1), labeled with 33P (American Radiolabeled Che-
micals Inc., dATP-33P, 1 mCi, ARP-0127A) (see Note 2).

1. Autoclaved ultrapure water.

2. Anesthesia solution (0.1 mL/10 g) (i.p.): Mix 0.2 mL mede-
tomidine hydrochloride (1 mg/kg), 0.15 mL ketamine hydro-
chloride (75 mg/kg), and 1.65 mL sterile 0.9% saline.

3. Anesthesia-reversal solution (i.p.): Mix 100 μL atipamezole
hydrochloride (1 mg/kg) and 9.9 mL autoclaved 0.9% saline
(see Note 3).

4. Analgesics solution (i.p.): Mix 200 μL meloxicam (2 mg/kg)
and 800 μL autoclaved 0.9% saline.
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5. Ophthalmic ointment.

6. 1× TET buffer: Prepare a solution of 0.1MTris–HCl, 0.001M
EDTA, and 0.01 M triethanolamine (TEA) by dissolving
1.211 g Tris, 0.037 g EDTA, and 150 μL TEA in autoclaved
ultrapure water. Adjust the pH to 7.7 using 6 NHCl and bring
final volume to 100 mL.

7. 10× phosphate-buffered saline (10× PBS): Mix 66.6 mL phos-
phoric acid, 90 g of NaCl, and 800 mL autoclaved ultrapure
water. Adjust the pH to 7.4 by using NaOH crystals until a pH
of 6.5–7 is reached. Continue adjusting the pH to 7.4 by using
6 N NaOH. Bring volume up to 1 L and autoclave (see Note
4).

8. 1× phosphate-buffered saline (1× PBS): Mix 100 mL 10× PBS
buffer and 900 mL autoclaved ultrapure water.

9. 4% formaldehyde: Mix 27 mL formaldehyde solution (37%)
and 223 mL 1× PBS buffer.

10. Denhardts solution: Dissolve 0.5 g Ficoll 400, 0.5 g polyvinyl-
pyrrolidone, and 0.5 g bovine serum albumin (BSA) in 25 mL
autoclaved ultrapure water.

11. 0.2 M phosphate buffer: Mix 1.33 mL phosphoric acid and
80 mL autoclaved ultrapure water. Adjust pH to 7.4 using
NaOH and bring final volume to 100 mL. Autoclave.

12. 20× saline sodium citrate (SSC) buffer: Prepare a solution of
3 M NaCl and 0.3 M sodium citrate by dissolving 175.3 g
NaCl and 88.2 g sodium citrate in 800 mL of autoclaved
ultrapure water. Adjust to pH 7 using 6 N HCl, and bring
the volume up to 1 L. Autoclave the buffer.

13. Hybridization cocktail: Mix 250 mL formamide, 100 mL of
20× SSC buffer, 5 mLDenhardts solution, 25 mL 20% sarcosyl
(5 g dissolved in 25 mL autoclaved ultrapure water), 50 mL
0.2 M phosphate buffer, and 50 g dextran sulfate. Heat the
solution in a 37–42 °C warm water bath and add 20 mL
autoclaved ultrapure water. Store at -20 °C aliquoted in
50 mL polypropylene conical tubes.

14. D19 developer: In a 5 L Erlenmeyer flask, mix 4 L distilled
water combined with warm tap water until an average temper-
ature of 38 °C is reached or heat the water using a heating
plate. Working under a fume hood, add the D19 powder (see
Note 5) and dissolve the powder using a magnetic stir bar. Add
distilled water to 5 L and check for a pH between 9 and 12.
Adjust the pH if needed by adding 6 NNaOH to bring it up or
6 N HCl to bring it down. Let the D19 developer cool down
and store in a glass bottle.

15. 100% ethanol.



IEG Mapping of Neuronal Activity Patterns 59

16. Ethanol dilution series (50%–70%–98%): Dilute absolute etha-
nol to the appropriate concentrations using autoclaved ultra-
pure water.

17. Chloroform.

18. 2-Methylbutane.

19. zif268 oligo-cDNA probe.

20. dATP-33P radioactive ligand (see Note 2).

21. Terminal transferase enzyme (Tdt), purified from E. coli clone
of calf thymus.

22. Liquid scintillation counting solution.

23. DNA, from fish sperm (e.g., 11,467,140,001, Merck).

24. tRNA (e.g., 10,109,495,001, Merck).

25. Oligo-cDNA probe (see Note 1).

26. 50% formamide: Mix 50 mL formamide and 50 mL of auto-
claved ultrapure water.

27. Heat pads.

28. Curved forceps: Tip width, 0.5 mm; length, 10 cm; tip shape,
curved; tip dimensions, 0.5 × 0.4 mm.

29. Large forceps: Tip width, 3.3 mm; length, 16 cm; tip shape,
straight; tip dimensions, 3.3 × 1.7 mm.

30. Aluminum foil: multiple 10 × 10 cm sheets.

31. Glassware prebaked at 185 °C: Glass beaker (volume 800 mL),
glass slides (25 × 75mm), glass slide holder, glass slide contain-
ers (max volume 250 mL).

32. Poly-L-lysine hydrobromide mol wt > 300,000.

33. Weighing boats (46 × 46 × 8 mm).

34. Cryostat, -20 °C.

35. Heating block: Up to 100 °C with a holder for 0.5 mL and
1.5 mL microcentrifuge tubes.

36. Microcentrifuge tubes (0.5 mL, 1.5 mL).

37. 50 mL conical tubes, polypropylene.

38. Quick spin oligo column (Sephadex G-25).

39. Microcentrifuge.

40. Vortex .

41. β-counter.
42. Scintillation counting tubes for β-counter.
43. Rubber cement.

44. Humidity chamber for immunohistochemistry staining of sec-
tioned samples on glass slides (e.g., Biogear BGHC-024).
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45. Tissue paper.

46. Autoradiography film (e.g., hyperfilm Biomax MR).

47. Medical X-ray film cassette.

48. Scanner (e.g., Canon CanoScan 9000F Mark II).

49. Carbon-14 standards on glass slides with an activity range of
0–35 nCi/mg.

50. Computer with ImageJ software and statistical software such as
Excel or GraphPad.

3 Methods

3.1 Monocular

Enucleation

1. Sedate the animal via a 0.2 mL intraperitoneal injection of the
anesthesia solution (8 μL/g bodyweight) and keep the animal
warm while sedated by using heating pads.

2. Use large forceps to check the tail-pinch reflex to assess the
depth of sedation.

3. Apply eye cream to the eye that will not be removed in order to
prevent dehydration (see Note 6).

4. Sterilize a curved forceps.

5. Place the animal on a smooth and large surface like a table (see
Note 7) and lay it on its side, with the eye to be removed facing
upward.

6. Place the sides of the opened forceps around the eye and press
down gently to elevate the eye out of its socket.

7. Brings the forceps behind the eye and close them. Pinch the
blood vessel and nerve but not the eyeball (see Note 8).

8. Make a small circular movement with the forceps, allowing the
animal’s body to follow in the same circular movement. Switch
from clockwise to counterclockwise rotation when there is any
resistance when executing the circular movement (see Note 9).

9. Continue fluent circular movements while keeping the forceps
tightly closed until the eye detaches from its blood vessel and
nerve (see Note 10).

10. Reverse sedation via a 0.4 mL i.p. administration of the
anesthesia-reversal solution and administer a 0.1 mL subcuta-
neous injection of analgesics solution.

11. Let the animal recover on a heating pad before returning it to
the animal facility.
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3.2 Sample

Preparation

1. To measure visual cortex activity levels, animals should be
placed in a quiet dark room the evening before, and brains
should be harvested the next morning upon appropriate sen-
sory stimulation (see Note 11).

2. Stimulate the animals during 45 min in bright lighting (see
Note 12).

3. Fill the bottom of a beaker with 2-methylbutane (±2 cm liquid
to submerge the brains), place on dry ice, and let it cool down
to-40 °C (seeNote 13). Place rectangular pieces of aluminum
foil, used to store the brains, on dry ice to cool them in order to
prevent tissue damage in step 5.

4. Sacrifice the mice via cervical dislocation by applying firm
pressure at the base of the skull while pulling the tail backward.
Dissect out the brain and place it gently on a small plastic
container, i.e., weighing boat. Carefully submerge the plastic
container containing the brain in the cooled 2-methylbutane
for approximately 5 min.

5. Use forceps to remove the plastic container from the beaker
and place the brain on the pre-cooled aluminum foil. Close the
aluminum foil and store at -80 °C. (see Note 14).

6. Prepare 25 μm brain sections using a cryostat (see Note 15).
Collect sections on glass slides, baked and pre-coated with
poly-L-lysine, and store them at -20 °C (see Note 16).

3.3 Labeling and

Purification of the

Probe

1. Set the heating block at 37 °C.

2. Add 20 μL autoclaved ultrapure water, 8 μL terminal transfer-
ase enzyme (Tdt) buffer, 4 μL oligo (40 ng/μL concentration),
4 μL Tdt (see Note 17), and 4 μL 33P-dATP in a 0.5 mL
microcentrifuge tube.

3. Incubate the microcentrifuge tube in the heating block at 37 °
C for 1.5–2 h.

4. Use a mini Quick spin oligo column (gel filtration chromatog-
raphy), containing Sephadex G-25 diluted in STE (1×) buffer.
Carefully tap against the column to resuspend the Sephadex
matrix in the buffer (see Note 18) and remove the top and
bottom part.

5. Place the column on a 1.5 mL microcentrifuge tube and cen-
trifuge using a microfuge at 4000× g for 1 min at room
temperature.

6. Discard the microcentrifuge tube containing the buffer and
place the column into a new microcentrifuge tube.

7. Apply the labeled oligo mixture in the middle of the column
and centrifuge using a microfuge at 4000 g force for 4 min at
room temperature.

8. Add 200 μL of TET buffer to the microcentrifuge tube, now
containing the purified labeled oligo probes.
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3.4 Quantifying the

Amount of Labeled

Oligo Probes

To quantify the amount of radioactively labeled oligo, liquid scin-
tillation counting (Aqua luma) is performed. Radioactivity is
expressed in counts per minute (cpm).

1. Place the standard solution (Aqua luma) in the β-counter.
2. Add 2 μL of the labeled oligo to 5 mL Aqua luma and vortex

(see Note 19). This is done in special scintillation tubes that fit
in the available β-counter. The cpm are determined with the
software program that fits the chosen isotope (33P).

3. Calculate the amount of labeled oligo (μL) that needs to be
added to the hybridization cocktail (see Note 20).

4. Store the microcentrifuge tubes of labeled oligo at 4 °C (see
Note 21).

3.5 Tissue Fixation 1. Take out the frozen glass slides 30min before fixation and place
them on room temperature to dry.

2. Fixate the dry glass slides in 4% formaldehyde for 30 min on 4 °
C to inhibit endogenous ribonucleases.

3. Rinse the glass slides two times in 1× PBS for 15 min each.

4. Shortly rinse with ultrapure water to remove salts.

5. Dehydrate the tissue on the glass slides by pulling them
through a series of solutions with ascending ethanol concen-
trations: 1′ ethanol 50% – 1′ ethanol 70% – 1′ ethanol 98% – 2′
ethanol 100%: Prepare the ethanol dilutions using autoclaved
ultrapure water.

6. Delipidate the tissue on the glass slides by submerging them in
chloroform for 5′.

7. Shortly rinse in 100% and 98% ethanol to remove the
chloroform.

8. Let the glass slides air-dry (see Note 22).

3.6 Hybridization 1. Place the hybridization cocktail at 37–42 °C to reduce viscosity
(see Note 23).

2. Calculate the amount of hybridization cocktail, labeled oligo,
DNA, and tRNA required for the complete hybridization solu-
tion, based on the number of slides to be stained. Each slide
requires 0.5 mL hybridization cocktail, one million cpm of the
labeled oligo, 5.5 μL DNA, and 3 μL tRNA (see Note 24).

3. Set the heating block to 100 °C. When the right temperature is
reached, place the DNA in the heating block and let it boil for
at least 10 min to allow denaturation.

4. Prepare a moisturized chamber by adding tissue paper soaked
in 50% formamide (see Note 25).
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5. Surround the sections of each glass slide with rubber cement to
create a barrier to keep the hybridization solution on the sec-
tions (see Note 26).

6. Based on your calculations in step 2, combine the hybridiza-
tion cocktail, DNA, and tRNA in a polypropylene falcon, and
vortex.

7. To complete the hybridization solution, add the labeled oligo
(as calculated in step 2) to the mixture in step 4 and vortex
again.

8. Apply 0.5 mL of the hybridization solution to each glass slide
and incubate overnight at 38 °C (see Note 27).

3.7 Rinsing and

Preparation for Film

Exposure

1. Wash the sections with 1× SSC buffer at 43 °C if they were
incubated at 38 °C (see Note 28).

2. Remove the rubber cement and rinse them again (seeNote 29).

3. Place the glass slides in a glass slide holder, fill with 1× SSC
buffer, and place them in a water bath heated at the same
temperature (in this case 43 °C).

4. Rinse four times for 15 min with 1× SSC buffer preheated in
the water bath (see Note 30).

5. Perform a last short rinse with autoclaved ultrapure water.

6. Dehydrate the tissue sections on the glass slides using an
ascending ethanol series, (1′ ethanol 50% – 1′ ethanol 70% –
1′ ethanol 98% – 1′ ethanol 100%).

7. Air-dry the glass slides.

8. Take a thick white paper and tape all glass slides on it as well as
carbon-14 standards on one of the films (see Note 31).

9. Place the autoradiography film (hyperfilm BiomaxMR) with its
matte side on the glass slides while being in a dark room
(presence of red light is allowed) (see Note 32). Place the film
with glass slides in a medical X-ray film cassette and store it in
the dark chamber or in a lighttight closet.

10. Films can be developed after 6 days (see Note 33).

3.8 Film

Development

1. Take the films out of the cassettes in the dark room.

2. Place the films for 5 min in D19 developer. The films cannot
touch each other during development.

3. Rinse the films with (tap) water.

4. Fixate the films for 10 min in Rapid fixer, which is diluted 1/5
(see Note 34).

5. Rinse four times in (tap) water (at least 30 s each time, but this
can be longer) (see Note 35).

6. Rinse with distilled water to avoid calcification stains from the
tap water.
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7. Air-dry the films by hanging them up, so they can dry on both
sides.

8. Once the films are dried, use a scanner (Canon CanoScan
9000F Mark II) to obtain images of each section and the
carbon-14 standards for further analysis.

3.9 Analysis 1. Use an image analysis software such as ImageJ to measure IEG
expression levels by performing an optical density measure-
ment in the region(s) of interest.

2. Open the image of the carbon-14 standards to calibrate your
images.

3. Measure the mean gray background value of each standard/
step. Make a rectangular selection that almost covers the entire
square of the standard/step that you want to measure. Start on
the lightest side and move toward the darkest square. Measure
each step (Analyze/Measure). You can adjust the contrast of
the image to see the lighter or darker squares more clearly
(Image/adjust/Brightness/contrast).

4. Each measurement has been added automatically to the left
side of the calibration dialog box (Analyze/Calibrate). Add
O.D. values into the right column from 0.00 to 2.60, divided
in equal steps (Function: Rodbard – Unit: O.D.).

5. The image is now calibrated to O.D. values and the calibration
curve can be saved. The same calibration can be used for all
open images by checking “global calibration” at the bottom of
the calibrate dialog box.

6. Open the image of the section that you want to analyze.

7. Select the area of interest and measure the OD value (Analyze/
measure).

8. Select a background area and measure the OD value (Analyze/
measure) (see Note 36).

9. Calculate your value with the following formula ((1 - (OD area
of interest/OD background area)) × 100) (see Note 37) an
save them in an Excel file or statistical program file such as
“graphpad.”

4 Notes

1. Depending on the chosen probe, hybridization and rinsing
steps will need to be adjusted. Choose an oligonucleotide
probe of approximately 45 nucleotides with a similar number
of C–G pairs and A–T pairs. The tail and end sequence of the
probe should differ from each other to avoid hairpin or loop
formations. When performing ISH for a new oligonucleotide
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for the first time, you should introduce negative biological and
technical controls, by labeling certain sections with a labeled
sense probe instead of an antisense probe. A second option is to
add access unlabeled oligo (100×) to the hybridization cocktail.
The unlabeled oligo will outcompete the labeled oligo probes.
A third option is to destroy all RNA with RNase prior to
incubation with labeled probe to check if there is no labeling
to DNA [18].

2. We chose 33P radioactive labeling as in our hands it provides the
best signal-to-noise ratio for zif268 ISH based on radiation
strength, decay, and hazard for the experimenter. The radioac-
tive isotope can be stored at -80 °C upon arrival, but it is
recommended to start labeling as soon as possible to prevent
decay of the radioactivity. It is difficult to find a good supplier;
therefore, we would like to share the one that we use: American
Radiolabeled Chemicals Inc., dATP-33P, 1 mCi, ARP-0127A.
Other radioactive isotopes have been used for ISH but we do
not recommend them due to the following observations:
32P-labeling leads to a poor resolution and 32P has a half-life
time of only 14 days. 35S, on the other hand, has a longer half-
life time and its labeling provides a slightly better resolution.
However, the addition of a reducing agent such as dithiothrei-
tol (DTT) is required to avoid sulfur oxidation, thereby reduc-
ing the higher risk of background staining. Moreover, when
using 35S, there is an additional risk due to the possibility of
aerosol formation. 3H-labeling would not be ideal as it requires
an impractically long autoradiographic exposure time (several
months).

When working with radioactivity, make sure the required
safety procedures are followed; work in an isolated radioactive
room/space, wear a dosimeter to check exposure levels, and
wear double pair of gloves, safety goggles, and a dedicated
(radioactivity only) lab coat. Radioactivity-contaminated mate-
rial should be discarded in special waste bins. After finishing the
radioactive experiment, make sure to check used material and
bench spaces for possible contamination using a Geiger
counter.

3. Give double of the amount that you gave to anesthetize (e.g., a
mouse of 20 g will receive 0.2 mL anesthesia, i.p. and 0.4 mL
anesthesia reversal i.p.).

4. Dissolved NaOH crystals will release heat; use a cold-water
bath to cool down the buffer to room temperature or add it
in small steps. Store the buffer at room temperature to avoid
crystallization.

5. D19 powder can be bought, or you can make it yourself. One
bag of D19 powder (normally for 3.8 L) can be used to make
5 L of developer fluid for ISH film development. After usage,
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pour developer solution immediately back in the bottle to
avoid oxidation. The solution can be reused and stored long-
term. The developer works optimally at a room temperature
between 16 and 22 °C.

6. Dehydration of the intact eye can occur after 5 min under
anesthesia and could lead to visual damage. After applying eye
cream to the intact eye, it might be necessary to apply it a
second time after removal of the other eye. During eye
removal, the animal is faced with the remaining eye toward
the table, resulting in loss of the eye cream. If the animal is
adequately sedated within the first 5 min, one can choose to
add eye cream at the end of the procedure.

7. If the surgery is performed on an uneven surface, the circular
movement of the animal will be obstructed and slowed down.
This will complicate efficient eye removal and induces a higher
risk of bleeding due to inadequate clamping of the nerve and
blood vessel.

8. Make sure to pinch the blood vessel and nerve within the arch
of the forceps. If you pinch them at the tip of the forceps, the
circular movements could lead to detachment between the
tissue and forceps, interrupting the twisting of the blood vessel
and nerve. Grasping the blood vessel and nerve a second time is
not recommended because it will complicate a swift removal
and increase the chance of bleeding.

9. In some cases, there will be no resistance felt upon the first
turn. In this case, there is no problem in keeping the same
circular direction. When there is resistance, the direction of
movement should be reversed. This process should be repeated
until there is no longer any resistance.

10. Be careful to not lift the forceps too high while making the
circular movements; keep them close to the animal and surface.
By lifting up the forceps too high, there is a chance to tear the
blood vessel and nerve instead of twisting them. A premature
tear will lead to bleeding and a longer recovery time.

11. Place the mice in the dark to bring zif268 levels back to
baseline. We dark expose the mice from 5 pm to 9 am. Make
sure to not extend the period of dark exposure as this will
influence plasticity in the visual cortex.

12. After 45 min of re-exposure to sensory stimulation (light,
sound, touch of objects, depending on the experimental ques-
tion), maximal expression of zif268 mRNA is reached. For
analysis at protein level, maximal expression levels are reached
after 60 min.

13. Make sure that the temperature does not go below -50 °C,
since this can cause damage to the brain submerged into the
liquid.
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14. When folding the aluminum foil, make sure that the foil does
not touch the top of the cortex. If the foil is not adequately
cooled down, the heat of the foil will damage layer 1 of the
cortex.

15. Cryosections can be stored up to several years and still be used
for ISH. Using sections thicker than 25 μm will not result in a
signal intensity increase since maximal tissue penetration by the
labeled probe is reached.

16. Poly-L-lysine-coated glass slides can be bought or self-made.
They provide adhesion of sections and clear RNases. To coat
the glass slides, bake all slides and fluid holders in an oven at
185 °C, while covered in tin foil. Let them cool down and
prepare thepoly-L-lysine solution,molecularweight>300,000
(dissolve 100 mg poly-L-lysine hydrobromide powder in
100 mL autoclaved ultrapure water in a pre-baked bottle with
an autoclaved lit). Dip the slides in poly-L-lysine solution and
let the excessive solution drip off. Place the slides angular at 45°
in drying racks. Once dry, place all the slides in boxes and store
at -20 °C.

17. Tdt is very temperature sensitive. Place it in a cooling block at
-20 °C at all times, even when pipetting.

18. Do not vortex since this could cause damage to the column.

19. Depending on howmuch oligo you want to radioactively label,
you will most likely use more than one microcentrifuge tube.
Radioactivity should be measured for each microcentrifuge
tube that contains labeled oligo. It is to be expected that each
microcentrifuge tube will give a different value. Based on our
facilities and equipment, one ISH contains 120 glass slides
maximum. Two to three such ISH can be performed based
on the amount of radioactively labeled oligo probe.

20. Each glass slide, consisting of six cryosections (mouse brain),
needs to be labeled with one million cpm radioactivity. Based
on this information, we calculate the amount of labeled oligo
that needs to be added to the hybridization buffer.

21. The microcentrifuge tubes with labeled oligo can be stored at
4 °C overnight. It is however also possible to immediately
continue with the protocol on the same day.

22. Place the glass slides in holders to avoid any spots on your
tissue from dried up water. This should go relatively fast
(around 30 min).

23. This can be done before you start fixating your tissue.

24. DNA and tRNA are added to decrease nonspecific binding of
the oligo.
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25. Adding the formamide is important to avoid condensation
droplets to fall on the glass slides, which could dilute the
mixture and leave spots with less or no labeling.

26. Apply one rectangle of the rubber cement at the edge of the
glass slide, not around each tissue section. Be careful to not
place any rubber cement on the tissue sections or the writing
part of the glass slides. Use a syringe to apply a 1 mm thick layer
of rubber cement. If too much is applied, it will spread upon
drying and possibly touch the sections, but when applied too
thin, it will be harder to remove in the next step.

27. If the sequence of the labeled oligo matches 100% with the
targeted species, the incubation temperature can be set higher.
By setting the temperature higher, there will be less aspecific
binding. The temperature can however not rise above the
melting temperature of the oligo. When the cocktail buffer
contains formamide, this will lower the melting temperature.
For RNA–DNA hybrids, you can calculate the melting temper-
ature with the following formula: Tm = 79.8 + 18.5 log
(molarity of monovalent cations) + 0.58 (%GC content of the
probe) + 0.0012 (%GC content)2 – 820/(length of probe in
bases) – 0.5 (% formamide).

28. Take the melting temperature of the oligo into account. After
overnight incubation, the unbound labeled oligo needs to be
rinsed off. This should be done at a temperature 5 °C higher
than the incubation step. With negative results, try the experi-
ment again but at a lower temperature.

29. Removing rubber cement can be done with forceps. Use the
forceps to grab a corner of the rubber cement. If it was applied
in the right consistency, then the rubber cement will come off
in one piece when pulled gently.

30. All the waste of each rinsing step should be considered as
radioactive waste.

31. Make sure the glass slides do not touch each other when taping
them on the white paper. When placing the film and closing the
cassette, the glass slides could move a bit leading to them
pushing up against each other or even overlap. The film
would then not touch the complete glass slide and therefore
give unsharp images. The carbon-14 standards are added to be
able to make a calibration curve of the optical density
(OD) values while analyzing the results. One for each set of
simultaneous developed films is enough.

32. The autoradiography hyperfilms (Biomax MR, A4 format) are
stored in the fridge at 4 °C. Take them out of the fridge at least
30 min before using them to avoid condensation droplets on
the glass slides.
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33. Depending on the used oligo, isotope, tissue, and species
under study, and on the desired signal intensity, films can be
developed after 3 days or up until 4 weeks. Exposure time has
to be determined empirically. If the signal is insufficient, new
film is applied and a longer developing time is implemented.

34. Always use different tubs for the developer and fixator baths
and different spatulas to move the films through the fluid. One
is basic while the other is acidic and therefore cannot be mixed
together.

35. From this step on, the light can be turned on.

36. Choose a small area to measure the OD value of the back-
ground. This does not have to be the same size as the area of
interest. Preferably, it is the background of the section so
choose an area within the section that is not affected by IEG
changes (e.g., white matter underneath the cortical layers).

37. Pure black will have the lowest OD value, but from an experi-
mental viewpoint, it represents the highest expression of your
IEG. If you do not transform your values with this formula,
you will end up with bar graphs wherein low IEG expres-
sion values are represented by high bars and vice versa.
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Chapter 5

Noncoding Regulatory RNAs: Isolation and Analysis
of Neuronal Circular RNAs and MicroRNAs

Michela Dell’Orco, Grigorios Papageorgiou, Nikolaos Mellios,
and Nora I. Perrone-Bizzozero

Abstract

In addition to expressing a large number of protein-coding transcripts, including alternatively spliced
isoforms of the same mRNAs, neurons express a large number of noncoding RNAs. These include
microRNAs (miRNAs), circular RNAs (circRNAs), and other regulatory RNAs. The isolation and quanti-
tative analyses of diverse types of RNAs in neurons are critical to understand not only the posttranscriptional
mechanisms regulating mRNA levels and their translation but also the potential of several RNAs expressed
in the same neurons to regulate these processes by generating networks of competing endogenous RNAs
(ceRNAs). This chapter will describe methods for the isolation and analyses of circRNA and miRNA levels
from the same brain tissue sample.

Key words RNA isolation, Brain tissues, circRNAs, miRNAs, qRT-PCR

1 Introduction

There are several methods to isolate total RNA from cells, but the
most common ones are based on the use of either the chaotropic
agent guanidinium thiocyanate combined with phenol and chloro-
form extraction [1] or a guanidinium salt containing lysis buffer
and silica-based columns that bind RNA, followed by elution and
alcohol precipitation. The guanidinium thiocyanate–phenol solu-
tion, which is commercially available as TRIzol, TRI Reagent,
QIAzol, or equivalent kit, disrupts the cells, denatures proteins,
and deactivates nucleases and proteases, thereby stabilizing the
DNA, RNA, and protein in the sample. The main advantage of
this method is the ability to scale up the amount of starting material
used from mg to grams of tissue. Disadvantages include the
requirement of a chemical hood due to the use of phenol and
chloroform.

Ava J. Udvadia and James B. Antczak (eds.), Axon Regeneration: Methods and Protocols,
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The column-based methods (e.g., Qiagen RNeasy kit, EZ Tis-
sue/Cell Total RNA Miniprep kit, or similar columns) avoid the
use of chemical hoods as they do not use organic chemicals and can
be used for low amounts of tissue (10–100 mg), but they cannot be
scaled up to grams of tissue. RNA isolation using columns is faster
than using organic chemicals. They also minimize DNA contami-
nation by using gDNA Eliminator columns in the RNeasy® Plus
Kits. Alternatively, DNA can be digested using RNase-free DNase I
for in-column digestion or after elution.

Below we describe an RNA isolation protocol using the guani-
dinium thiocyanate–phenol solution method. After RNA is
isolated, the levels of circRNAs and miRNAs can be evaluated
using specific cDNA synthesis followed by real-time quantitative
PCR (qRT-PCR).

2 Materials

2.1 Reagents and

Equipment for Working

with RNA

1. RNAse decontamination solution, e.g., RNaseZap™ (see
Notes 1 and 2).

2. RNase-free water (commercially available or DEPC-treated
water) (see Note 3).

3. RNase- and DNase-free microcentrifuge tubes (0.2–1.5 mL)
(see Note 3).

4. Aerosol Barrier Pipet tips (from 10 to 1000 μL).
5. Micropipettes (from 2 to 1000 μL) (see Note 1).

6. 0.2 mL PCR 8-tube strips and set of 8-cap strips.

7. 96- or 384-well PCR plates (e.g., MicroAmp EnduraPlate
Optical 96- and 384-well Clear Reaction Plate with Barcode,
Applied Biosystems by Life technologies, 4483354 and
4309849) or similar plates from other suppliers.

8. Tube racks for 0.2–1.5 mL tubes.

9. Gloves.

10. Lab coat.

11. Standard thermocycler.

12. Real-time quantitative PCR thermal cycler.

13. Real-time quantitative fast PCR thermal cycler (if available, this
is ideal for miRNA assays).

14. Ice.

15. Dry ice.

16. -80 °C freezer.
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2.2 RNA Isolation 1. Chemical hood (see Note 1).

2. Handheld tissue homogenizer with motor and homogeniza-
tion pestles (several homogenizers are commercially available
to work with RNase-free single-use plastic pestles, e.g., KIM-
BLE cat# 6HAZ6).

3. Microvolume UV/visible spectrophotometer (e.g., NanoDrop-
1000, Thermo Fisher).

4. Fluorometer for nucleic acid quantification (e.g., Qubit,
Thermo Fisher).

5. Refrigerated centrifuge at 4 °C and rotor capable of reaching
12,000× g for 1.5 mL tubes.

6. Vortex mixer.

7. Water bath or heat block at 37 °C.

8. Surgical stainless-steel tweezers.

9. Chloroform (100%).

10. Ethanol (100%).

11. Diethyl pyrocarbonate (DEPC).

12. 1,4-Dithiothreitol (DTT, 100 mM: 15.4 mg in 1 mL RNase-
free water) .

13. RNAse-free glycogen (15 mg/mL). See Note 4.

14. Reagent for acid guanidinium thiocyanate–phenol–chloroform
extraction (e.g., TRIzol, TRI Reagent, QIAzol, or equivalent
reagents).

15. RNase inhibitor (e.g., Invitrogen RNaseOUT, 40 U/μL).

2.3 Quantification of

circRNAs

1. RNase R (e.g., Epicentre, RNR07250).

2. First-Strand Synthesis System (e.g., SuperScript IV Invitro-
gen™ by Thermo Fisher, 18091050), or alternative commer-
cially available kits and enzymes such as MultiScribe™ Reverse
Transcriptase (Invitrogen™ by Thermo Fisher, 4311235).

3. SuperScript IV First-Strand Synthesis Master Mix for circRNAs
(1 μL 50 μM random hexamer primers × number of samples;
1 μL 10 mM dNTP mix × number of samples; 3 μL RNase-free
water × number of samples). The use of 10% additional volume
of all reagents is recommended to compensate for minor pipet-
ting errors.

4. SuperScript IV RT Master Mix (4 μL SuperScript™ IV RT
Reaction Buffer Invitrogen™ 18090050B (see Note 5); 1 μL
100 mM DTT × number of samples; 1 μL RNaseOUT Inhibi-
tor 40 U/μL; 0.5 μL SuperScript IV RT; 0.5 μL RNase-free
water).

5. SYBR Green Master Mix (e.g., PowerUp™ SYBR™ Green 2X
Master mix, A25741, Thermo Fisher).
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6. SYBR Green Master Mix for qPCR (33 μL PowerUp™
SYBR™ Green 2X Master mix, Thermo Fisher; 3.3 μL 5 μM
forward primer; 3.3 μL 5 μM reverse primer; 22 μL RNase-free
water). This amount is enough to run one sample in triplicates.

7. Oligo(dT)12–18 Primer, Thermo Fisher, 18418012.

2.4 Quantification of

miRNAs

1. TaqMan® MicroRNA Assays or equivalent assays.

2. miRNA RT Master Mix (0.225 μL 100 mM dNTP Invitro-
gen™, 10297018; 1.5 μLMultiScribe™ Reverse Transcriptase
Invitrogen™, 4311235; 2.25 μL 10x RT buffer (see Note 5);
0.285 μL RNaseOUT 40 U/μL; 4.5 μL primer (5 μM);
6.24 μL RNase-free molecular grade water).

3. TaqMan PCR Master Mix (3.3 μL TaqMan® Small RNA Assay
(20X); 33.0 μL TaqMan® Universal PCR Master Mix II (2X);
25.4 μL RNase-free water). This is enough to run each sample
in triplicates.

3 Methods

3.1 RNA Isolation

from Brain Tissues

1. Assign an “RNA-only” lab space, reagents, and micropipettes
and clean all the benches, hood, and tools with RNase decon-
tamination solution (see Notes 1, 2, and 3).

2. Keep frozen tissue on dry ice until ready to go to step 3. If
tissue is freshly dissected, keep tissue cold in saline or
phosphate-buffered saline and immediately proceed to step 3
(see Note 6).

3. Calculate weight of samples and reagent amounts: add 1 mL
TRIzol™ Reagent per 100 mg of tissue at room temperature.

4. Homogenize tissue in handheld tissue homogenizer with auto-
claved or RNase-free disposable pestles. Some tissues may
require elimination of bubbles by carefully extruding extracts
through a 1 mL syringe.

5. Let homogenized sample incubate at room temperature for
5–10 min.

6. Add 200 μL of 100% chloroform per 1 mL of TRIzol™
Reagent used (see Note 7).

7. Vortex vigorously each sample for 30 s. The solution will
change color from bright pink to opaque light pink.

8. Allow samples to sit at room temperature for 3 min. Phase
separation will start at this point.

9. Centrifuge at 4 °C for 15 min at 12,000× g. Prepare new batch
of 1.5 mL tubes while samples are in the centrifuge.
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10. Hold sample tube at a slight angle, and collect upper, clear
aqueous phase containing the RNA. Use 200 μL pipette tips to
transfer the aqueous layers to new microfuge tubes. To mini-
mize DNA contamination, avoid touching the white inter-
phase and check the pipette tips for any contamination before
transferring the aqueous phase to new tubes.

11. Then add 3 μL of 15 mg/mL RNase-free glycogen solution
(see Note 4) and mix by vortexing. After that, add 500 μL of
100% isopropanol per 1 mL TRIzol™ Reagent and mix by
inverting the tubes several times.

12. Incubate at -20 °C for 30 min or overnight for higher yield.

13. Centrifuge samples at 4 °C for 15 min at 12,000× g, noting the
side of the tube where the RNA pellets will be collected.

14. Check the presence of a light blue RNA pellet if using Glyco-
Blue™ or a white pellet if using regular RNase-free glycogen
and carefully discard the isopropanol.

15. Wash the pellet with 1 mL 75% ethanol. For better RNA
quality, prepare fresh ethanol solution before washing.

16. Discard ethanol and use a 200 μL micropipette to carefully
remove all the supernatant. Let tubes sit open in a chemical
hood or bench counter until ethanol is fully evaporated but do
not let the pellet overdry (see Note 8).

17. Resuspend the pellet in 25–100 μL of DNase-/RNase-free
distilled water by pipetting the pellet up and down multiple
times. If the pellet is not completely resuspended, incubate the
samples at 37–50 °C for 10 min to solubilize the RNA.

18. Quantify the amount of RNA using both a Qubit fluorometer
and Nanodrop (Thermo Fisher) or UV/visible spectropho-
tometer to assess RNA quality and concentration following
the manufacturer’s instructions (see Note 9).

19. Store samples at -80 °C or proceed to cDNA synthesis.

3.2 circRNA cDNA

Synthesis

1. Digest 100–500 ng of isolated RNA in a solution of 1 μL 10x
RNase R (Epicentre®, RNR07250) reaction buffer and 1 μL of
RNase R (20 U/μL) adjusting the volume to 10 μL with
RNase-free molecular grade water (for details on RNase R, see
Note 10).

2. Incubate at 37 °C for 30 min in a thermocycler or water bath.

3. Place a 96-well plate place on ice, and add calculated concen-
tration of RNA so that each well has a total of 8 μL of RNA to
begin with.

4. In a 1.5–2 mL tube mix SuperScript IV First-Strand Synthesis
Master Mix as described in the Materials section.
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5. Add 5 μL of SuperScript IV First-Strand Synthesis Master Mix
into each well with the initial 8 μL for a total of 13 μL i
each well.

6. Cover wells with strip caps and vortex and centrifuge the plate
(see Note 11).

7. Place plate in regular or quantitative PCR thermal cycler with
the machine programmed as follows: Lid, 105 °C; volume,
13 μL; step 1, 65 °C for 5 min; step 2, 4 °C for .

8. While step 7 is ongoing, prepare the SuperScript IV RTMaster
Mix as described in the Materials section. Do not vortex master
mix, but simply pipet up and down to mix.

9. Once step 7 is completed, take plate out of thermal cycler and
vortex and centrifuge again.

10. Place on ice and slowly uncap wells.

11. Add 7 μL of SuperScript IV RT Master Mix to each well and
cap again.

12. Slightly vortex plate and centrifuge.

13. Place well plate in a thermal cycler (please note that this reac-
tion can be run using a standard thermocycler) with the
machine programmed as follows: Lid, 105 °C; volume,
20 μL; step 1, 23 °C for 10 min; step 2, 50 °C for 10 min;
step 3, 80 °C for 10 min; step 4, 4 °C for .

14. Once step 13 is completed, take plate out of thermal cycler and
store at -20 °C until needed for PCR amplification.

3.3 circRNA qRT-

PCR, Primers’ Design,

and Validation

1. Find detailed information on the circRNA of interest in
circRNA-related databases such as circBase (http://www.
circbase.org/) [2] or c ircInteractome (https ://
circinteractome.nia.nih.gov/) [3] and identify its full
sequence, including the exons and/or introns it contains.

2. Design primers that span the circRNA backspliced junction via
primer design software, such as NCBI primer and/or primer3
[4]. For exonic circRNAs with small-sized introns, try to have
the primer within the exons that comprise the backspliced
junction.

3. Validate primers and calculate amplification slopes. For details
on primer validation and primer slope determination, see
Note 12. An example of primer validation is shown in Fig. 1.

4. After the PCR reaction, run the PCR product in an agarose gel
and note its size. PCR products can be cut and gel purified, so
that they can be processed for Sanger sequencing for sequence
validation.

http://www.circbase.org/
http://www.circbase.org/
https://circinteractome.nia.nih.gov/
https://circinteractome.nia.nih.gov/
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Fig. 1 Validation of circRNA-specific qRT-PCR. Examples of validation of qRT-PCR reactions for circUpf2 and
circCreb1; re-printed with permission from Dell’Orco et al., 2020 [7]. To assess the specificity, reactions were
run in parallel with the same RNA samples that were either treated with RNase R (RNase R+) or left untreated
(RNase R-). In addition, instead of using random primers for the reverse transcription reactions, the same RNA
was used for cDNA synthesis in the presence of oligo-dT primers. If the primers only recognize the circRNA
and not the linear mRNA, there should be no significant difference between the results of RNase R+ and RNase
R- reactions. Finally, the oligo-dT reactions should show minimal or no amplification as shown by the 100-fold
lower amplification of the oligo-dT vs. random primers cDNA synthesis reactions for the circRNAs. Please note
that the scales have been divided to show the minimal circRNA amplification from the qRT-PCR reactions
using oligo-dt primer. Fold-changes are relative to the RNase R+ condition

3.4 circRNA

Quantification by qRT-

PCR

circRNA qRT-PCR is performed as previously described in
Zimmerman et al. (2020) [5].

1. Take the 96-well plate stored in -20 °C after cDNA synthesis
and let it thaw at room temperature. Once thawed vortex and
centrifuge.

2. Dilute cDNA from plate at a 1:10 and 1:200 ratio (see Note
12).

3. Take diluted cDNA and make 4.4 μL aliquots for each sample
(~1.33 uL × 3.3 to allow for enough cDNA for all triplicates
plus 10% more for pipetting corrections).

4. Make SYBR Green Master Mix as described in the Materials
section.

5. Add master mix last and immediately place on ice after vortex-
ing and centrifuging.

6. Add 61.6 μL of the SYBR Green Master Mix to each sample
and place on ice immediately.

7. After adding the master mix to all the samples, gently vortex
the plate and centrifuge, placing on ice immediately again.
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8. Take another tub of ice and place 384-well plate making sure it
is evenly set on the ice.

9. Pipet 20 μL of each sample into each well making sure to pipet
three wells per sample.

10. Once all samples have been pipetted in triplicates, use adhesive
film to seal well plate.

11. Vortex and centrifuge sealed plate to get rid of any bubbles (see
Note 11).

12. Once no bubbles are visible, place plate in PCRmachine, which
should be set to the following settings prior to placing plate in
machine as indicated below.

13. Set the thermal cycling conditions using the standard
cycling mode: step 1, UDG activation, 50 °C 2 min, hold;
step 2, Dual-Lock™ DNA polymerase 95 °C 2 min, hold;
step 3, denature 95 °C for 15 s and anneal/extend 60 °C
1 min, 40 cycles. Dissociation curve conditions (melt curve
stage): 1.6 °C/s at 95 °C for 15 s, 1.6 °C/s at 60 °C for 1 min,
and 0.15 °C/s at 95 °C for 15 s.

14. Run PCR as follows:

• PCR machine: Always choose the Comparative Curve anal-
ysis setting if available except when determining the slope of
the PCR amplification curve, where you need to choose the
standard curve option.

• Choose appropriate reagent (SYBR Green) and make sure
that the reaction volume per well is set up to 20 μL.

15. Calculate the concentration of each circRNA relative to the
reference circRNA (see Note 13).

3.5 miRNA-Specific

cDNA Synthesis

1. Clean working area with RNAse decontamination solution (see
Notes 1 and 2).

2. Defrost all samples and reagents, except the enzymes, on ice
and keep them on ice.

3. Dilute RNA samples to 2 ng/μL in UltraPure™ DNase-/
RNase-free distilled water (Invitrogen™, 10977015) or equiv-
alent RNAse-free molecular grade water (see Note 3).

4. Prepare the miRNA RT Master Mix using TaqMan®

MicroRNA Reverse transcription kit and TaqMan® MicroRNA
Assay primers (Life Technologies) as described in the Materials
section (see Note 14).

5. Dispense 15 μL master mix into each tube.

6. Dispense 7.5 μL of RNA diluted to 2 ng/μL into each tube.

7. Set the thermocycler as follows: step 1, 16 °C 30 min; step 2,
42 °C 30 min; step 3, 85 °C 5 min; hold 4 °C .

8. Store cDNA at -20 °C or proceed to miRNA qRT-PCR.
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3.6 miRNA-Specific

Quantification by qRT-

PCR

1. Dilute all cDNA samples 1:100 with RNase-free water and run
in triplicate for each miRNA analyzed.

2. Prepare the TaqMan PCR Master Mix for each miRNA as
described in the Materials section. This will prepare enough
master mix to run reactions in triplicates.

3. Dispense the master mix into tubes for each sample.

4. Add 1.33 μL cDNA template or RNase-free water for the
no-template controls (NTC) to each tube.

5. Vortex and then briefly centrifuge to remove bubbles by
centrifugation (see Note 11).

6. Dispense 20 μL per well (three wells for each sample, for each
miRNA).

7. Cover the plate with a thermal adhesive sealing film and spin
down to prevent bubbles.

Load plate into a fast real-time qPCR machine (if available
as this allows to run reactions in half as much time as in regular
qPCR machines) or regular real-time qPCR machine: select
FAM as detector, set solution volume to 20 μL, and run the
following protocol: step 1, 50 °C, 2 min 1 cycle; step 2, 95 °C,
20 s, 1 cycle; step 3, 95 °C, 1 s and 60 °C, 20 s, 40 cycles.

8. Calculate miRNA levels relative to U6 snRNA or another
control miRNA that does not change between samples using
the comparative 2-ΔCt method [8, 9] (see Note 15).

4 Notes

1. Separate working area for RNA extraction from that used for
tissue dissection or protein work to avoid contamination with
RNases from animal tissues and protein extracts. Also, use a
separate set of micropipettes and pipet tips with barrier filters.

2. Before starting any RNA extraction, both the working area and
micropipettes need to be cleaned with an RNase Decontami-
nation Solution, e.g., RNaseZap™, Invitrogen™, AM9780,
RNAse AWAY™, Thermo Fisher Scientific 10328011, or simi-
lar solution prepared in the laboratory. Besides commercially
available reagents, disinfecting solutions can be prepared using
the following chemicals in distilled water: mandelic acid (1%),
lactic acid (1%), hydrogen peroxide (5%), sodium dodecyl sul-
fate (SDS, 1–2%), and EDTA (1%) as described in patent num-
bers US4448750A, EP0109279A2, and WO1996020737A1.
Also, spray your gloves with RNaseZap™ before handling the
samples and remember to avoid breathing close to the tubes as
saliva has high content of RNases.
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3. All reagents and tubes need to be RNAse-free by purchasing
them as such or by pretreating with DEPC-treated dH2O,
which can be used as an alternative to commercially available
RNAse-free water. DEPC is prepared at a concentration of
0.1% in double distilled water. Glassware and plastic ware
need to be treated with 0.1% DEPC-water at 37 °C for at
least 1 h. DEPC-treated water is also incubated for at least
1 h at 37 °C. After this, it is important to autoclave both the
tubes and water to destroy residual DEPC for at least 15 min,
as this reagent inactivates not only RNases but also other
enzymes that have histidines in the catalytic site. DEPC can
also react with lysine, cysteine, and tyrosine residues although
with less efficiency.

4. Be sure to add glycogen before the ethanol precipitation to
recover mRNAs, circRNAs, and small RNAs such as miRNAs as
shown above. RNAse-free glycogen can be purchased already
prepared (e.g., GlycoBlue™ Coprecipitant, Invitrogen™,
AM9516) or prepared in the laboratory. To prepare RNAse-
free glycogen solution (15 mg/mL), add 150 mg of glycogen
to 10 mL of double distilled water and stir until the glycogen is
fully dissolved. This will take about 1–2 h. Transfer aliquots to
2 mL microcentrifuge tubes. Add an equal volume of phenol–
chloroform to the glycogen solution and vortex thoroughly.
Centrifuge at 12,000× g for 10 min at 4 °C and transfer the
upper aqueous phase (containing glycogen) into new 2 mL
tubes. Add an equal volume of cold (4 °C) chloroform/isoamyl
alcohol (50:1 vol: vol) into the glycogen phase and vortex
thoroughly. After vortexing and letting phase separation, the
chloroform phase should be the lower phase. Centrifuge at
12,000× g for 10 min at 4 °C and transfer the upper aqueous
phase (containing glycogen) into new 2 mL tubes. Freeze
aliquots at -20 °C or -80 °C for long-term storage.

5. 10X RT buffers are commercially available (Promega, A3561)
or can be easily prepared with 500 mM Tris–HCl (pH 8.3),
750 mM KCl, and 30 mM MgCl2.

6. If tissues are larger than 100 mg, they will need to be broken
apart in liquid nitrogen using a ceramic mortar and pestle.
Then let liquid nitrogen evaporate and keep pulverized tissue
frozen on dry ice or -80 °C. TRIzol RNA extraction can be
used for small tissues as described in Bastle et al. (2017)
[9]. Briefly, whole brains are flash frozen and dissected using
a brain matrix kept at -20 °C. Regions of interest can be
dissected using 1.25 and 2 mm brain punches.

7. For tissues with high myelin content (e.g., cerebellum), double
the amount of chloroform.
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8. Remove supernatant with a pipet tip. Quickly centrifuge the
tube to collect any remaining 75% ethanol to the bottom.
Remove as much of the remaining ethanol with a pipet tip
and air-dry the RNA pellet by leaving the tubes open on the
counter for approximately 15–30 min. When the pellet is dry,
there must be no visible ethanol in the tube. Do not overdry
the pellet as it may be difficult to resuspend.

9. While a Qubit fluorometer (Thermo Fisher) gives a more
accurate quantification of the RNA, a NanoDrop 1000 Spec-
trophotometer (Thermo Fisher) can be used to assess the
quality of the isolated RNA samples and the presence of con-
taminations. The Qubit fluorometer uses specific dyes for
RNA, DNA or protein while the NanoDrop quantification is
based on UV absorbance at 260 nm (nucleic acids’ peak absor-
bance). However, the Qubit does not provide any information
about RNA purity. In a NanoDrop instrument, an A260/A230
ratio lower than 2.0 may be the result of residual phenol,
residual guanidine, or glycogen used for precipitation. Finally,
an A260/A280 ratio lower than 1.8 indicates high level of
protein contamination. RNA quality can also be assessed run-
ning RNAs on denaturing agarose gels or using a 2100 Bioa-
nalyzer Instrument (Agilent). Good quality RNA will show
clear 18 s and 28 s bands, while DNA contamination will be
seen as an intense high molecular weight band. The Bioanaly-
zer also provides RNA integrity numbers (RIN). High-quality
RNA has a RIN >8.

10. RNase R is 3′ to 5′ exoribonuclease that digests all linear RNAs
except double-stranded RNAs leaving all circular RNAs intact.
Keep RNase R (and all enzymes) in a cold block kept at-20 °C
while using it to avoid deactivation. The RNase R treatment
does not need to be repeated after primer validations [6, 7].

11. If a centrifuge for spinning plates is not available, there are very
cheap alternatives as using a salad spinner (see https://
bitesizebio.com/3200/how-to-build-a-plate-centrifuge-for-2
5/ for instructions of how to make one of these).

12. For primer validation and slope determination, include serial
dilutions of cDNA from random hexamer reverse transcription
in addition to cDNA derived from RNase R-treated total RNA,
cDNA derived from oligo-dT reverse transcription, as well as
no-template negative controls using all the reagents minus the
cDNA. Visualize melting curves and calculate primer slopes.
To determine the best concentration of cDNA to use in your
qPCR reaction, prepare serial dilutions of the cDNA and select
a concentration in a range where the amplification is propor-
tional to the cDNA amount. Only primers that generate a
single PCR product with a unique melting curve and appropri-
ate size and primer slope (typically 3 ± 0.5 cycles/log cDNA

https://bitesizebio.com/3200/how-to-build-a-plate-centrifuge-for-25/
https://bitesizebio.com/3200/how-to-build-a-plate-centrifuge-for-25/
https://bitesizebio.com/3200/how-to-build-a-plate-centrifuge-for-25/
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concentration) should be selected. Expression of the circRNA
product should be maintained or increased following RNase R
treatment, but greatly diminished following oligo-dT reverse
transcription (Fig. 1). Sanger sequencing should confirm that
the primers amplify the unique circRNA backspliced junction.

13. For quantification of circRNAs, we utilize the following for-
mula: relative circRNA expression = E^CtcircRNA normalizer/
E^CtcircRNA, where E = 10^(-1/primer slope). When multi-
ple circRNA normalizers are used, the geometric mean of their
average Ct values was calculated instead. If no circRNA nor-
malizers are available, housekeeping genes such as GAPDH or
18S rRNA can be used instead. Also, CDR1as and circTulp4
are good normalizers for brain tissues.

14. Please note that TaqMan®-based assays described above are
listed only as examples of the protocols used in our labora-
tories, and products from other suppliers can be used as alter-
natives or prepared in house. The TaqMan® technology, also
known as fluorogenic 5′ nuclease chemistry, is preferable for
these determinations as miRNAs are very short and the use of
an internal fluorogenic probe increases the specificity of the
detection. In addition, TaqMan® MicroRNA Assays have the
advantage of being highly specific for mature miRNAs and do
not detect precursor miRNAs, as there are separate assays for
these. Due to their high sensitivity, they only require 1–10 ng
of total RNA. Earlier versions of TaqMan® MicroRNA Assays
use a target-specific stem–loop primer during cDNA synthesis
requiring a miRNA-specific RT. In contrast, the new TaqMan
Advanced miRNA Assays include a polyadenylation step for the
miRNAs and use a universal RT step.

15. Besides using U6 snRNA, other endogenous control snRNAs,
snoRNAs, and miRNAs have been identified to be used as
normalizers with TaqMan® MicroRNA Assays (https://www.
gene-quantification.de/AB-microRNA-endog-controls.pdf).
You can also select any miRNA that does not change in any of
the samples and conditions that you are studying.
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Chapter 6

Transneuronal Delivery of Cytokines to Stimulate
Mammalian Spinal Cord Regeneration

Daniel Terheyden-Keighley, Marco Leibinger, Charlotte Zeitler,
and Dietmar Fischer

Abstract

The spinal cord contains multiple fiber tracts necessary for locomotion. However, as a part of the central
nervous system, they are extremely limited in regenerating after injury. Many of these key fiber tracts
originate from deep brain stem nuclei that are difficult to access. Here we detail a new methodology that
achieves functional regeneration in mice after a complete spinal cord crush, describing the crushing
procedure itself, intracortical treatment application, and a set of appropriate validation steps. The regenera-
tion is achieved by the one-time transduction of neurons in the motor cortex with a viral vector expressing
the designer cytokine hIL-6. This potent stimulator of the JAK/STAT3 pathway and regeneration is
transported in axons and then transneuronally delivered to critical deep brain stem nuclei via collateral
axon terminals, resulting in previously paralyzed mice walking again after 3–6 weeks. With no previously
known strategy accomplishing this degree of recovery, this model is well suited to studying the functional
impact of compounds/treatments currently only known to promote anatomical regeneration.

Key words Crush, SCI, Functional, Recovery, Intracortical, Mouse, hIL-6, AAV, Raphe, Model

1 Introduction

The spinal cord is essential for receiving incoming sensory informa-
tion from the peripheral nervous system, in addition to processing
and outputting motor information from the brain. However, as
vital as it is to locomotion, the spinal cord’s ability to regenerate
after injury is almost nonexistent [1]. Up until now, the large
variety of treatment strategies designed to aid functional recovery
after complete spinal cord lesions have failed to yield approved
therapies [1, 2]. One of the aspects that make this endeavor so
challenging is the sheer number of barriers to functional recovery,
meaning that multiple problems must be solved simultaneously for
success. Key among these are (a) the inhibitory environment of the
central nervous system (CNS) [3], (b) the lack of an active

Ava J. Udvadia and James B. Antczak (eds.), Axon Regeneration: Methods and Protocols,
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regeneration program in the damaged nerves [4], and finally,
(c) the lack of proper synapsing and circuit formation [5–7]. More-
over, functional recovery likely requires the regeneration of multi-
ple trajectories originating in different brain nuclei, some
challenging to target. The overwhelming majority of experimental
compounds and therapies do not show any functional readout
because of a failure to address one or more of the aforementioned
barriers, making it difficult to assess their true potential in aiding
functional regeneration.
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Here we present a newmethodology that stimulates axon regen-
eration of several tracts simultaneously and achieves functional recov-
ery of hind limb locomotion after complete spinal cord crush, finally
providing a model for testing the efficacy of additional compounds
for combinatorial treatments in improving functional regeneration
[8]. Using safe, non-integrating viral vectors, a designer cytokine
known as hyper-interleukin-6 (hIL-6) is transduced into layer V
neurons of the primary motor cortex. In addition to detailing the
spinal cord crush procedure, precise instructions for performing the
intracortical injections are also provided, along with a set of valida-
tion steps for ensuring the quality of the operations.

The use of hIL-6 circumvents the need for IL-6 receptor
expression by the target neurons, as it is a fusion protein of the
soluble IL-6 receptor that is covalently bound to its ligand. Thus,
hIL-6 potently and efficiently activates its downstream regenerative
effector: signal transducer and activator of transcription 3 (STAT3)
[9, 10]. Furthermore, hIL-6 treatment overcomes the inhibitory
effects of myelin [10]. Significantly, hIL-6 is secreted at the trans-
duced neurons’ axon terminals, resulting in the transneuronal acti-
vation of STAT3 in secondary nuclei such as the raphe or red
nucleus [8]. Key among these are the serotonergic hindbrain nuclei
of the medulla, as this group of neurons is responsible for the
resulting functional regeneration [11]. STAT3 activation trans-
forms these neurons into a regenerative state, allowing them to
extend their axons within the CNS and presumably to form direct
or indirect connections with crucial neurons of the hind limb
locomotive central pattern generators.

The unique aspect addressed by this methodology is that by
targeting the output layer of the upstreammotor cortex, the crucial
downstream motor tracts are simultaneously stimulated by being
collateral targets. Recovery peaks after just 3–6 weeks, with the
model returning a clear readout using either Catwalk gait analysis
or Basso mouse scale (BMS) testing [12]. Compared to control
mice whose hind limbs are limited to ankle movement (BMS: ≤2),
AAV2-hIL-6-treated mice can achieve plantar paw placement, sup-
port their hindquarters, and take steps (BMS: ≥4). The model
produces a clear leap over control animals and leaves ample room
for improvement, providing fertile ground for demonstrating
improved recovery after concomitant treatment with other test
compounds and strategies.
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2 Materials

2.1 Animals and

Animal Care

1. Mice: Wild-type C57BL/6 J housed for at least 10 days under
the same conditions before beginning the experiments, includ-
ing a 12 h/12 h light/dark cycle with ad libitum access to food
and water. Males and females show an equal regeneration
response to hIL-6 treatment. Take care to have all experimental
procedures approved by the local animal care committee and
conduct them in compliance with federal and state guidelines
for animal experiments.

2. 1 mg/mL carprofen.

3. 1 mg/mL gentamicin.

4. Eye gel: nose and eye gel.

5. Anesthetic: Isoflurane administered via an isoflurane vaporizer
set to 1.5% with a flow rate of 1 liter of oxygen per minute
(see Note 1).

6. Isoflurane vaporizer.

2.2 Surgical Tools

for Crush

1. Iris forceps (e.g., FST: 11064-07).

2. Straight-bladed scalpel (e.g., FST: #11, 10011-00).

3. Scalpel handle #3 (e.g., FST: 1003-12).

4. Fine scissors (e.g., FST: 14060-09).

5. Tissue-spreader: Colibri retractors (e.g., FST: 17000-02)
(see Note 2).

6. Rongeurs, 0.5 mm (e.g., FST: 16221-14 Friedman-Pearson
Rongeurs).

7. Bone scissors: Noyes (e.g., Dimeda 09.111.12).

8. Wound clips, 7 mm (e.g., FST: 12032-07).

9. Clip applier, 7 mm (e.g., Agnthos: 204-1000).

10. Sutures: Ethicon Ethilon II blue 5-0 (non-resorbable) and
Ethicon Monocryl violet monofil 5-0 (resorbable).

11. Needle holder (e.g., FST: 91201-12).

12. Fine forceps: Dumont #5 (e.g., FST: 11254-20).

13. Crush forceps: #5 forceps hand-filed down to 0.15 mm width
for at least 5 mm in length for a uniform crush size over the
dorsoventral axis of the spinal cord.

2.3 Tools and

Supplies for

Intracortical Injection

1. Stereotaxic instrument (e.g., Kopf: model 940).

2. Mouse anesthesia mask (e.g., Kopf: model 907).

3. Microdrill and 0.5 mm bit (5000 RPM-capable).

4. Microfluidic injector (e.g., Drummond Scientific, Nanoject III
or II).
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5. Capillary puller (e.g., Zeitz DMZ universal electrode puller).

6. Micropipette beveler (e.g., World Precision Instruments,
48000).

7. 50 μm diameter pulled capillaries with 45-degree beveled tips
(see Note 3).

2.4 Viruses 1. AAV2 with hIL-6 under the control of a CMV promotor,
IRES-driven GFP as a reporter system (produced in-house
and available from Fischer lab [8]).

2. Control virus: AAV2-GFP; both viruses should have a titer of
1 × 1013 virus genomes/mL (produced in-house and available
from Fischer lab) [8] (see Note 4).

2.5 Validation 1. Phosphate-buffered saline (PBS).

2. Paraformaldehyde (PFA) (4% in PBS).

3. Sucrose (30% in water).

4. Acetone.

5. Dry ice.

6. Cyro-embedding medium (e.g., Tissue-Tek, Sakuraus).

7. Cryotome (e.g., Leica CM3050).

8. Microscope slides.

9. Pstat3 antibody (1:200) RRID: AB_2491009.

10. GFP antibody (1:500) RRID: AB_10128178.

11. 5HT antibody (1:5000) RRID: RRID:AB_572262, RRID:
AB_572263.

12. GFAP antibody (1:500, ab53554 Abcam).

13. Secondary antibodies including anti-mouse, anti-goat, and
anti-rabbit conjugated to Alexa Fluor 405 (1:500, Jackson
ImmunoResearch), 488, or 594 (1:1000, Invitrogen).

14. Streptavidin Alexa Fluor 405, 488, or 594 conjugate (Thermo
Fischer).

15. Biotinylated dextran amine (BDA) 10% solution in water (Invi-
trogen, D1956).

16. Blocking solution (5% donkey serum, 2% bovine serum albu-
min in PBS + 0.05% Tween 20).

17. Methanol.

18. Embedding medium.

19. 70% ethanol.
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3 Methods

3.1 T8 Spinal Cord

Crush

1. Anesthetize the adult mouse with 1.5% isoflurane (see Note 1)
and shave a 2 cm wide strip along the back from the spine’s
crest up to the ears and the scalp from between the ears up to
eye level. Apply eye gel to prevent them from drying out. Wipe
down both shaved areas with 70% ethanol to remove hairs and
clean the surgery area.

2. Administer carprofen (5 mg/kg) and gentamicin (5 mg/kg) in
PBS subcutaneously and as separate injections.

3. Drape the mouse over a 2–3 cm diameter cylinder (seeNote 5).

4. After checking for reflexes, make a midline incision approxi-
mately 2 cm in length from the level of the shoulder blades in
the caudal direction (see Fig. 1a and Note 6).

5. Separate the surrounding skin from the underlying tissue by
inserting closed pointy scissors and then opening them to
spread the tissue apart (blunt dissection) (Fig. 1b).

6. Pinch and lift the most caudal edge of the fat pad at the midline
using iris forceps, and then make a small incision in the fat’s
caudal edge before inserting scissors to blunt dissect open a
large hole (see Fig. 1c, d and Note 7).

7. Carefully cut along the lateral edges of this fat pad to create a
loose sheet that can then be folded back toward the head to
reveal a large blood vessel entering the spine (Fig. 1d, e).

8. This blood vessel is located above the spine between T5 and T6
and is thus an ideal landmark. Using the iris forceps, feel along
the midline from T6, counting spinous processes to identify the
T7 process, and then grip it to stabilize the mouse until after
the crush (Fig. 1e).

9. Using a straight-bladed scalpel, cut two 1 cm long incisions on
the left and right side next to spinous processes along the T7–
T9 vertebra using flat strokes until the blade is scraping along
the underlying bone. Try to stay as close to the midline (spi-
nous processes) as possible when cutting either side (Fig. 1e).

10. Insert a small tissue spreader into the muscle incisions for
better visibility and access to the spine (see Fig. 1f andNote 8).

11. Using the flat edge of 0.5 mm cup rongeurs, excavate the T8
vertebra. This will inevitably also remove the T8 spinous pro-
cess (Fig. 1g, h).

12. Using the pointed end of the rongeurs at a flat angle, gently
pinch the area between T8 and T9 to remove the ligament but
be careful not to cut too deep and damage the dura mater
(Fig. 1i).
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Fig. 1 Spinal cord crush procedure. (a) Mouse with shaved back and 2 cm midline incision to reveal (b) fat pad
and muscle tissue, where scissors are used to blunt dissect the surrounding skin. (c) Caudal incision into the
fat pad. (d) Blunt dissection to enlarge the hole, followed by lateral cutting (red dotted line) on both sides. (e)
Folding back the fat flap to reveal a large blood vessel between T5 and T6 and lateral incisions adjacent to T8
through the muscle tissue (white dotted lines) while supporting from T7. (f) Insertion of a tissue-spreader into
the longitudinal back muscles, followed by (g) excavation of the T8 vertebra using the flat edge of 0.5 mm
rongeurs, removing the muscle tissue, and (h) T8 spinal process. (i) Removal of the T8–T9 ligament by gentle
scraping with the tip of the rongeurs. (j) Lateral cutting of the T8 lamina with fine bone scissors, followed by (k)
removing the T8 lamina and nipping off remaining edges with rongeurs. (l) Insertion of crush forceps to
execute the spinal cord crush at a 90-degree angle to the spinal cord. (m) Adjacent longitudinal muscles
sutured together over the crush site with a single resorbable suture, followed by the fat pad’s return to its
original position and (n) closing of the skin with two to four wound clips

13. Using fine bone scissors, gently insert the sharp edge at a very
shallow angle under the bone where the ligament was, in the
cranial direction. Cut the lamina arcus laterally to the left and
right of the midline (see Fig. 1j and Note 9).

14. These cuts should span the T8 vertebra, resulting in a rectangle
of bone becoming free. Discard this using fine forceps
(Fig. 1k).

15. This might leave sharp remaining parts of the T8 vertebra on
either side of where the bone previously was. Using the ron-
geurs, very carefully pinch off these protrusions and avoid
touching the spinal cord (Fig. 1k).
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16. If any periosteum is visible covering the spinal cord (a pink/red
membrane), carefully remove this with fine forceps to not
interfere with the crush.

17. Now that the spinal cord is free, insert the crushing forceps at a
90-degree angle to the spinal cord, lowering the tips until they
touch the bottom of the spinal canal, gently scraping along the
bone (Fig. 1l).

18. In a controlled manner, pinch the forceps together for 1–2 s,
ensuring that only enough force is applied to close the forceps
fully (see Note 10).

19. Now that the crush is complete, remove the spreader and
suture the two sides of the back muscles together to cover
the exposed spinal cord. Use a single resorbable suture
(Fig. 1m).

20. Finally, pull the fat pad back over the operated vertebra and
close the skin using two to four wound clips (see Fig. 1n and
Note 11) and allow the mouse to recover in an oxygenated,
37 °C cage.

21. If there is no further surgery planned (e.g., intracortical injec-
tion), allow the mouse to recover in an oxygenated, 37 °C cage
for 10 min.

22. Treat the mice with appropriate amounts of painkiller and
antibiotic subcutaneously. Provide intraperitoneal injections
of 0.5 mL PBS for the next 5 days. Also, manually express
their bladders, check the urine pH, and weigh them daily for
the rest of their lives (see Note 15).

3.2 Intracortical

Injections

1. Directly after performing the spinal cord crush, make a midline
incision on the scalp from the level of the eyes, 1 cm in the
caudal direction (centered over bregma, Fig. 2a).

2. Transfer the mouse into the stereotaxic frame, which also
provides oxygenated isoflurane at the same 1.5% (see Note 1)
via an appropriate anesthesia mask.

3. Free the skin around the incision, and then gently scratch over
the area with a sharp scalpel to shred and remove the loose
connective tissue covering the skull (see Fig. 2b, c and Note
12).

4. Scratch a 2 × 1 mm rectangle into the skull using fine forceps
parallel to the midline and 0.5 mm lateral from it while being
centered adjacent to bregma (Fig. 2d).

5. Using an electronic fine crafts drill, gently mill this traced
outline until the rectangle’s center becomes loose (Fig. 2e).
Lift this away with fine forceps (see Fig. 2f and Note 13).
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Fig. 2 intracortical injections’ procedure. (a) Mouse with shaved head mouth-fixed to a stereotactic frame with
midline skin incision over bregma. (b) Skin freed from the skull by blunt dissection with scissors. (c) Removing
underlying soft connective tissue with gentle scalpel scraping. (d) Scratching the outline of the skull window
adjacent to bregma over the future injection sites. (e) Slowly milling away the bone by repeatedly tracing over
the scratched outline with a fine drill until the bone is thin enough to (f) remove with fine forceps. (g) Viral
injection into the motor cortex 1.5 mm lateral from bregma. Bregma should not be confused with the more
caudal skull bone intersection known as lambda (not visible here)

6. Using the stereotaxic device and a programmable micro-
injector fitted with a virus-filled beveled glass capillary with a
50 μm diameter tip, inject hIL-6 AAV2 into the following four
coordinates: +0.5 mm, 0 mm, -0.5 mm, and -1.0 mm ante-
rior, all 1.5 mm lateral from bregma (Fig. 2g). A positive
coordinate indicates a location cranial from bregma. Use a
depth of 0.6 mm for each injection. Allow 1 min after needle
insertion and another min after each injection to stabilize the
tissue. Use the following micro-injector settings: volume,
100 nL; rate, 10 nL/s; cycles, 5; time (delay), 10 s. This will
result in 500 μL of virus solution being injected per site, and
thus 2 μL total per hemisphere. Only one hemisphere needs
hIL-6 treatment to achieve robust functional recovery of hind
limb locomotion (see Note 14).

7. Once the injections have been done, close the skin with three to
four sutures and allow the mouse to recover in an oxygenated,
37 °C cage.

8. Treat the mice with appropriate amounts of painkiller and
antibiotic subcutaneously and provide intraperitoneal injec-
tions of 0.5 mL PBS for the next 5 days. In addition, manually
express their bladders, check the urine pH, and weigh them
daily for the rest of their lives (see Note 15).
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3.3 Validation Steps The model presented here requires practice and has the potential
for small mistakes, which could prevent functional regeneration. To
help troubleshoot these issues and ensure a certain quality standard,
we have listed here a collection of histological validation steps for
both the crush and injection procedures. For the crush, these
include checking for spared axons and measuring the lesion size,
whereas for the injections, they examine virus efficacy, injection
depth, and transneuronal stimulation. All tissue processing is car-
ried out using the following standard protocols at room tempera-
ture unless specified otherwise:

3.3.1 Tissue Preparation 1. Anesthetize and then sacrifice the mice via transcardial perfu-
sion with PBS (10 mL), followed by 4% PFA (25 mL).

2. Dissect out the entire CNS via laminectomy of the spine and
lateral cutting open of the skull. Post-fixate the CNS in 4% PFA
overnight at 4 °C, followed by 5 days of incubation in 30%
sucrose at 4 °C (see Note 16).

3. Cut the CNS into five chunks: spinal cord for analysis of
anatomical axon regeneration (3 mm rostral to 8 mm caudal
from crush site), distal spinal cord for validation of spared
axons (8–10 mm caudal from the lesion site), proximal spinal
cord for validation of axonal staining (3–5 mm rostral from the
lesion site), the medulla, and the motor cortex including all
injection sites.

4. Submerge tissues in cryo-embedding solution and freeze
chunks other than the cortex and medulla into tissue blocks
at -20 °C for sectioning.

5. Snap-freeze the cortex and medulla by first equilibrating ace-
tone on dry ice, and then folding aluminum foil into a cube-
shaped beaker for lowering the cortex and medulla suspensions
into the acetone, rapidly freezing them into tissue blocks (see
Note 17).

6. Cryosection all tissue into 20 μm thick sections of the appro-
priate orientation, and mount onto microscope slides and store
at -20 °C.

3.3.2 Immunostaining 1. Air-dry sections at room temperature for at least 15 min after
removal from the freezer.

2. Remove embedding medium with 10-min incubation in PBS.

3. Permeabilize for 10 min in methanol.

4. Block sections for at least 1 h in blocking solution.

5. Incubate sections overnight with the primary antibody diluted
in blocking solution at 4 °C in a moist container.

6. Wash 3× 10 min in PBS.
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7. Apply the secondary antibody and/or fluorophore-conjugated
streptavidin diluted in a blocking solution for 1 h in a dark,
moist container.

8. Wash 3× 10 min in PBS.

9. Embed, then coverslip the slides, and store them at 4 °C until
imaged.

3.3.3 Crush Quality:

Spared Axons

All animals in a complete spinal cord crush regeneration study must
be checked for spared axons. We recommend checking multiple
spinal cord tracts for axons 8–10 mm caudal to the lesion site, as
after 8 weeks, this is longer than the furthest regeneration distance.

1. Starting with the CST, inject 10% BDA 2 weeks before sacrifice
into the same coordinates as the virus injections.

2. Stain transverse sections using a fluorophore-conjugated strep-
tavidin (1:500).

3. Second, stain serotonergic fibers with anti-5HT (1:5000) anti-
bodies in the same sections (see Fig. 3a, b and Note 18).

3.3.4 Crush Quality:

Lesion Size

Lesion size is a crucial metric to monitor due to its effect on
regeneration. Control mice must have a similar average lesion size
to treated mice to allow for valid regeneration comparisons. Lesion
sites that are too large will likely result in no regeneration
[13]. Quantification of the site of the lesion is therefore recom-
mended. To this end:

1. Immunostain longitudinal sections containing the lesion site
and the central canal with anti-GFAP (1:500) allowing the
visualization of the lesion borders.

2. Trace this outline with ImageJ to obtain the approximate lesion
size (see Fig. 3c and Note 19).

3.3.5 Intracortical

Injection Quality: Virus

Efficacy

Successful viral transduction is measured by examining the IRES-
based GFP expression in transduced cortical neurons and pSTAT3-
positive nuclei in the transduced cells that surround these neurons
and indicate the secretion of active hIL-6.

1. Stain coronal sections of the cortex for pSTAT3 (1:200), GFP
(1:500), and also streptavidin-405 (1:500) to visualize BDA
injection locations (see Note 20).

2. All three stains should line up with a GFP cloud in the middle,
surrounded by a larger pSTAT3-positive cloud and BDA cloud
(see Fig. 3d–f and Note 21).
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Fig. 3 Validation steps. (a) Transverse section 8–11 mm distal from an incomplete crush with spared
serotonergic axons (5-HT-positive) and (b) a successful crush without spared axons. The dashed box indicates
an area of enlargement. Scale bar: 200 μm. (c) Longitudinal section from a successfully regenerated mouse
showing the crush site stained for GFAP with the dotted line representing the lesion border to be measured
8 weeks after lesion. Arrowhead indicates the central canal. Scale bar: 200 μm. (d) Coronal section through a
cortical injection site for hIL-6 virus validation. pSTAT3-positive neurons surrounding the virally transduced
GFP-positive cells. (e) BDA injection visualization from panel d. (f) Overlay of panels d and e: example of BDA
injection missing the AAV-hIL-6 injection location resulting in the labeling of non-stimulated CST fibers. (g)
Transverse spinal cord section proximal to the lesion site showing successful unilateral cortical layer V
transduction resulting in GFP-positive axons on the CST’s contralateral side relative to the injected hemi-
sphere. Arrowhead indicates the central canal. The dashed box indicates an area of enlargement. Scale bar:
50 μm. (h, j) Negative control showing no pSTAT3-positive serotonergic raphe neurons, whereas (i, k) show
pSTAT3/5-HT double-positive cells, indicating successful transneuronal stimulation of these neurons in an
AAV2-h-IL6-treated mouse. PY: pyramidal tract (l). Needles for intracortical injection are around 7–10 mm in
length and (m) 50 μm in diameter with a 45-degree beveled tip

3.3.6 Intracortical

Injection Quality: Layer V

Transduction

The 0.6 mm injection depth corresponds with layer V of the
sensory-motor cortex, where the pyramidal neurons with axons
projecting to the pyramidal tract/CST reside. To confirm their
successful transduction:

1. Stain coronal brain sections containing the motor cortex with
injection sites and transverse spinal cord sections from 3 to
5 mm cranial from the lesion site for GFP (1:500).

2. Transduced layer V pyramidal neurons result in GFP-positive
axons visible in the dorsal CST (see Fig. 3g and Note 22).
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3.3.7 Intracortical

Injection Quality:

Transneuronal hIL-6

Delivery

The most crucial aspect of this methodology is the transneuronal
stimulation of deep brain stem nuclei with hIL-6, particularly the
raphe nuclei’s serotonergic neurons. To validate their stimulation:

1. Stain coronal sections of the medulla with pSTAT3 (1:200) and
5-HT (1:500) antibodies.

2. Positive raphe-neuronal nuclei should be seen clustered along
the ventral midline above the pyramidal tracts (see Fig. 3h–k
and Note 20).

4 Notes

1. The isoflurane percentage can vary strongly between manufac-
turers and use cases. Therefore, we recommend experimenting
to see the lowest setting that results in reflex-free anesthesia
with the setup used. When mouth-fixed for intracortical injec-
tions, use the appropriate anesthesia mask for the stereotaxic
frame. However, for the spinal cord crush procedure, cut the
conical end of a 50 mL tube into a funnel shape for placing the
mouse into, with a hole cut into the conical tip for connecting
the isoflurane tube.

2. Use wire clippers to trim off half of the loop portion from the
tissue spreaders, resulting in two-wire hooks (Fig. 1f). Then
insert just the end hooks into the longitudinal muscle when
spreading.

3. Capillary tip should be 0.7–1 cm long and, most notably,
50 μm in diameter as thinner capillaries do not allow for filling,
and thicker ones do not penetrate well through the dura mater.
We find that grinding the tips on a beveler at a 45-degree angle
for 20 min produce ideal capillaries. Inspect the quality of each
tip under a microscope (Fig. 3l, m).

4. Virus titer determined via qPCR by comparing against a known
copy number plasmid dilution series. Damaged/non-packaged
virus genomes are eliminated via DNase treatment before titer
determination.

5. This helps straighten the mouse’s S-shaped spine; else, manip-
ulating T7 to operate on T8 becomes difficult as T7 lies within
this furrow. We find that rolled up tissues held together with
some tape to be adequate.

6. This should produce an opening where the cranial half is white
(fat), and the caudal half is red (muscle).

7. Be very careful not to snag the large landmark blood vessel used
later between T5 and T6, which causes severe bleeding.
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8. At this point, we clean up any blood with some sterile wadding
cut into thin wedge shapes. These can be left in the wound to
wick away blood to maintain clear visibility. With more experi-
ence, we find the procedure to generate less and less bleeding.

9. Each cut should be composed of multiple smaller cuts to
reduce the scissors’ penetration depth to avoid squeezing the
spinal cord.

10. By exerting the minimum force necessary to avoid spared
axons, a narrower crush site should be formed and thus a
higher chance of axons crossing.

11. If the fat pad has dried out at this time point, then apply a drop
of sterile PBS to allow for manipulation.

12. This loose connective tissue can very easily catch in the drill bit
if not thoroughly removed. This will result in a sudden tug on
the drill bit, which might cause the mouse severe brain injury if
it occurs at an inopportune moment.

13. The drilling of the skull is a very delicate procedure. Here, we
recommend going around the traced outline with very little
pressure to establish a groove, then slightly more pressure to
remove material. Aim to get the bone so thin as to be transpar-
ent, and then the rest can be quickly snapped when lifting it
away with forceps. Use sterile wadding to stop any bleeding
after removing the skull piece.

14. If a large blood vessel is blocking an injection site, then use the
closest possible location and record the new coordinates for
when administering the BDA injections later. If fluid leakage is
seen around the injection site, then this would hint at the
capillary being either blunt or too thick, with the resulting
hole being too big. Alternatively, this could be a sign that the
dura mater was damaged during drilling, in which case the
needle also has a hard time creating a seal. However, the
brain surface should also not become too dry, and so the skin
from the initial incision can be briefly wiped over the brain to
keep it moist between injections.

15. Care must be taken when expressing bladders, as applying too
much pressure can result in bladder rupture or backflow of
urine into the kidneys, resulting in a swift death. Bladders are
especially fragile in the first few days after surgery. Male blad-
ders are more challenging to express and suffer more from
bladder infections.

16. For CNS extraction, help fold the mouse’s head under its torso
to straighten its s-shaped spine. This is particularly important
during laminectomy (aiming to cut at 10 and 2 on a clock dial
when viewing the spinal canal side-on, dorsal side up), and later
when peeling out the spinal cord and cutting each of the nerve
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roots. Aim to finish CNS extraction under ˜30 min after per-
fusion, as then the CNS can be placed on a strip of nitrocellu-
lose membrane to post-fixate in a straightened form. This is
useful later for obtaining straight longitudinal tissue sections.
If the spinal cord is left in PFA longer than ˜30min, it becomes
challenging to correct its s-shape.

17. Snap-freezing prevents the formation of ice crystals, reducing
the number and size of holes in brain tissue sections. Do not let
acetone spill over into the brain suspension, as this will cause it
to crack.

18. Serotonergic axons are more likely to be spared and are also
known to contribute to functional recovery. Spared axons tend
to be straight and found in their canonical tracts. An early
indication of spared axons is a BMS score greater than zero
on the first day after crush.

19. In our experience, the average lesion size is around
0.1–0.2 mm2. It has been reported that lesion widths larger
than 0.5 mm prevent any regeneration [13].

20. Staining pSTAT3 is challenging due to a relatively weak signal.
To combat high background, block sections for at least 2 h in
blocking solution. Use the non-transduced hemisphere in the
coronal cortical sections as a negative control to compare
against.

21. If the BDA stain does not align with the GFP/pSTAT3 stain, it
will suggest that different locations were identified as bregma
for viral and BDA injection. BDA overlap with pSTAT3 is
crucial for the correctly targeted evaluation of affected CST
axons. When opening the skin on the skull after 6 weeks for
BDA injection, a thick layer of connective tissue will have been
deposited over the bone. To better identify bregma, this
should be very carefully removed with fine forceps without
scratching the bone so as not to camouflage the cranial bone
edges.

22. An alternative way of checking injection depth is that GFP-
positive cells in the cortical sections should lie approximately
midway between the brain surface and the corpus callosum. A
more accurate location can be achieved by overlaying the sec-
tions with a brain atlas.
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Chapter 7

Epigenomic Profiling of Dorsal Root Ganglia upon
Regenerative and Non-regenerative Axonal Injury

Franziska Müller, Jessica S. Chadwick, Simone Di Giovanni,
and Ilaria Palmisano

Abstract

RNA sequencing (RNA-seq), chromatin immunoprecipitation sequencing (ChIP-seq), and assay for
transposase-accessible chromatin sequencing (ATAC-seq) are genome-wide techniques that provide infor-
mation relative to gene expression, chromatin binding sites, and chromatin accessibility, respectively. Here
we describe RNA-seq, H3K9ac, H3K27ac and H3K27me3 ChIP-seq, and ATAC-seq in dorsal root ganglia
(DRG) after sciatic nerve or dorsal column axotomy, to characterize the transcriptional and epigenetic
signatures of DRG upon regenerative vs non-regenerative axonal lesion.

Key words DRG, Axonal regeneration, Epigenetics, Transcription, Chromatin accessibility, RNA-
seq, ChIP-seq, ATAC-seq

1 Introduction

The dorsal root ganglia (DRG) contain the cell bodies of pseudou-
nipolar sensory neurons projecting a peripheral regeneration-
competent axonal branch within the peripheral nerves and a central
regeneration-incompetent axonal branch that enters the dorsal
columns in the spinal cord (Fig. 1a). Sciatic nerve axotomy (SNA)
and dorsal column axotomy (DCA) provide models of regenerative
and non-regenerative axonal lesion, respectively. The development
of high-throughput techniques, such as RNA sequencing
(RNA-seq), chromatin immunoprecipitation sequencing (ChIP-
seq), and assay for transposase-accessible chromatin sequencing
(ATAC-seq), has been critical for the understanding of the com-
plexity of the transcriptome and its regulation via epigenetic
mechanisms [1–3]. The integration of data from ATAC-seq,
ChIP-seq, and RNA-seq represents a powerful approach for estab-
lishing how information encoded in chromatin results in changes in
gene expression. We applied RNA-seq, H3K9ac, H3K27ac and
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H3K27me3 ChIP-seq, and ATAC-seq in DRG after SNA or DCA,
to characterize the transcriptional and epigenetic signatures of
DRG upon regenerative versus non-regenerative axonal lesion.
We found that successful axon regeneration relies on the capability
to initiate a transcriptional response to injury, characterized by a
more accessible chromatin state with increased occupancy of active
histone marks at gene promoters and enhancers [4–6].
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Dorsal Column
 Axotomy

Sciatic Nerve
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Fig. 1 In vivo anatomy and surgeries. (a) Spinal cord and dorsal root ganglia anatomy. The sciatic dorsal root
ganglia (DRG) pseudounipolar neuronal bodies extend one branch into the ascending tracts of the dorsal
column in the spinal cord, and one branch into the sciatic nerve of the hind limb, innervating muscle and skin.
(b) Dorsal column axotomy (DCA) and sciatic nerve axotomy (SNA) surgeries. Following either DCA or SNA, the
sciatic DRG are dissected, collected and processed for downstream analysis

In this chapter, we present laboratory protocols for SNA and
DCA injuries, DRG dissection, RNA-seq, ChIP-seq, and ATAC-
seq library preparation.

1.1 Peripheral and

Central Axonal Injury

and Sciatic DRG

Dissection

For SNA, the sciatic nerve is exposed by blunt dissection of the
biceps femoris and gluteus superficialis, and axotomy is carried out
~20 mm distally from sciatic DRG. In control mice (Sham), the
sciatic nerve is exposed without axotomy. For DCA, the spinal cord
is exposed via a T9 laminectomy ~20 mm from sciatic DRG, the
dura mater is removed, and a dorsal hemisection up to the central
canal is performed. For the control laminectomy surgery (Lam),
the dura mater is removed without performing the hemisection.
Twenty-four hours after injury, animals are sacrificed and DRG are
collected and processed for downstream analysis (Fig. 1b).

1.2 Total RNA

Extraction from DRG

Tissue

RNA-seq, in addition to other information, provides evidence
about the genes that are differentially expressed in different
biological conditions [7]. For DRG transcriptional profiling
(Fig. 2a), we used sciatic DRG from mice that underwent SNA vs
Sham or DCA vs Lam 24 h earlier (N ¼ 3 biological replicates).



Samples are lysed in the presence of guanidine–thiocyanate to
inactivate RNase. Ethanol is added to ensure binding conditions
and samples are loaded on a silica-based membrane column, which
enables the binding of RNAmolecules longer than 200 nucleotides.
After DNase I digestion and washing to remove contaminants,
RNA is eluted in water.
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1.3 RNA-Seq Library

Preparation

For library preparation, poly-A-enriched RNA is sheared and
converted to a library of short cDNA fragments carrying sequencing
adapters at both ends. The use of specific index primers enables
library multiplexing. Libraries are pooled and sequenced to obtain
short sequences from one or both ends. These reads are aligned to
the reference genome and used for transcript identification and
quantification. The read counts are used for differential expression
analysis, providing information about the genes that are differentially
regulated in regenerative vs non-regenerative axonal lesion [4, 6].

1.4 Chromatin

Immunoprecipitation

from DRG Tissue

ChIP provides context to the binding sites of proteins, such as
histones, transcription factors, and chromatin remodelers in rela-
tion to the chromatin [2]. We performed ChIP-seq for H3K9ac
and H3K27ac (markers of active promoters and enhancers) and
H3K27me3 (marker of repressed chromatin) in sciatic DRG from
mice that underwent SNA vs Sham or DCA vs Lam 24 h earlier
(N ¼ 2 biological replicates) (Fig. 3a). The procedure is based on
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Schmidt et al. [2] with some adjustments. Protein–DNA interac-
tions are stabilized by cross-linking. After lysis, chromatin is frag-
mented by sonication and incubated with bead-bound antibodies
against the protein of interest. After elution and reverse cross-
linking, the purified DNA can be used for real-time polymerase
chain reaction (RT-PCR) or library preparation for sequencing.
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1.5 ChIP-Seq Library

Preparation

Library preparation involves end repair, ligation of the adapters,
and PCR amplification. The use of specific index primers enables
sample multiplexing. The reads obtained from sequencing are
aligned to the reference genome and used for peak identification
and quantification. The read counts are used for differential occu-
pancy analysis, providing information about the gene promoters
and enhancers that are differentially occupied by H3K9ac,
H3K27ac, and H3K27me3 in regenerative vs non-regenerative
axonal lesion [5, 6]. Recently, alternative methodologies to ChIP-
seq have been published, which require a lower amount of starting
material [8].

1.6 ATAC-Seq from

DRG Tissue

ATAC-seq provides information about the accessibility of the chro-
matin, via the use of a genetically engineered hyperactive Tn5
transposase that simultaneously cuts and ligates sequencing adap-
ters preferentially at regions of open chromatin [3]. To perform
ATAC-seq in DRG (Fig. 4a), we used sciatic DRG from mice that
underwent SNA vs Sham or DCA vs Lam 24 h earlier (N ¼ 3
biological replicates). After cell lysis, the chromatin is incubated
with the Tn5 transposase for DNA tagmentation. Upon cleanup,
the DNA is used for library preparation with index primers, which
enable sample multiplexing, and paired-end sequencing is per-
formed to uniquely map the open regions. The reads are then
aligned to the reference genome and used for open chromatin
region identification and quantification. The read counts are used
for differential accessibility analysis, providing information about
the gene promoters and enhancers that are differentially accessible
in regenerative vs non-regenerative axonal lesion [6]. Since accessi-
ble chromatin is partially protected from the activity of the Tn5
transposase by bound transcription factors, the analysis of a partic-
ular ATAC-seq feature, called “footprint” [9], provides informa-
tion about transcription factor occupancy.

2 Materials

General Note Prepare all solutions using nuclease-free water and
molecular biology grade reagents. Prepare all the working buffers
fresh and store them at room temperature (unless indicated other-
wise). Do not leave the reagent bottles or the sample tubes open
longer than necessary. Use and change gloves frequently. Use
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disposable nuclease-free plasticware. Follow all waste disposal reg-
ulations when disposing waste materials. When working with RNA,
make sure you maintain a RNase-free environment, by cleaning the
working station, the pipettes, the surgical tools, the tube racks, and
the centrifuge with an RNase decontamination solution (e.g., RNa-
seZap, Invitrogen). When working with DNA, make sure you
maintain a DNase-free environment, by cleaning the working sta-
tion, the pipettes, the tube racks, and the centrifuge with water first,
and then with 70% ethanol.
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2.1 Common

Materials

1. Ice.

2. Tube racks.

3. Micropipettes and filter tips.

4. 15 and 50 mL polypropylene conical tubes.

5. Serological pipettes, nuclease-free, individually wrapped.

6. Motorize pipette controller (e.g., Corning Stripettor).

7. 1.5 mL RNase-free microtubes for DRG collection (e.g., Ana-
chem; see Note 1).

8. 1.5 mL microcentrifuge tubes, low adsorption, nuclease-free
(e.g., DNA LoBind tubes, Eppendorf).

9. Cordless motor for pellet pestle (e.g., Kimble).

10. Disposable pellet pestles for 1.5 mL microtubes (e.g., Ana-
chem; see Note 1).

11. 0.22 μM syringe filters and syringes.

12. 0.22 μM bottle filters.

13. Tabletop centrifuge with plate rotor.

14. Microcentrifuge.

15. Thermocycler.

16. Thermoblock (e.g., Eppendorf, Thermomixer, T range
15–100 �C).

17. Vortex mixer.

18. 96-well PCR plates, low adsorption (e.g., Eppendorf twin.tec
PCR Plates LoBind).

19. Clear PCR plate sealing films, adhesive (e.g., BioRad Microseal
“B”).

20. Magnetic stands for 96-well plates and for microtubes.

21. Chip-based capillary electrophoresis platform (e.g., Agilent
2100 Bioanalyzer).

22. Hank’s Balanced Salt Solution (HBSS). Store at 4 �C.

23. Nuclease-free water.

24. 99.8% ethanol.
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25. 70 and 80% ethanol in nuclease-free water made fresh.

26. Paramagnetic bead-based nucleic acid cleanup kit (e.g.,
AMPure XP beads). Store at 4 �C. Place at room temperature
for at least 30 min prior to use.

2.2 Sciatic DRG

Axonal Injury and

Dissection

1. Male C57BL/6J mice (6–8 weeks old) between 20 and 30 g,
housed on a 12-h light/dark cycle with water and standard
chow available ad libitum.

2. Standard mouse chow.

3. Saline: 0.9% sodium chloride physiological solution. Filter with
0.22 μM bottle filter units.

4. Carprofen small animal solution: 1 mg/mL diluted in saline,
prepared fresh the day of surgery.

5. Buprenorphine hydrochloride small animal solution: 0.03 mg/
mL diluted in saline, prepared fresh the day of surgery.

6. Isoflurane 100% w/w inhalation vapor.

7. Antiseptic agent (e.g., 70% ethanol) and wipes.

8. Antiseptic solution: povidone-iodine 10% w/w cutaneous solu-
tion in sterile water.

9. 1 mL syringes.

10. Microlances 30G for injection and 20G for dissection.

11. Sterile cotton swabs.

12. Hair trimmer.

13. Sterile drapes.

14. Sterile transparent drapes.

15. Heat mat.

16. Eye lube.

17. Anesthetic induction chamber with flow gas tubing and scav-
enge tubing.

18. Anesthetic induction chamber with flow gas tubing and scav-
enge tubing connected to a nose cone of a non-rebreathing
circuit.

19. Anesthetic scavenging unit.

20. Stereo microscope.

21. Technical scale (capacity 1500 g, resolution 0.01 g).

22. MicroAdson forceps with fenestrated handle, 1 2 teeth.

23. LaGrange scissors ToughCut 11.5 cm.

24. Spinal cord hook 12 cm.

25. Vannas spring micro scissors straight 2.5 mm cutting edge.

26. Dumont #7 fine forceps.
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27. Reflex 7 mm wound clips.

28. Reflex 7 mm wound clip applier.

29. Anesthesia recovery chamber.

30. Water.

31. Student scalpel handle #3 and sterile surgical blades.

32. Friedman-Pearson rongeur straight 1 mm cup.

33. Noyes spring scissors straight.

34. Narrow Pattern forceps straight 12 cm.

35. Olsen-Hegar needle holder.

36. Vicryl suture 6-0|RB-2 45 cm undyed.

37. Student scissors straight SharpSharp 14.5 cm.

38. Styrofoam board.

39. Student Dumont #5 forceps standard Inox.

40. Student Vannas spring scissors straight.

41. 1.5 mL microtubes.

42. RNA stabilization solution (e.g., RNAlater).

2.3 Total RNA

Extraction from DRG

Tissue

1. RNase decontamination solution (e.g., RNaseZap, Invitrogen).

2. RNA stabilization solution (e.g., RNAlater).

3. RNA isolation kit (e.g., Qiagen RNeasy mini kit, containing
RLT, RW1, and RPE buffers, RNeasy spin column, collection
tubes, RNase-free water; see Note 2).

4. DNase I enzyme (e.g., Qiagen; see Note 3).

5. RLT lysis mix: add 6 μL of 2-mercaptoethanol to 600 μL of
RLT lysis buffer (included in the RNeasy mini kit); use 600 μL
per sample. Calculate the number of samples (N) and prepare
RLT lysis mix for N+1 samples. Prepare fresh.

6. DNase I Master Mix: add 10 μLQiagen DNase I stock solution
to 70 μL Qiagen RDD buffer; 80 μL per sample. Prepare
DNase I Master Mix for N+1 samples. Prepare fresh.

7. Kit for chip-based capillary electrophoresis for RNA samples,
25–500 ng/μL (e.g., RNA 6000 Nano Kit, Agilent).

8. Microvolume spectrophotometer (e.g., NanoDrop).

2.4 RNA-Seq Library

Preparation

1. Reverse transcriptase with reduced RNaseH activity (e.g.,
Superscript II, Invitrogen). Store at �20 �C. Thaw on ice
prior to use.

2. Library pooling buffer: 10 mM Tris–HCl (pH 8.5) with 0.1%
Tween 20. Prepare fresh.
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3. Reverse Transcription Master Mix: 7 μL FSM, 1 μL reverse
transcriptase; 8 μL total per sample. Pipette up and down at
least ten times to mix the components. Pulse the Reverse
Transcription Master Mix in the microcentrifuge at 600�
g for 5 s to collect the liquid at the bottom of the tube.

4. Illumina TruSeq stranded mRNA Library Prep Kit
(see Note 4). Store the components according to manufac-
turer’s instructions.

5. EPF (Elute, Prime, Fragment mix): included in the TruSeq
stranded mRNA Sample Preparation Kit. Thaw at room tem-
perature prior to use.

6. BBB (Bead Binding Buffer): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
prior to use.

7. BWB (Bead Washing Buffer): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
prior to use.

8. ELB (Elution Buffer) included in the TruSeq stranded mRNA
Sample Preparation Kit. Thaw at room temperature prior
to use.

9. RPB (RNA Purification Beads) included in the TruSeq
stranded mRNA Sample Preparation Kit. Place at room tem-
perature for 30 min.

10. FSM (First Strand Master Mix): included in the TruSeq
stranded mRNA Sample Preparation Kit. Thaw at room tem-
perature. Make small aliquots to be stored at �20 �C if you do
not anticipate to using the entire mix.

11. RSB (Resuspension Buffer): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
prior to use.

12. SSM (Second Strand Master Mix): included in the TruSeq
stranded mRNA Sample Preparation Kit. Thaw at room
temperature.

13. ERP (End Repair Mix): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
prior to use.

14. CTE (End Repair Control): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
and then keep on ice. Centrifuge CTE at 600� g for 5 s and
dilute it 1:100 in RSB.

15. ATL (A-tailing Mix): included in the TruSeq stranded mRNA
Sample Preparation Kit. Thaw at room temperature.
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16. CTA (A-Tailing Control): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
and keep on ice. Centrifuge CTA at 600� g for 5 s and dilute
it 1:100 in RSB.

17. RNA Adapter Indexes: included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature.
Centrifuge at 600 g for 5 s.

18. CTL (Ligase Control): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature.
Centrifuge at 600 g for 5 s. Dilute 1:100 in RSB.

19. STL (Stop Ligase Mix): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature.
Centrifuge at 600 g for 5 s.

20. LIG (DNA Ligase mix): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw just before use.

21. PMM (PCR Master Mix): included in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
and keep on ice. Centrifuge at 600 g for 5 s.

22. PPC (Primer PCR Cocktail) contained in the TruSeq stranded
mRNA Sample Preparation Kit. Thaw at room temperature
and keep on ice. Centrifuge at 600 g for 5 s.

23. 96-well 0.3 mL PCR plate labeled with the RNA Bead Plate
(ABP) barcode label.

24. 96-well 0.3 mL PCR plate labeled with the cDNA Plate (CDP)
barcode label.

25. 96-well 0.3 mL PCR plate labeled with the Insert Modification
Plate (IMP) barcode label.

26. 96-well 0.3 mL PCR plate labeled with the Adapter Ligation
Plate (ALP) barcode label.

27. 96-well 0.3 mL PCR plate labeled with the Clean UP ALP
Plate (CAP) barcode labels.

28. 96-well 0.3 mL PCR plate labeled with the Polymerase Chain
Reaction Plate (PCR) barcode label.

29. 96-well 0.3 mL PCR plate labeled with the Target Sample Plate
(TSP1) barcode label.

30. Fluorescent-based double-stranded DNA quantification kit
(e.g., Invitrogen Qubit kit).

31. Fluorometric quantitation platform (e.g., Qubit 2.0).

32. Kit for chip-based capillary electrophoresis DNA analysis to
detect 5–500 pg/μL concentrations of DNA (e.g., Agilent
High Sensitivity DNA Assay)
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2.5 Chromatin

Immunoprecipitation

from DRG Tissue

1. Solution A: 1% formaldehyde, 50 mM HEPES-KOH pH 7.5,
100 mM NaCl, 1 mM EDTA pH 8.0, 0.5 mM EGTA pH 8.0
in nuclease-free water; 400 μL per sample. Prepared fresh each
day (see Note 5).

2. 2.5 M glycine: Dissolve 93.8 g of glycine in 500 mL of
nuclease-free water. Filter with 0.22 μM bottle filter units.
May be stored at room temperature for up to 6 months.

3. Protease inhibitor cocktail (e.g., cOmplete EDTA-free protease
inhibitor cocktail, Roche): Add one tablet of cOmplete EDTA-
free protease inhibitor cocktail to 50 mL of PBS. Prepare fresh
prior to use. Keep on ice.

4. Lysis buffer 1 (LB1): 50 mM HEPES-KOH pH 7.5, 140 mM
NaCl, 1 mM EDTA pH 8.0, 10% glycerol, 0.5% NP-40, 0.25%
Triton X-100 in nuclease-free water; 10 mL per sample. Add
commercially available EDTA-free protease inhibitor tablet to
manufacturer’s specification (e.g., one tablet of Roche cOm-
plete EDTA-free protease inhibitor cocktail/50 mL of solu-
tion) and filter with 0.22 μM filters. Prepare fresh prior to use.
Keep on ice.

5. Lysis buffer 2 (LB2): 10mMTris–HCl pH 8.0, 200mMNaCl,
1 mM EDTA pH 8.0, 0.5 mM EGTA pH 8.0 in nuclease-free
water; 10 mL per sample. Add commercially available EDTA-
free protease inhibitor tablet to manufacturer’s specification
(e.g., one tablet of Roche cOmplete EDTA-free protease inhib-
itor cocktail/50 mL of solution) and filter with 0.22 μMfilters.
Prepare fresh prior to use. Keep on ice.

6. Lysis buffer 3 (LB3): 10mMTris–HCl pH 8.0, 100mMNaCl,
1 mM EDTA pH 8.0, 0.5 mM EGTA pH 8.0, 0.1%
Na-deoxycholate, 0.5% N-lauroylsarcosine in nuclease-free
water; 0.6 mL per sample. Add commercially available EDTA-
free protease inhibitor tablet to manufacturer’s specification
(e.g., one tablet of Roche cOmplete EDTA-free protease inhib-
itor cocktail/50 mL of solution) and filter with 0.22 μMfilters.
Prepare fresh prior to use. Keep on ice.

7. NaHCO3/SDS mix: 0.1 MNaHCO3, 1% SDS in nuclease-free
water.

8. Proteinase K solution: 20 mg/mL in nuclease-free water. Store
at 20 �C.

9. 5 M LiCl: Dissolve 10.59 g of LiCl in 50 mL of water and mix
on a rocker. Filter with 0.22 μM filters and store at room
temperature.

10. 1% agarose gel: Weigh 1 g of agarose and add 100 mL ddH2O,
and microwave until completely solubilized. Add 3 μL o
10 mg/mL ethidium bromide and pour the solution to pre-
pare the gel according to the electrophoresis system manufac-
turer’s guidelines (see Note 6).
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11. 6� DNA loading buffer (e.g., New England Biolabs). Store at
4 �C.

12. 100 bp DNA ladder. Store at 4 �C.

13. 1.5 mL TPX polymethylpentene microtubes (e.g.,
Diagenode).

14. Bath sonicator (e.g., Diagenode, Bioruptor).

15. Chemical fume hood.

16. Rotator.

17. Agarose gel electrophoresis apparatus.

18. Liquid nitrogen.

19. LB3/Triton: 10 mM Tris–HCl pH 8.0, 100 mM NaCl, 1 mM
EDTA pH 8.0, 0.5 mMEGTA pH 8.0, 0.1% Na-deoxycholate,
0.5% N-lauroylsarcosine, 1% Triton X-100 in nuclease-free
water; 0.4 mL per sample. Add commercially available
EDTA-free protease inhibitor tablet to manufacturer’s specifi-
cation (e.g., one tablet of Roche cOmplete EDTA-free prote-
ase inhibitor cocktail/50 mL of solution) and filter with
0.22 μM filters. Prepared fresh. Keep on ice.

20. 10% Triton X-100 in nuclease-free water. Filter with 0.22 μM
filters.

21. Magnetic separation beads (e.g., Invitrogen, Dynabeads).
Store at 4 �C.

22. Blocking solution: 0.5% Bovine Serum Albumin (BSA) (w/v)
in nuclease-free water (see Note 7); 10 mL per sample.

23. Primary antibody of choice for the protein of interest (seeNote
8).

24. ChromPure IgG (e.g., Jackson ImmunoResearch). The IgG
are required only for ChIP-PCR and when testing antibodies
(see Note 8).

25. RIPA buffer: 50 mM HEPES-KOH pH 7.5, 500 mM LiCl,
1 mM EDTA pH 8.0, 1% NP-40, 0.7% Na-deoxycholate in
nuclease-free water; 6 mL per sample. Filter with 0.22 μM
filters. Prepared fresh. Keep on ice.

26. Tris-buffered saline (TBS): 20 mM Tris–HCl (pH 7.6),
150 mM NaCl in nuclease-free water; 1 mL per sample. Filter
with 0.22 μM filters. Prepare fresh prior to use.

27. Elution buffer: 50 mM Tris–HCl pH 7.8, 10 mM EDTA pH
8.0, 1% SDS in nuclease-free water; 0.35 mL per sample. Filter
with 0.22 μM filters. Prepare fresh prior to use.

28. Tris–EDTA buffer (TE): 50 mM Tris–HCl pH 7.8, 10 mM
EDTA pH 8.0 in nuclease-free water; 0.2 mL per tube. Filter
with 0.22 μM filters. Prepare fresh prior to use.
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29. PCR purification kit, (e.g., Qiagen Qiaquick containing PB
and PE buffers, Qiaquick spin column, and collection tubes).
Store at room temperature (see Note 9).

30. 3 M sodium acetate, pH 5.0.

31. Picogreen dsDNA assay. Store at 4 �C. Dilute 20� TE buffer
supplied in the kit to 1� in nuclease-free water. Prepare the
Picogreen reagent by diluting 200-fold the concentrated
DMSO solution in 1� TE buffer. Protect from light with
foil. Dilute the 100 μg/mL lambda DNA standard in 1� TE
buffer to 20 μg/mL.

32. Plate fluorometer.

33. Black 96-well plate for fluorescent samples.

2.6 ChIP-Seq Library

Preparation

1. DNA Library Prep Kit for Illumina (e.g., NEBNext Ultra; see
Note 10). Store at 20 �C

2. End prep enzyme mix and 10� End repair reaction buffer
(supplied in the NEBNext Ultra DNA Library Prep Kit).
Thaw on ice prior to use.

3. End Prep Master Mix: 3.0 μL of End prep enzyme mix and
6.5 μL of End repair reaction buffer 10�; 9.5 μL per sample.
Calculate the number of samples (N) and prepare End Prep
Master Mix for N+1 samples. Pipette up and down at least ten
times to mix the components. Pulse the End Prep Master Mix
in the microcentrifuge at 600� g for 5 s to collect the liquid at
the bottom of the tube.

4. NEBNext Adaptor for Illumina (supplied in the NEBNext
Ultra DNA Library Prep Kit at 15 mM). Dilute the Adaptor
1:10 in nuclease-free water to 1.5 mM immediately before use.
If starting from a lower amount of DNA, for example, 5 ng of
DNA, dilute the Adaptor 1:20.

5. Adaptor Master Mix: 15 μL of Blunt/TA Ligase Master Mix,
1 μL of Ligation Enhancer, and 2.5 μL of diluted NEBNext
Adaptor for Illumina (add the Adaptor last); 18.5 μL per
sample. Blunt/TA Ligase Master Mix and Ligation Enhancer
are supplied in the NEBNext Ultra DNA Library Prep Kit and
do not need to be thawed, but should be kept on ice. Prepare
Adaptor Master Mix for N+1 samples. Pipette up and down at
least ten times to mix the components. Pulse the Adaptor
Master Mix in the microcentrifuge at 600� g for 5 s to collect
the liquid at the bottom of the tube.

6. USER enzyme (supplied in the NEBNext Ultra DNA Library
Prep Kit).

7. NEBNext Q5 Hot Start HiFi PCR Master Mix.
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8. Amplification Master Mix: 2 μL of Universal PCR Primer
(supplied in the NEBNext Ultra DNA Library Prep Kit),
25 μL of NEBNext Q5 Hot Start HiFi PCR Master Mix, and
6 μL of nuclease-free water; 33 μL per sample (see Note 11).
Prepare Amplification Master Mix for N+1 samples. Pipette up
and down at least ten times to mix the components. Quickly
spin to collect the liquid at the bottom of the tube.

9. Index primers (e.g., NEBNext Multiplex Oligos for Illumina).
Store at 20 �C.

10. 10 mM Tris–HCl, pH 8.5. Store at room temperature.

11. Library pooling buffer: 10 mM Tris–HCl, pH 8.5, with 0.1%
Tween 20. Prepare fresh.

12. Fluorescent-based double-stranded DNA quantification kit
(e.g., Invitrogen Qubit kit).

13. High Sensitivity DNA Kit (Agilent) store according to manu-
facturer’s instructions.

14. Fluorometric quantitation platform (e.g., Qubit 2.0).

2.7 ATAC-seq

Library Preparation

from DRG Tissue

1. Lysis buffer: 10 mM Tris–HCl (pH 7.5), 10 mM NaCl, 3 mM
MgCl2, 0.1% NP-40 in nuclease-free water; 0.5 mL per sample.
Add one tablet of cOmplete, EDTA-free protease inhibitor
cocktail to 50 mL of lysis buffer before use. Filter with
0.22 μM filters and keep on ice.

2. Methyl green-pyronin.

3. Tagmentation enzyme kit (e.g., Illumina Tagment DNA
Enzyme and Buffer kit; see Note 12). Store at 20 �C.

4. Transposition Master Mix: Thaw the 2� TD buffer and TDE1
Tagment DNA Enzyme (included in Illumina Tagment DNA
Enzyme and Buffer kit) on ice. Combine 25 μL of TD buffer,
2.5 μL of TDE1 Tagment DNA Enzyme, and 22.5 μL o
nuclease-free water. Calculate the number of samples (N).
Prepare Transposition Master Mix for N+1 samples. Pipette
Transposition Master Mix up and down at least ten times to
mix the components. Quickly spin to collect the liquid at the
bottom of the tube.

5. Silica membrane-based DNA purification kit (e.g., Qiagen
MinElute Purification kit, including the PB and PE buffers,
MinElute spin column, and collection tubes). Store at room
temperature (see Note 13).

6. 3 M sodium acetate, pH 5.0.

7. Hemocytometer.

8. Microscope.

9. High-Fidelity PCR Master Mix (e.g., NEBNext HF 2� PCR
Master Mix; see Note 14). Store at 20 �C.
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10. 25 μM PCR Primer 1 (Ad1_noMX; see Table 1). Desalted
oligos are resuspended in nuclease-free water at 100 μM and
aliquoted. Prepare a 25 μM working dilution in nuclease-free
water.

11. 25 μM PCR barcoded primers (Ad2; see Table 1). Desalted
oligos are resuspended in nuclease-free water at 100 μM and
aliquoted. Prepare a 25 μM working dilution in nuclease-free
water.

12. SYBR Green I Nucelic Acid Gel Stain 100�. Dilute commer-
cially available 10,000� SYBR Green I in TE 1:100 to obtain
100 working solution.

13. PCR Master mix 1: 25 μL of NEB Next HF 2� PCR Master
Mix, 2.5 μL of 25 μM PCR Primer Ad1_noMX, 0.3 μL o
100 � SYBR Green I , and 9.7 μL of nuclease-free water;
37.5 μL per sample. Prepare a master mix for N+1 samples.
Pipette up and down at least ten times to mix the components.
Quickly spin to collect the liquid at the bottom of the tube.

14. PCR Master mix 2: 5 μL of NEB Next HF 2� PCR Master
Mix, 0.25 μL of 25 μM PCR Primer Ad1_noMX, 0.06 μL of
100 � SYBR Green I, and 4.44 μL of nuclease-free water;
9.75 μL per sample. Prepare a master mix for N+1 samples.
Pipette up and down at least ten times to mix the components.
Quickly spin to collect the liquid at the bottom of the tube.

15. qPCR machine.

16. Qiagen EB Buffer. Store at room temperature.

17. Qiagen EB Buffer with 0.1% Tween 20. Prepare fresh.

18. High Sensitivity DNA Kit. Store according to manufacturer’s
instructions.

3 Methods

3.1 Peripheral and

Central Axonal Injury

and Sciatic DRG

Dissection

All animal work should be authorized by the appropriate institu-
tional animal care committees.

3.1.1 Animal Preparation 1. Wipe the preparation area and surgical area with antiseptic
agent (e.g., 70% ethanol).

2. Place heat mats in the preparation and surgery areas to maintain
animal body temperature at 30 �C and cover with sterile
drapes.

3. Set up the preparation area by placing cotton swabs, eye lube,
povidone-iodine solution, analgesics, and syringes with needles
on the sterile drapes.
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Table 1
Table of PCR primers for ATAC-seq library preparation (based on Buenrostro et al. [3])

Ad1_noMX AATGATACGGCGACCACCGAGATCTACACTCGTCGGCAGCGTCAGA
TGTG

Ad2.1_TAAGGCGA CAAGCAGAAGACGGCATACGAGATTCGCCTTAGTCTCGTGGGC
TCGGAGATGT

Ad2.2_CGTACTAG CAAGCAGAAGACGGCATACGAGATCTAGTACGGTCTCGTGGGC
TCGGAGATGT

Ad2.3_AGGCAGAA CAAGCAGAAGACGGCATACGAGATTTCTGCCTGTCTCGTGGGC
TCGGAGATGT

Ad2.4_TCCTGAGC CAAGCAGAAGACGGCATACGAGATGCTCAGGAGTCTCGTGGGC
TCGGAGATGT

Ad2.5_GGACTCCT CAAGCAGAAGACGGCATACGAGATAGGAGTCCGTCTCGTGGGC
TCGGAGATGT

Ad2.6_TAGGCATG CAAGCAGAAGACGGCATACGAGATCATGCCTAGTCTCGTGGGC
TCGGAGATGT

Ad2.7_CTCTCTAC CAAGCAGAAGACGGCATACGAGATGTAGAGAGGTCTCGTGGGC
TCGGAGATGT

Ad2.8_CAGAGAGG CAAGCAGAAGACGGCATACGAGATCCTCTCTGGTCTCGTGGGC
TCGGAGATGT

Ad2.9_GCTACGCT CAAGCAGAAGACGGCATACGAGATAGCGTAGCGTCTCGTGGGC
TCGGAGATGT

Ad2.10_CGAGGCTG CAAGCAGAAGACGGCATACGAGATCAGCCTCGGTCTCGTGGGC
TCGGAGATGT

Ad2.11_AAGAGGCA CAAGCAGAAGACGGCATACGAGATTGCCTCTTGTCTCGTGGGC
TCGGAGATGT

Ad2.12_GTAGAGGA CAAGCAGAAGACGGCATACGAGATTCCTCTACGTCTCGTGGGC
TCGGAGATGT

Ad2.13_GTCGTGAT CAAGCAGAAGACGGCATACGAGATATCACGACGTCTCGTGGGC
TCGGAGATGT

Ad2.14_ACCACTGT CAAGCAGAAGACGGCATACGAGATACAGTGGTGTCTCGTGGGC
TCGGAGATGT

Ad2.15_TGGATCTG CAAGCAGAAGACGGCATACGAGATCAGATCCAGTCTCGTGGGC
TCGGAGATGT

Ad2.16_CCGTTTGT CAAGCAGAAGACGGCATACGAGATACAAACGGGTCTCGTGGGC
TCGGAGATGT

Ad2.17_TGCTGGGT CAAGCAGAAGACGGCATACGAGATACCCAGCAGTCTCGTGGGC
TCGGAGATGT

Ad2.18_GAGGGGTT CAAGCAGAAGACGGCATACGAGATAACCCCTCGTCTCGTGGGC
TCGGAGATGT

Ad2.19_AGGTTGGG CAAGCAGAAGACGGCATACGAGATCCCAACCTGTCTCGTGGGC
TCGGAGATGT

Ad2.20_GTGTGGTG CAAGCAGAAGACGGCATACGAGATCACCACACGTCTCGTGGGC
TCGGAGATGT
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(continued)

Ad2.21_TGGGTTTC CAAGCAGAAGACGGCATACGAGATGAAACCCAGTCTCGTGGGC
TCGGAGATGT

Ad2.22_TGGTCACA CAAGCAGAAGACGGCATACGAGATTGTGACCAGTCTCGTGGGC
TCGGAGATGT

Ad2.23_TTGACCCT CAAGCAGAAGACGGCATACGAGATAGGGTCAAGTCTCGTGGGC
TCGGAGATGT

Ad2.24_CCACTCCT CAAGCAGAAGACGGCATACGAGATAGGAGTGGGTCTCGTGGGC
TCGGAGATGT

4. Set up the surgical area by placing sterile surgery tools on sterile
drapes

5. Place a stereo microscope in the surgical area to visualize the
lesion site. This is particularly relevant for central lesion
surgery.

6. In the preparation area, gently remove the mouse from the
cage, weigh the animal, and record the weight.

7. Place the animal in the anesthetic induction chamber. Ensure
the flow gas tubing and the scavenge tubing are connected
properly to the chamber.

8. Induce anesthesia by turning theoxygenflowmeter to1.5L/min
flow rate and the isoflurane machine to 4%.

9. Once the mouse has lost its pedal reflex and the breathing has
become deeper, gently transfer the mouse to the nose cone of a
non-rebreathing circuit. Ensure the flow gas tubing and the
scavenge tubing are connected properly to the circuit.

10. Maintain anesthesia by turning the oxygen flow meter to 1.5
L/min flow rate and the isoflurane machine to 2%.

11. Check again pedal reflex and apply eye lube to the eyes to
prevent drying. Shave the surgery site using a hair trimmer
and swab the area with antiseptic povidone-iodine solution
for skin disinfection.

12. Administer analgesics (carprofen 5 mg/kg and buprenorphine
0.1 mg/kg) via subcutaneous injection. For a 30 g mouse, use
0.15 mL of 1 mg/mL carprofen and 0.1 mL of 0.03 mg/mL
buprenorphine. Inject the analgesics separately, in a site which
does not interfere with the surgery (e.g., into the loose skin
over the neck, when performing sciatic nerve injury or over the
flank, when performing a spinal cord injury).

13. Gently transfer the anesthetized animal to the surgery area.
Place the mouse dorsal side up to the nose cone of a
non-rebreathing circuit. Ensure the flow gas tubing and the
scavenge tubing are connected properly to the circuit.
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Maintain on 2% isoflurane for the duration of surgery. Monitor
breathing throughout surgery to ensure that anesthesia is
maintained (see Note 15). Cover mouse with transparent ster-
ile drape with hole exposing surgery area to ensure sterility and
visibility of the area. Check pedal reflex and continue with SNA
or DCA.

3.1.2 Sciatic Nerve

Axotomy Surgery

1. Lift the skin using a MicroAdson forceps and make a small skin
incision below the hip bone with using LaGrange scissors.

2. Blunt dissect the biceps femoris and gluteus maximus to expose
the sciatic nerve between the femur bone and tendon using
LaGrange scissors.

3. Lift the sciatic nerve using a surgical spinal cord hook.

4. Cut the nerve using Vannas spring scissors. Using the reference
in step 2, the cut will be approximately 20 mm distally from the
sciatic DRGs. Skip this step if sham injury is performed.

5. Following injury, let the nerve fall back into place once
released. Gently place the muscles over the top.

6. Holding the skin together using Dumont #7 curved forceps,
clip the skin together using a 7 mm wound clip applier and
7 mm suture clips.

7. Repeat steps 1–6 on the other sciatic nerve for a bilateral
injury.

8. Turn the isoflurane machine off and gently place the animal to
recover in a 30 �C recovery chamber. Once recovered, transfer
the mouse to the cage. Provide a dish of standard chow food
soaked with water in the cage to ensure food availability.

3.1.3 Dorsal Column

Axotomy Surgery

1. Place a small, rolled cylinder of tissue 2 cm in diameter under-
neath the chest of the mouse to raise the spinal cord into an arc.
This will make the surgery site easier to identify and access. Pull
skin of the upper back using a MicroAdson forceps to provide
tension and perform a midline incision with a scalpel at the
thoracic level spanning from about T8 to T12 to expose the
vertebrae. Cut and move aside the superficial interscapular fat
to enable muscle tissue dissection, taking care not to touch the
cervical vessel.

2. Below the cervical vessel, you find lamina T5/6. Use this as
reference. Remove the muscle over T9–11 using a Friedman-
Pearson rongeur to expose laminae.

3. Slowly and carefully insert one blade of the Noyes spring
scissors into the gap between the vertebrae and perform a T9
laminectomy, making sure the orientation of the blade is always
away from the cord. With Narrow Pattern forceps, carefully
remove the vertebrae (see Note 16).
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4. Repeat step 3 on the other side of the T9 vertebrae.

5. Carefully puncture the dura mater above T9 using the tip of a
30G needle horizontal to the cord, holding it with the Olsen-
Hegar needle holder.

6. Perform a dorsal column axotomy at T9 to a depth of 0.5 mm
with Vannas spring micro scissors. Skip this step if sham injury
is performed.

7. Apply Vicryl sutures separately to the connective and muscle
tissue, and then apply 7 mm suture clips to the skin.

8. Turn the isoflurane machine off and gently place the animal to
recover in a 30 �C recovery chamber. Once recovered, transfer
the mouse to the cage. Provide a dish of standard chow food
soaked with water in the cage to ensure food availability.

3.1.4 Sciatic DRG

Dissection

1. Twenty-four hours following SNA or DCA, cull the mice via
cervical dislocation, with exsanguination as the secondary con-
firmation method.

2. Spray hair with 70% ethanol, and then cut the head off using
Student scissors straight. Place the cadaver dorsal side facing
up. Remove the skin by creating a midline incision from the
neck to the tail. Gently peel the skin starting at the forelimbs,
pulling all the way back to the hind limbs and tail. Place the
cadaver ventral-side facing upward, cut part of the ribcage, and
remove all the internal organs. Pin the cadaver with 20G nee-
dles to a Styrofoam board ventral-side facing upward, by the
top of the spine and the hind limbs.

3. Set up a stereo microscope for better visualization of the
dissection area.

4. Pull away the muscle covering the vertebrae with Dumont #5
forceps (see Note 17).

5. Lift and cut away the vertebrae using a Student Vannas spring
scissors and pull the vertebrae away to reveal the spinal cord and
DRG (see Note 18).

6. Using Dumont #5 forceps, lift the peripheral branch of the
sciatic DRG, careful not to touch the DRG itself. Using Vannas
spring micro scissors, cut with the central and then the periph-
eral axonal branch (see Note 19).

7. Collect the DRG directly into either HBSS on ice or RNAlater
at room temperature depending on the subsequent procedure.

3.2 Total RNA

Extraction from DRG

Tissue and RNA-Seq

General Note We used sciatic DRG from mice that underwent
SNA vs Sham or DCA vs Lam 24 h earlier (N ¼ 3 biological
replicates). We usually pool 6–12 sciatic DRG from one to two
mice/replicate. Although RNA from DRG can be prepared using
TRIzol extraction method, we find that silica-based membrane and
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microspin technology provides better quality RNA. All the proce-
dures and centrifugations for RNA extraction are performed at
room temperature unless otherwise specified. Do not allow the
centrifuge to go below 20 �C. Perform all the procedures quickly
but handle the column gently to avoid loss of the sample.
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3.3 RNA Preparation 1. Dissect sciatic DRGs (see Subheading 3.1.4) and immediately
collect them in a 1.5 mL microtube containing 100 μL o
RNAlater (see Note 20).

2. Allow complete penetration of RNAlater in the DRG tissue by
incubating DRG in the reagent overnight at 4 �C. PAUSE
POINT: the RNA in the tissue is stable for up to 1 week at
room temperature and 4 weeks at 4 �C, or it can be stored at
lower temperature for longer time (the reagent does not usu-
ally freeze at �20 �C. If crystals are formed, make sure you
removed them).

3. Spin down the DRG at 800 rpm for 15 s. Aspirate the RNA-
later and add 100 μL of RLT lysis mix.

4. Disrupt the tissue by homogenization with the motorized
pestle until disappearance of clumps.

5. Add extra 500 μL RLT lysis mix and pipette three to four times,
until few or no clumps left.

6. Spin at 18,000� g for few seconds and transfer the supernatant
in a new RNase-free 1.5 mL microtube.

7. Add 600 μL of 70% ethanol (1 volume), and mix well by
pipetting. Precipitates might form but do not centrifuge.

8. Load the lysate on the RNeasy spin column (supplied in the
RNeasy mini kit). Since the maximum loading volume of the
column is 700 μL, you need to do this twice. Centrifuge at
18,000 g for 15 s and discard the flow-through every time.

9. Wash the column by adding 350 μL RW1 buffer (supplied in
the RNeasy mini kit). Centrifuge at 18,000� g for 15 s. Dis-
card the flow-through.

10. Add 80 μL of the freshly made DNase I incubation mix to the
RNeasy spin column membrane and incubate at room temper-
ature for 15 min. Ensure you add the mix in the center of the
membrane to avoid inefficient DNase treatment due to the
DNase I sticking to the wall or on the o-ring of the column.

11. Wash the column by adding 350 μL RW1 buffer to the col-
umn. Centrifuge at 18,000� g for 15 s. Discard the flow-
through.

12. Wash the column by adding 500 μL of RPE buffer. Centrifuge
at 18,000� g for 15 s. Discard the flow-through. Be careful to
avoid touching the tube with the column to avoid ethanol
carryover as it might affect downstream analysis.
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13. Wash the column by adding 500 μL of RPE buffer. Centrifuge
at 18,000 g for 2 min. Discard the collection tube.

14. Place the column into a new 2 mL collection tube (supplied in
the kit). Centrifuge at full speed for 1 min to dry the column.
Discard the tube.

15. Place the RNeasy spin column in a new 1.5 mL collection tube
(supplied in the kit). Add 30 μL RNase-free water (supplied in
the kit) to the columnmaking sure it goes directly on top of the
spin column membrane. Incubate for 1 min at room tempera-
ture. Centrifuge at 20,000� g for 1 min to elute the RNA. You
will recover 28 μL of RNA.

16. Take an aliquot of 4 μL for quality control and quantification.
Store the remaining RNA at 80 �C for downstream analysis.

17. Check the RNA concentration on the NanoDrop (see Note
21).

18. Check the RNA integrity on the Agilent 2100 Bioanalyzer
using an RNA Nano chip (see Note 22 and Fig. 2b–c).

3.3.1 mRNA Purification

and Fragmentation

1. Dilute 2 μg of total RNA of each sample in nuclease-free water
to a final volume of 50 μL in separate wells of the RBP plate.

2. Vortex the RPB beads to resuspend them and add 50 μL o
RPB beads to each well by pipetting up and down at least six
times until complete resuspension. Seal the RBP plate with a
Microseal “B” adhesive seal making sure the plate is fully
sealed.

3. Place in a thermocycler, with heated lid at 100 �C, and run the
following program to perform RNA denaturation: 5 min at
65 �C, and then hold at 4 �C.

4. Retrieve the plate from the thermocycler and incubate for
5 min at room temperature to allow mRNA binding to the
oligo-dT RPB beads.

5. Place the plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

6. Remove the adhesive seal, and then aspirate and discard the
supernatant, being careful not to disturb the beads.

7. Remove the plate from the magnetic stand. Add 200 μL BWB
to each well, and then mix by gently pipetting up and down at
least six times until complete resuspension.

8. Place the plate on a magnetic stand and leave for 5 min or until
complete separation of the beads.

9. Centrifuge ELB at 600 g for 5 s.

10. Aspirate and discard the supernatant, containing mainly ribo-
somal RNA and non-messenger RNA, being careful not to
disturb the beads.
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11. Remove the plate from the magnetic stand. Add 50 μL ELB to
each well, and then mix by pipetting up and down at least six
times until complete resuspension. Seal the RBP plate with a
Microseal “B” adhesive seal making sure the plate is fully
sealed.

12. Place in a thermocycler, with heated lid at 100 �C, and run the
following program to perform mRNA elution: 2 min at 80 �C,
and then hold at 25 �C.

13. Centrifuge BBB at 600 g for 5 s.

14. Retrieve the plate from the thermocycler. Remove the seal and
add 50 μL BBB to each well, and then mix by pipetting up and
down at least six times until complete resuspension to allow
mRNA rebinding to the beads.

15. Incubate for 5 min at room temperature.

16. Place the plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

17. Aspirate and discard the supernatant, being careful not to
disturb the beads. Remove the plate from the magnetic stand.
Add 200 μL BWB to each well, and then mix by pipetting up
and down at least six times until complete resuspension.

18. Place the plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

19. Aspirate and discard the supernatant, being careful not to
disturb the beads.

20. Remove the plate from the magnetic stand. Add 19.5 μL EPF
mix, containing random hexamers for RT priming, to each
well, and then mix by pipetting up and down at least six times
until complete resuspension. Seal the RBP plate with a Micro-
seal “B” adhesive seal making sure the plate is fully sealed.

21. Place in a thermocycler, with heated lid at 100 �C, and run the
following program to perform elution, fragmentation, and
priming: 8 min at 94 �C, and then hold at 4 �C.

22. Retrieve the plate from the thermocycler and spin down
quickly to collect any liquid at the bottom of the plate.

3.3.2 First Strand cDNA

Synthesis

1. Place the RBP plate on a magnetic stand and leave it for 5 min
or until complete separation of the beads.

2. While on magnetic stand, remove the seal and transfer 17 μL
supernatant of each well to the corresponding well of a new
0.3 mL plate labeled with CDP barcode, being careful not to
carry over the beads.

3. Add 8 μL of the Master mix 1 in each well of the CDP plate and
then mix by pipetting up and down at least six times until
complete resuspension. Seal the plate with a Microseal “B”



�

�

124 Franziska Müller et al.

adhesive seal making sure the plate is fully sealed and spin down
quickly to collect any liquid at the bottom of the plate.

4. Place in a thermocycler, with heated lid at 100 �C, and run the
following program to perform first strand cDNA synthesis:
10 min at 25 �C, 50 min at 42 �C, 15 min at 70 �C, and then
hold at 4 �C.

3.3.3 Second Strand

cDNA Synthesis

1. Centrifuge the SSM mix at 600 g for 5 s.

2. Retrieve the plate from the thermocycler, remove the seal, and
add 25 μL of SSM in each well of the CDP plate and then mix
by pipetting up and down at least six times until complete
resuspension. Seal the plate with a Microseal “B” adhesive
seal making sure the plate is fully sealed.

3. Place in a thermocycler, with heated lid at 30 �C, and run the
following program to perform second strand cDNA synthesis:
60 min at 16 �C.

4. Retrieve the plate from the thermocycler, let it reach room
temperature, and remove the seal. Vortex the AMPure XP
Beads to resuspend them and add 90 μL of beads to each well
of the CDP plate by pipetting up and down at least
15–20 times until complete resuspension.

5. Incubate for 15 min at room temperature.

6. Place the well plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

7. Aspirate and discard 135 μL of the supernatant, being careful
not to disturb the beads.

8. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.

9. Repeat this wash once, making sure to remove any residual
ethanol.

10. Air-dry the beads for 10–15 min while the plate is still on the
magnetic stand (see Note 23).

11. Remove the plate from the magnetic stand. Elute the cDNA
from the beads by adding 52.5 μL of RSB. Mix by pipetting up
and down 15 times until complete resuspension of the beads.

12. Incubate 2 min at room temperature.

13. Place the well plate on a magnetic stand and leave it for 5 min
to achieve separation of the beads.

14. Retrieve 50 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate with the IMP
barcode. PAUSE POINT: the plate can be sealed, and
double-stranded cDNA can be frozen at 20 �C for 1 week.
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3.3.4 End Repair 1. In case the IMP plate was stored, retrieve it from the freezer, let
it reach room temperature, and spin down quickly.

2. Remove the seal from the plate and add 10 μL of the diluted
CTE and 40 μL of the ERP in each well of the IMP plate and
then mix by pipetting up and down at least ten times until
complete resuspension. Seal the plate with a Microseal “B”
adhesive seal making sure the plate is fully sealed.

3. Place in a thermocycler, with heated lid at 30 �C, and run the
following program to perform end repair: 30 min at 30 �C.

4. Retrieve the plate from the thermocycler and remove the seal.
Vortex the AMPure XP Beads to resuspend them and add
160 μL of beads to each well of the IMP plate by pipetting up
and down at least 15–20 times until complete resuspension.

5. Incubate for 15 min at room temperature.

6. Place the well plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

7. Aspirate and discard 127.5 μL of the supernatant, twice, being
careful not to disturb the beads.

8. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.

9. Repeat this wash once, making sure to remove any residual
ethanol.

10. Air-dry the beads for 10–15 min while the plate is still on the
magnetic stand (see Note 23).

11. Remove the plate from the magnetic stand. Elute the cDNA
from the beads by adding 17.5 μL of RSB. Mix by pipetting up
and down 15 times until complete resuspension of the beads.

12. Incubate for 2 min at room temperature

13. Place the well plate on a magnetic stand and leave it for 5 min
to achieve separation of the beads.

14. Retrieve 15 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate with the ALP
barcode. PAUSE POINT: the plate can be sealed and frozen
at 20 �C for 1 week.

3.3.5 30 Ends
Adenylation

1. Add 2.5 μL of the diluted CTA in each well of the ALP plate
and then mix by pipetting up and down at least ten times until
complete resuspension.

2. Add 12.5 μL of the ATL and seal the plate with a Microseal “B”
adhesive seal making sure the plate is fully sealed.

3. Place in a thermocycler, with heated lid at 100 �C, and run the
following program: 30 min at 37 �C.

4. Retrieve the plate from the thermocycler.
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3.3.6 Adapter Ligation 1. Remove the seal from the ALP plate. Add 2.5 μL of the LIG,
2.5 μL of the diluted CTL, and 2.5 μL of each RNA Adapter
Index in each well of the ALP plate and then mix by pipetting
up and down at least ten times until complete resuspension.
Seal the plate with a Microseal “B” adhesive seal making sure
the plate is fully sealed. If multiplexing libraries, each library
should be generated with a different index.

2. Place in a thermocycler, with heated lid at 30 �C, and run the
following program to perform adapter ligation: 10min at 30 �C.

3. Retrieve the plate from the thermocycler and remove the seal.

4. Add 5 μL of the STL in each well of the ALP plate to stop
ligation and then mix by pipetting up and down at least ten
times until complete resuspension.

5. Vortex the AMPure XP Beads to resuspend them and add
42 μL of beads to each well of the ALP plate by pipetting up
and down at least 15–20 times until complete resuspension.

6. Incubate for 15 min at room temperature.

7. Place the well plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

8. Aspirate and discard 79.5 μL of the supernatant, being careful
not to disturb the beads.

9. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.

10. Repeat this wash once, making sure to remove any residual
ethanol.

11. Air-dry the beads for 10–15 min while the plate is still on the
magnetic stand (see Note 23).

12. Remove the plate from the magnetic stand. Elute the DNA
from the beads by adding 52.5 μL of RSB. Mix by pipetting up
and down 15 times until complete resuspension of the beads.

13. Incubate for 2 min at room temperature.

14. Place the well plate on a magnetic stand and leave it for 5 min
to achieve separation of the beads.

15. Retrieve 50 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate with the CAP
barcode.

16. Vortex the AMPure XP Beads to resuspend them and add
50 μL of beads to each well of the CAP plate for a second
clean up by pipetting up and down at least 15–20 times until
complete resuspension.

17. Incubate for 15 min at room temperature.
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18. Place the well plate on a magnetic stand and leave it for 5 min
or until complete separation of the beads.

19. Aspirate and discard 95 μL of the supernatant, being careful
not to disturb the beads.

20. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.

21. Repeat this wash once, making sure to remove any residual
ethanol.

22. Air-dry the beads for 15 min while the plate is still on the
magnetic stand (see Note 23).

23. Remove the plate from the magnetic stand. Elute the cDNA
from the beads by adding 22.5 μL of RSB. Mix by pipetting up
and down 15 times until complete resuspension of the beads.

24. Incubate for 2 min at room temperature.

25. Place the well plate on a magnetic stand and leave it for 5 min
to achieve separation of the beads.

26. Retrieve 20 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate with the PCR
barcode. PAUSE POINT: the plate can be sealed and frozen
at 20 �C for 1 week.

3.3.7 PCR Library

Amplification

1. In case the PCR plate was stored, retrieve it from the freezer, let
it reach room temperature, and spin down quickly.

2. Remove the seal from the PCR plate and add 5 μL of the PPC
and 25 μL of the PMM in each well of the PCR plate and then
mix by pipetting up and down at least ten times until complete
resuspension. Seal the plate with a Microseal “B” adhesive seal
making sure the plate is fully sealed.

3. Place in a thermocycler, with heated lid at 100 �C, and run the
following program to perform PCR amplification: 1 cycle at
98 �C for 30 s; then 15 cycles (98 �C for 10 s; 60 �C for 30 s;
72 �C for 30 s); finally, 1 cycle at 72 �C for 5 min. Hold at 4 �C.

4. Retrieve the plate from the thermocycler and remove the seal.

5. Vortex the AMPure XP Beads to resuspend them and add
50 μL of beads to each well of the PCR plate by pipetting up
and down at least 15–20 times until complete resuspension.

6. Incubate for 15 min at room temperature.

7. Place the well plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

8. Aspirate and discard 95 μL of the supernatant, being careful
not to disturb the beads.

9. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.
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10. Repeat this wash once, making sure to remove any residual
ethanol.

11. Air-dry the beads for 10–15 min while the plate is still on the
magnetic stand (see Note 23).

12. Remove the plate from the magnetic stand. Elute the DNA
from the beads by adding 32.5 μL of RSB. Mix by pipetting up
and down 15 times until complete resuspension of the beads.

13. Incubate for 2 min at room temperature.

14. Place the well plate on a magnetic stand and leave it for 5 min
to achieve separation of the beads.

15. Retrieve 30 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate with the TSP1
barcode.

16. Save an aliquot of 4 μL for further quantification and quality
check. PAUSE POINT: the plate can be sealed, and libraries
can be frozen at 20 �C for 1 week.

17. Check the library concentration using Qubit assay.

18. Check the library size on the Agilent 2100 Bioanalyzer using a
DNA High Sensitivity chip, after diluting the libraries at the
required concentration (Fig. 2d).

19. Pool the libraries for sequencing in Qiagen EB buffer contain-
ing 0.1% Tween 20 (see Note 24). We usually sequence at an
average of 60 million read pairs per sample (75–100 bp length)
(see Note 25).

3.4 Chromatin

Immunoprecipitation

from DRG Tissue

General Note We used sciatic DRG from mice that underwent
SNA vs Sham or DCA vs Lam 24 h earlier (N ¼ 2 biological
replicates). We usually pool sciatic DRGs from ten mice/replicate
for histone ChIP. For transcription factors, more input material
might be required.

3.4.1 Chromatin

Preparation

1. Dissect sciatic DRGs (see Subheading 3.1.4) and immediately
collect them on ice in a 1.5 mL tube containing 1 mL of cold
HBSS (see Note 1).

2. Spin down at 1000 rpm for 2min at room temperature, remove
HBSS, and flash-freeze in liquid nitrogen. Store at �80 �C.
PAUSE POINT: DRG can be stored at �80 �C for a few
months (see Note 26).

3. Crush the frozen pellet with the motorized pestle to reduce the
DRG pellet into smaller pieces. First add 100 μL of solution A,
crush with the motorized pestle, and then add an extra 300 μL,
recovering any leftover on the pestle surface.

4. Incubate for 15 min at room temperature (see Note 27).

5. Add 1/20 volume of 2.5 M glycine, mix, and incubate for
5 min at room temperature to quench formaldehyde.
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6. Centrifuge at 2500 g at 4 �C for 3 min.

7. Aspirate the supernatant and wash with 1 mL of cold PBS
supplemented with protease inhibitors.

8. Centrifuge at 2500 g at 4 �C for 3 min.

9. Aspirate the supernatant and repeat PBS washes three more
times. Remove the supernatant.

10. Resuspend the pellet in 100 μL of LB1 by pipetting. Crush the
pellet gently with the pestle, and then add 900 μL of LB1 to
wash the pestle and the tube wall. Recover everything and
transfer into 15 mL Falcon tubes. Add LB1 up to 10 mL.

11. Rock gently at 4 �C for 10 min. In this step, cell lysis occurs.

12. Centrifuge at 2000 g for 5 min at 4 �C.

13. Aspirate the supernatant carefully and resuspend the pellet in
10 mL of LB2 to wash the pellet. Rock gently at 4 �C for
10 min.

14. Centrifuge at 2000 g for 5 min at 4 �C to pellet nuclei.

15. Aspirate the supernatant carefully and resuspend the pellet in
600 μL of LB3 for nuclear lysis.

16. Split in two TPX microtubes (300 μL each) and sonicate the
suspension with a Bioruptor sonicator for 30 min at high
intensity, 0.5 cycle (30 s on, 30 s off). Tubes are placed on
the dedicated adapter and immersed in the cold-water bath.
This is achieved by either placing the Bioruptor in a cold room
or connecting the sonicator to a cold-water circuit to avoid
heating of the samples. After sonication, lysate should be clear
(see Note 28).

17. Pool the content of the two tubes and save an aliquot of 20 μL
for the sonication check. Flash-freeze the samples in liquid
nitrogen and store at �80 �C. PAUSE POINT: the samples
can be processed after a few days.

18. To check sonication efficiency, extract DNA by adding 34 μL of
the NaHCO3/SDS mix and 1 μL of 20 mg/mL Proteinase K
to the saved aliquot.

19. Incubate for 1 h at 55 �C using a thermoblock.

20. Precipitate DNA by adding 2.4 μL 5M LiCl and 367 μL 99.8%
ethanol and centrifuge at 14,000 rpm for 15 min at 4 �C.

21. Wash with 0.5 mL 70% ethanol and centrifuge at 14,000 rpm
for 15 min at 4 �C.

22. Air-dry the pellet and resuspend in 10 μL of nuclease-free
water.

23. Add 2 μL of 6� loading buffer and load on a 1% agarose gel to
check the size of the DNA. Average size should be 200–800 bp
(Fig. 3b).
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3.4.2 Immuno-

precipitation

1. Thaw the lysate on ice. Add 10% Triton X-100 to a final
concentration of 1%, and spin at max speed in microcentrifuge
for 10 min at 4 �C to pellet debris.

2. Transfer the supernatant into a new tube, and add LB3/Triton
up to 1 mL for each sample. Save 5% (50 μL) of the lysate and
store it at 20 �C.

3. In the meantime, set up two new 1.5 mL microtubes per
sample. Put 1 mL of blocking solution in the tubes and add
Dynabeads: 50 μL of Dynabeads in one tube (for lysate pre-
clearing) and 100 μL in the other tube (for antibody binding)
by pipetting up and down (see Note 29).

4. Collect the beads using magnetic stand. Remove supernatant.

5. Wash beads in 1 mL blocking solution two more times, resus-
pending the beads by flicking the tube each time. Remove the
washing buffer each time.

6. Incubate the lysate with the washed 50 μL beads (the beads for
preclearing) for 6 h on a rotator at 4 �C (see Note 30).

7. Resuspend the washed 100 μL beads (the beads for antibody
binding) in 250 μL blocking solution by flicking the tube. Add
10 μg of antibody and incubate for 6 h on a rotator at 4 �C (see
Note 8).

8. After the antibody incubation, collect the beads using a mag-
netic stand and wash them in 1 mL of blocking solution as
described in steps 4–5. Wash for a total of three times.

9. Resuspend the beads in 100 μL of blocking solution: these are
ready-to-use beads.

10. After the lysate preclearing, collect the beads at the bottom of
the tube with the magnetic stand. Recover the lysate and add
each lysate to the 100 μL antibody/magnetic bead mix.

11. Incubate overnight on rotator at 4 �C.

3.4.3 Washing, Elution,

and Cross-Linking Reversal

1. Perform all the following steps in a cold room.

2. Collect the beads using magnetic stand. Remove the superna-
tant. To remove the supernatant from the lid of the tubes, spin
the tubes at low speed for a few seconds. Place the tubes back
on the magnetic stand and remove the residual supernatant.

3. Resuspend the beads with 1 mL of RIPA buffer by gently
flicking the tubes.

4. Place the tubes on a rotator for 5 min to wash the beads.
Collect the beads using magnetic stand and remove the
supernatant.

5. Repeat steps 3–4 five times more (total of six washes) (seeNote
31).
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6. After removing the last wash, to remove the wash buffer from
the lid of the tubes, spin the tubes at low speed for a few
seconds. Place the tubes back on the magnetic stand and
remove the residual wash buffer.

7. Wash the beads with 1 mL TBS. Collect the beads using
magnetic stand and remove the TBS buffer.

8. Spin beads at 960� g for 3 min at 4 �C, place the tubes back on
the magnetic stand, and remove any residual TBS buffer.

9. Add 200 μL of Elution buffer.

10. Thaw the 50 μL of Input, add 150 μL of Elution buffer,
and mix.

11. Incubate the Input and ChIP tubes on a thermoblock set at
65 �C overnight to elute and reverse cross-link. In the first
15 min, resuspend beads every 5 min by vortexing hard.

3.4.4 DNA Purification

and Quantification

1. Place the ChIP tubes on the magnetic stand and transfer the
supernatant into new tubes. Remove beads.

2. Proceed in parallel with the ChIP and Input tubes. Add 200 μL
of TE buffer.

3. Add 8 μL of 1 mg/mL RNase A and incubate at 37 �C for
45 min to remove RNA.

4. Add 4 μL of 20 mg/mL Proteinase K and incubate at 55 �C for
1.5 h to remove proteins.

5. Purify DNA with Qiagen columns using the Qiaquick PCR kit
following the procedure below (manufacturer’s instructions).
Briefly, the DNA is absorbed by the silica membrane in the
presence of the high concentration of salts provided by the
buffers, while proteins and contaminants are washed away.
DNA is finally eluted in water.

6. Split each sample in two tubes, add five volumes of PB buffer
(supplied in the kit) and 1 μL of 3M sodium acetate pH 5.0 (see
Note 32). Incubate at 37 �C for 30 min.

7. Load the content of both tubes on a single Qiaquick column
placed in a 2 mL collection tube. Since the maximum loading
volume of the column is 800 μL, you need to do this in three
steps. Centrifuge at 18,000� g for 60 s every time. Discard the
flow-through every time.

8. Wash the column by adding 750 μL of PE buffer (supplied in
the kit). Centrifuge at 18,000� g for 60 s. Discard the collec-
tion tube. Be careful to avoid touching the tube with the
column to prevent ethanol carryover as it might affect down-
stream analysis.

9. Place the column in a new 2 mL collection tube and centrifuge
at 18,000� g for 60 s to dry the column. Discard the
collection tube.



�

132 Franziska Müller et al.

10. Place the column in a new 1.5 mL tube. Add 50 μL nuclease-
free water to the column making sure it goes directly to the
spin column membrane. Incubate for 1 min at room tempera-
ture. Centrifuge at 20,000� g for 1 min to elute the DNA. You
will recover 48 μL of DNA. PAUSE POINT: DNA can be
stored at 20 �C. Take an aliquot of 5 μL for quantification.

11. Quantify DNA with Picogreen assay: set up a DNA standard
curve from 20 to 0.002 μg/mL via serial dilutions. Pipette
10 μL of each standard in duplicate in a black 96-well plate
for fluorescence analysis. Pipette 1 μL of each Input sample and
4 μL of each ChIP sample in triplicate and add 1� TE buffer up
to 10 μL. As a blank control, pipette 10 μL of 1� TE buffer.
Add 190 μL of diluted Picogreen reagent into each well and
mix. Incubate the plate for 5 min at room temperature, pro-
tected from light. Read at 490 nm using a fluorimeter.

12. Subtract the fluorescence of the blank from that of all the other
wells (samples and standard curve) and average the background
corrected fluorescence among the duplicates (standard curve)
or triplicates (sample). Build the standard curve by plotting the
obtained fluorescence values versus the DNA amount in each
well. Determine the amount of sample DNA in each well by
interpolating the sample fluorescence values in the standard
curve. Determine the DNA concentration of the samples by
dividing the DNA amount by the volumes of sample used in
each well (1 μL for Input samples and 4 μL for the ChIP
samples). We normally get concentrations in the range of
3–10 ng/μL for the ChIP samples.

3.5 ChIP-Seq Library

Preparation

1. Prepare a 96-well PCR plate on ice by pipetting 30–40 ng of
DNA and nuclease-free water up to 55.5 μL.

2. Add 9.5 μL of the Master mix 1 in the wells containing the
DNA and water. Pipette up and down at least ten times to mix
the components. Seal the plate with adhesive films making sure
the sealing is complete. Quickly spin to collect the liquid at the
bottom of the plate.

3. Place in a thermocycler, with a heated lid at 95 �C, and run the
following program to perform the end repair: 30 min at 20 �C,
then 30 min at 65 �C, hold at 4 �C.

4. Retrieve the plate from the thermocycler and spin down quickly
to collect any liquid at the bottom of the plate.

5. Carefully remove the sealing from the plate and on ice add
18.5 μL of the Master mix 2 in each well. Pipette up and
down at least ten times to mix the components. Seal the plate
with adhesive films making sure the sealing is complete.
Quickly spin to collect the liquid at the bottom of the plate.

6. Place in a thermocycler with a heated lid on and incubate for
15 min at 20 �C.
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7. Without removing the plate from the thermocycler, carefully
remove the sealing from the plate and add 3 μL of the USER
enzyme in each well. Pipette up and down at least ten times to
mix the components. Seal the plate with adhesive films making
sure the sealing is complete.

8. Incubate for 15 min at 37 �C to perform adaptor ligation.

9. Quickly spin the plate and carefully remove the sealing from the
plate. Perform size selection (see Note 33). Add 13.5 μL o
nuclease-free water to each well to reach a final volume of
100 μL. Vortex the AMPure XP Beads to resuspend them and
add 55 μL of beads to each well by pipetting up and down at
least 15–20 times until complete resuspension.

10. Incubate for 5 min at room temperature.

11. Place the well plate on a magnetic stand and leave it for 5 min
or until complete separation of the beads.

12. Remove and transfer the supernatant containing the selected
DNA into a new PCR plate, being careful not to carry over any
beads. The plate with the beads can be discarded.

13. Vortex the AMPure XP Beads to resuspend them and add
25 μL of beads to each well by pipetting up and down at least
15–20 times until complete resuspension.

14. Incubate for 5 min at room temperature.

15. Place the well plate on a magnetic stand and leave it for 5 min
or until complete separation of the beads.

16. Aspirate and discard the supernatant, being careful not to
disturb the beads.

17. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.

18. Repeat this wash once, making sure to remove any residual
ethanol.

19. Air-dry the beads for 5–10 min while the plate is still on the
magnetic stand (see Note 23).

20. Remove the plate from the magnetic stand. Elute the DNA
from the beads by adding 17 μL of Qiagen EB buffer. Mix by
pipetting up and down 15 times until complete resuspension of
the beads. Incubate for 2 min at room temperature.

21. Place the well plate on a magnetic stand and leave it for 5 min
to achieve separation of the beads.

22. Retrieve 15 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate.

23. Add 33 μL of the Master mix 3 in each well of the PCR plate.
Add 2 μL of a different Index Primer in each well. This proce-
dure will allow multiplexing of the samples, as each sample will
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be identified by a different index primer. Please refer to the kit
manual for compatible index combinations. Pipette up and
down at least ten times to mix the components. Seal the plate
with adhesive films making sure the sealing is complete.
Quickly spin to collect the liquid at the bottom of the plate.

24. Place in a thermocycler, with heated lid on, and run the fol-
lowing program to perform library PCR amplification: 1 cycle
at 98 �C for 30 s, then 10 cycles (seeNote 34) (98 �C for 10 s,
65 �C for 75 s), then 1 cycle at 65 �C for 5 min. Hold at 4 �C.

25. Quickly spin the plate and carefully remove the sealing from
the plate. Perform library cleanup. Vortex the AMPure XP
Beads to resuspend them and add 45 μL of beads to each well
by pipetting up and down 15–20 times until complete
resuspension.

26. Incubate for 5 min at room temperature.

27. Place the well plate on a magnetic stand and leave it for 5 min
or until complete separation of the beads.

28. Aspirate and discard the supernatant, being careful not to
disturb the beads.

29. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.

30. Repeat this wash once, making sure to remove any residual
ethanol.

31. Air-dry the beads for 5 min while the plate is still on the
magnetic stand (see Note 23).

32. Remove the plate from the magnetic stand. Elute the DNA
from the beads by adding 33 μL of Qiagen EB buffer. Mix by
pipetting up and down 15 times until complete resuspension of
the beads. Incubate for 2 min at room temperature.

33. Place the well plate on a magnetic stand and leave it for 5 min
to achieve separation of the beads.

34. Retrieve 28 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate. If needed, perform
the cleanup twice (see Note 35).

35. Save an aliquot of 4 μL for further quantification and quality
check. PAUSE POINT: the libraries can be frozen at 20 �C.

36. Check the library concentration using Qubit assay.

37. Check the library size on the Agilent 2100 Bioanalyzer using a
DNA High Sensitivity chip, after diluting the libraries at the
required concentration (Fig. 3c, d).

38. Pool the libraries for sequencing in Qiagen EB buffer contain-
ing 0.1% Tween 20 (see Note 24). We usually sequence at a
depth of 20–30 million single-ended reads per sample (50 bp
length) (see Note 36).
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3.6 ATAC-Seq from

DRG Tissue

General Note We used sciatic DRG from mice that underwent
SNA vs Sham or DCA vs Lam 24 h earlier (N ¼ 3 biological
replicates). We usually use sciatic DRGs from one mouse/replicate.

3.6.1 Cell Preparation

and Transposition Reaction

1. Dissect sciatic DRGs (see Subheading 3.1.4) and immediately
collect them on ice in a 1.5 mL tube containing 1 mL of cold
HBSS (see Note 1).

2. Aspirate HBSS, then add 100 ul of cold lysis buffer, and crush
the DRG tissue with the motorized pestle.

3. Add an extra 400 μL of cold lysis buffer, washing the pellet
pestle. Incubate for 10 min on ice (see Note 37).

4. Transfer 50,000 nuclei in a new nuclease-free microtube and
centrifuge for 10 min at 500� g at 4 �C to pellet the nuclei.
Discard the supernatant and place nuclear pellet on ice.

5. Add 50 μL of Transposition mix to each sample and gently
pipette to resuspend nuclei on ice.

6. Incubate transposition reaction at 37 �C for 30 min using a
thermoblock.

7. Immediately after the transposition, purify with Qiagen MinE-
lute PCR Purification following manufacturer’s instructions.
Briefly, the DNA is absorbed by the silica membrane in the
presence of the high concentration of salts provided by the
buffers, while proteins and contaminants are washed away.
DNA is finally eluted in water.

8. Add 5 volumes of PB buffer (supplied in the kit) and 1 μL of
3 M sodium acetate pH 5.0 (see Note 32).

9. Load the content on a MinElute column placed in of a 2 mL
collection tube. Centrifuge at 18,000� g for 60 s. Discard the
flow-through.

10. Wash the column by adding 750 μL of PE buffer (supplied in
the kit). Centrifuge at 18,000� g for 60 s. Discard the collec-
tion tube. Be careful to avoid touching the tube with the
column to prevent ethanol carryover, as it might affect down-
stream analysis.

11. Place the column in a new 2 mL collection tube and centrifuge
at 18,000� g for 60 s to dry the column. Discard the
collection tube.

12. Place the column in a new 1.5 mL nuclease-free collection
tube. Add 14 μL nuclease-free water to the column making
sure it goes directly onto the spin column membrane. Incubate
for 1 min at room temperature Centrifuge at 20,000� g for
1 min to elute the DNA. You will recover 12 μL of DNA.
PAUSE POINT: DNA can be stored at 20 �C.
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3.6.2 Library

Amplification

1. Thaw the elutedDNA on ice in case it has been stored at 20 �C.

2. Pipette 37.5 μL of the PCR Master mix 1 per sample to a PCR
plate.

3. Add 10 μL of the transposed DNA and 2.5 μL of specific
barcoded 25 μM PCR Primer Ad2 in each well (see Table 1).
This procedure will allow multiplexing of the samples as each
sample will be identified by a different index primer. Pipette up
and down to mix the components. Seal the plate with adhesive
films making sure the sealing is complete.

4. Quickly spin to collect the liquid at the bottom of the plate.

5. Place in a thermocycler, with heated lid on, and run the follow-
ing program to perform partial library PCR amplification (see
Note 38): 1 cycle at 72 �C for 5 min, followed by 1 cycle at
98 �C for 30 s, then 5 cycles (98 �C for 10 s, 63 �C for 30 s,
72 �C for 60 s). Hold at 4 �C.

6. Retrieve the PCR plate from the thermocycler and leave it
on ice.

7. Pipette 9.75 μL of the PCR Master mix 2 per sample to a PCR
plate.

8. Add 5 μL of the partially amplified library and 0.25 μL o
barcoded PCR Primer Ad2. Pipette up and down to mix the
components. Seal the plate with adhesive films making sure the
sealing is complete. Quickly spin to collect the liquid at the
bottom of the plate.

9. Using a qPCR machine, run the following program: 1 cycle at
98 �C for 30 s, then 25 cycles (98 �C for 10 s, 63 �C for 30 s,
72 �C for 60 s). Hold at 4 �C.

10. To calculate the number of additional PCR cycles needed, plot
linear Rn vs Cycle Number and then calculate the number of
cycles that corresponds to one third or one fourth of the
maximum fluorescence intensity (see Fig. 4b and Note 39).

11. After calculating the additional number of cycles, run the
remaining 45 μL of PCR reaction to complete library amplifi-
cation cycle as follows: 1 cycle at 98 �C for 30 s, then x cycles
(calculated additional # of cycles) (98 �C for 10 s, 63 �C for
30 s, 72 �C for 60 s). Hold at 4 �C. PAUSE POINT: DNA can
be stored at 20 �C.

3.6.3 Library Purification 1. Thaw the plate in case it has been stored at �20 �C. Quickly
spin the plate and carefully remove the sealing from the plate.

2. Add 5 μL of nuclease-free water to the PCR reaction to bring
the total volume to 50 μL.

3. Perform library cleanup using AMPure XP Beads (seeNote 40).
Vortex to resuspend them and add 80 μL of beads (1.6�, left
side selection to remove primer dimers) to each well by pipetting
up and down 15–20 times until complete resuspension.
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4. Incubate for 10 min at room temperature.

5. Place the well plate on a magnetic stand and leave it for 5 min or
until complete separation of the beads.

6. Aspirate and discard the supernatant, being careful not to
disturb the beads.

7. While the plate is still on the magnetic stand, wash the beads
with 200 μL of 80% ethanol. Incubate for 30 s at room tem-
perature and carefully aspirate and discard the supernatant.

8. Repeat this wash once, making sure to remove any residual
ethanol.

9. Air-dry the beads for 5–10 min while the plate is still on the
magnetic stand (see Note 23).

10. Remove the plate from the magnetic stand. Elute the DNA
from the beads by adding 25 μL of Qiagen EB buffer. Mix by
pipetting up and down 15 times until complete resuspension of
the beads. Incubate for 2 min at room temperature.

11. Place the well plate on a magnetic stand and leave it for 5 min
or until complete separation of the beads.

12. Retrieve 23 μL of supernatant being careful not to carry over
any beads and transfer in a new PCR plate. One cleanup is
usually enough to remove all primer dimers.

13. Save an aliquot of 4 μL for further quantification and quality
check. PAUSE POINT: the libraries can be frozen at 20 �C.

14. Check the library concentration and size on the Agilent 2100
Bioanalyzer using a DNA High Sensitivity chip, after diluting
the libraries at the required concentration (Fig. 4c, d andNote
41).

15. Pool the libraries in Qiagen EB buffer containing 0.1% Tween
20 for sequencing (see Note 24). We usually sequence at
80 million (>50) read pairs per sample (75–100 pb length)
(see Note 42).

4 Notes

1. We recommend using the 1.5 mL Anachem microtubes fitting
the Anachem pellet pestle. We found that the motorized pestle
ensures the perfect homogenization of the DRG tissue. Ineffi-
cient lysis will bring lower yield.

2. Other kits can be used; however, we find that Qiagen RNeasy
mini kit gives optimal results. The kit should be stored at room
temperature and is stable at least 9 months. Binding capacity of
the column is 30 mg of tissue and 100 μg of RNA. The first
time you use the kit, add four volumes of 99.8% ethanol
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(vol/vol) to the concentrated RPE buffer. Label the bottle. Do
not leave the bottle open for too long, as the ethanol will
evaporate.

3. DNase I lyophilized enzyme and the RDD buffer are stored at
4 �C and can be kept for at least 9 months. To prepare stocks,
dissolve the DNase I in 550 μL of RNase-free water. DNase I is
especially sensitive to physical denaturation. Mix gently by
inverting. Do not vortex. Aliquot in RNase-free tubes and
store at �20 �C for up to 9 months. Thawed aliquots can be
stored at 2–8 �C for up to 6 weeks.

4. We used Illumina TruSeq stranded mRNA Library Prep Kit;
however, alternative kits are also available. The procedure
might change if alternative kits are used. Please refer to manu-
facturer’s manual.

5. Formaldehyde is flammable, toxic by inhalation, and by contact
with skin, it can cause burns and is potentially carcinogenic.
Formaldehyde should be handled with appropriate safety
equipment and used under chemical hood.

6. Ethidium bromide is toxic and mutagenic and should be stored
according to the manufacturer’s instructions, handled with
appropriate safety equipment, and used under chemical hood.
Safer alternatives are also available.

7. We recommend using IgG-Free Protease-Free BSA (e.g., Jack-
son ImmunoResearch).

8. The choice of the antibody is critical for efficient ChIP. We
recommend using ChIP grade antibodies, and testing them
before using them for ChIP-seq. When testing, positive and
negative controls are needed. We performed ChIP-seq for
H3K9ac and H3K27ac (markers of active promoters and
enhancers) and H3K27me3 (marker of repressed chromatin).
We have successfully used H3K27ac (Ab4729, Abcam),
H3K9ac (Ab10812, Abcam), or H3K27me3 (C15410195,
Diagenode) antibodies with consistent enrichment, and those
can be used as positive controls. A negative control is created by
setting up an extra tube per sample where the same amount of
IgG of the same species is added instead of the specific anti-
body. The bound DNA, after purification, is then tested by
qPCR and enrichment over Input is calculated. We found that
10 μg of antibodies is enough for histone ChIP. For transcrip-
tion factors, a higher amount of antibody is usually needed.

9. Other kits can be used. The kit is stable for up to 12 months at
room temperature. Before use, check the buffers for any pre-
cipitate, and redissolve at 37 �C if needed. The binding capacity
of the column is 10 μg. If it is the first time you are using PE
buffer, add four volumes of 99.8% ethanol (vol/vol) to the
concentrated PE buffer. Label the bottle. Do not leave the
bottle open for too long, as the ethanol will evaporate.
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10. There are many commercially available library preparation kits.
We have provided instructions based on our experience with
the NEBNext Ultra library preparation kit. A more recent
version of the library kit has been produced. If you are using
a different kit, we recommend following the manufacturer’s
instructions.

11. The volumes of the primers might change as each kit lot might
have different primer concentrations. Please refer to each lot
instructions.

12. There are many commercially available tagmentation kits. We
have provided instructions based on our experience with the
Illumina Tagment DNA Enzyme and Buffer kit.

13. There are many commercially available DNA purification kits
that enable elution of purified DNA in small volumes. We have
provided instructions based on our experience with the Qiagen
MinElute Purification kit. The kit is stable for up to 12months.
At the arrival, store the MinElute spin columns at 4 �C. Before
use, check the buffers for any precipitate, and redissolve at
37 �C if needed. The binding capacity of the column is 5 μg.
The first time you use the kit, add four volumes of 99.8%
ethanol (vol/vol) to the concentrated PE buffer. Label the
bottle. Do not leave the bottle open for too long, as the
ethanol will evaporate.

14. There are many commercially available high-fidelity PCR mas-
ter mixes. We have provided instructions based on our experi-
ence with the NEBNext HF 2 PCR Master Mix.

15. Increase isoflurane flow if breathing quickens and decrease is
breathing slows. Ideally maintain a rate of 1–1.5 breaths per
second.

16. Should the laminectomy cause bleeding, take a cotton swab
and apply pressure to the site until the bleeding has stopped.
This may take several minutes. If the mouse has lost up to
500 μL of blood, inject 1000 μL of saline subcutaneously to
aid erythrocyte production and maintenance of blood volume.
Monitor the mouse carefully in the post-recovery period.

17. Be careful not to drag the forceps either side of the spinal cord,
as you will catch the peripheral axonal branches that enter here,
and damage the DRG. Keep the forceps on the bone itself.

18. Cut vertically and not at an angle so as not to catch the
underlying DRG. If there is bone remaining which covers the
DRG, remove this gently using forceps.

19. The L6 DRG are smaller and more difficult to identify. Gently
pull away muscle or move the spinal cord to the side to find it
underneath. The DRG sometimes have a black speckled mem-
brane, which covers their surface that can be used to
identify them.
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20. At least 10 ul of RNAlater are recommended for 1 mg of tissue.
The procedure for tissue collection should be as quick as
possible to avoid RNA degradation. Although RNA from
DRG can be prepared immediately after DRG extraction, or
after liquid nitrogen flash freezing, we found that RNA stabili-
zation in RNAprotect Tissue Reagent o.n. preserves RNA
integrity better. Do not use RNAprotect Tissue Reagent with
frozen tissue.

21. The A260/280 and A260/230 ratios provide an idea of the
purity of the RNA. A260/280 should be ~2.0 and A260/
230~2.0–2.2. Abnormal ratios usually indicate contamination
of proteins or other reagents in the extraction protocol. Non-
optimal ratios may also be faced at very low concentrations of
nucleic acids. However, with this procedure, we have always
had a good yield of high-quality RNA. Starting from 6–-
12 sciatic DRGs from one to twomice, the RNA concentration
is in the range of 100–200 ng/μL.

22. The bioanalyzer provides a measure of RNA integrity by mea-
suring an RNA Integrity Number (RIN), which is based on the
ratio between the 18S and 28S ribosomal subunits. A RIN >
8.0 is expected with this procedure (Fig. 2b); however, RIN
>7.5 are sometimes accepted. We found that treatment of the
tissue with RNAprotect Tissue Reagent o.n. greatly improves
the RIN score. In case of low RIN (Fig. 2c), repeat the RNA
preparation, being aware of the possible sources of RNase
contaminations.

23. Do not overdry the beads as this might result in low sample
recovery. The bead pellet should not crack, as this means it is
too dry.

24. Calculate the molar concentration of each library and dilute the
more concentrated libraries to put them in line with the less
concentrated ones. Pool the same amount (nmols) of each
library, aiming for a final concentration of 5–10 nM. If the in-
dex primers are different for each sample, you can pool all the
libraries in one single pool to avoid batch effects. Sequence the
pool multiple times until the required depth. Do not dilute and
pool all the libraries, as you might need to run them again. Be
accurate in pipetting and try to avoid pipetting very small
volumes.

25. For sequencing analysis and differential expression analysis,
several tools are available [7]. In our analysis [6], after quality
control, reads were aligned to the mm10 mouse reference
genome using TopHat v.2.0.12 [10] running Bowtie2 v.2.2.3
[11]. A transcriptome index was built using gene structure
annotations corresponding to the Ensembl (https://www.
ensembl.org/index.html) annotation of the mm10 genome

https://www.ensembl.org/index.html
https://www.ensembl.org/index.html
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sequence and provided to TopHat during the alignment step.
Read counts were obtained from mapped reads using HTSeq
v.0.6.1 (https://pypi.python.org/pypi/HTSeq/0.6.1), and
differential expression analysis was performed using EdgeR
v.3.8.6 [12], using limma v.3.22.7 [13] in R v.3.1.1. Differen-
tial expression testing was performed on the normalized out-
put from EDASeq using EdgeR.

26. An alternative approach would be to fix the fresh tissue imme-
diately after collection, quench, wash (following protocol until
step 9 under Subheading 3.4.1), and then flash-freeze it at
�80 �C, until ready for the experiment. Although we have
never directly compared the two approaches, we found that
freezing the tissue at the collection time, without any further
processing, gives good results. Moreover, it is time convenient
when a large number of mice have to be handled.

27. Cross-linking time and conditions can be optimized for differ-
ent proteins and for different tissues. However, we have found
that these conditions and times work well in DRG tissue.
Insufficient cross-linking can result in loss of DNA–protein
contacts, and over-cross-linking can result in difficulty in soni-
cation and in denaturation of the protein of interest.

28. Sonication is needed for nuclear lysis and shearing of the
chromatin. After sonication, the cloudy lysate should turn
clear. Under-sonication, with generation of large fragments,
will result in loss of resolution of the binding events. Sonication
might require some optimization depending on the sample
type and amount, and on the sonicator being used. We have
found that the described settings using the Bioruptor sonicator
work well for sciatic DRG tissue from ten mice. For the Bior-
uptor, PTX tubes are used, as their hard plastic improves the
transmission of the ultrasounds to the sample. A successful
sonication will result in DNA fragments in the range of
200–800 bp (Fig. 3b). Insufficient shearing can be trouble-
shooted by additional cycles of sonication or reducing the
fixation time. If using a tip sonicator, be careful to keep the
sample tubes on ice at all times and the tip centered in the tube.

29. Before using Dynabeads, ensure proper bead resuspension by
tilting, rotating, and flicking the vial. Do not vortex. To make
sure to pipette the right amount of beads, pipette very slowly
and wash the tip by pipetting up and down a few times in
blocking solution. Dynabead protein G have a high affinity
for most rabbit and mouse antibodies; however, refer to the
datasheet to check the affinity for different species/classes of
antibodies.

30. Dynabeads have low nonspecific binding; however, we perform
the preclearing step anyway.

https://pypi.python.org/pypi/HTSeq/0.6.1
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31. We find that these washing conditions work well in general.
The number of washes and the composition of the RIPA wash
buffer can be optimized depending on the antibody used. For
less stringent washes, the number of washes can be decreased,
and/ or the concentration of detergents can be reduced.

32. The addition of 3 M sodium acetate pH 5.0 is to ensure that
pH conditions are optimal for DNA binding. DNA binding to
the silica membrane requires pH < 7.5. We do not add pH
indicator to the PB buffer, as it might interfere with following
library preparation steps.

33. Although the kit manual does not recommend size selection
when starting from <100 ng of DNA, we find size selection
essential to ensure the correct library size. The protocol refers
to a library size of 200 bp. We use AMPure XP beads; however,
SPRIselect beads can also be used.

34. The number of cycles depends on the starting amount of DNA.
We use 10 cycles for 30 ng and 12 cycles for 5 ng. Further
adjustments may be required for different DNA input amount.

35. We found that two cleanup rounds are needed to remove any
residual traces of adaptors.

36. For ChIP-seq analysis, several tools are available [14]. In our
analysis [6], after quality control, reads were aligned to the
mm10 reference genome and used for peak calling using the
AQUAS histone ChIP-seq pipeline (https://github.com/
kundajelab/chipseq_pipeline). Genomic bins of 1000 bp
upstream and downstream of each transcription start site for
each gene were created using the same gene annotation as used
for the RNA-seq data. Read counts per genomic bin (for gene
analysis) or peak (for enhancer analysis) were obtained from the
mapped reads using HTSeq-0.6.1 (https://pypi.python.org/
pypi/HTSeq/0.6.1), and subsequently, differential binding
testing was conducted using EdgeR-3.8.6 [12].

37. Take an aliquot of 20 μL in a tube and add 20 μL of methyl
green-pyronin to check lysis efficiency under the microscope.
Nuclei of lysed cells will be counterstained in green. Count the
nuclei using a hemocytometer. We usually get 125,000 nuclei
from sciatic DRG of one mouse.

38. Only five cycles are applied at first. Reaction is then monitored
using qPCR to enable the amplification to be stopped before
saturation. The appropriate number of PCR cycles is deter-
mined in order to avoid GC and size bias during PCR
amplification.

39. The goal of the qPCR is to generate libraries with the mini-
mum number of PCR cycles. If two samples have similar Ct
values, calculate the cycle number from the sample with smaller
fluorescence intensity (Fig. 4b, pink and yellow). If the number

https://github.com/kundajelab/chipseq_pipeline
https://github.com/kundajelab/chipseq_pipeline
https://pypi.python.org/pypi/HTSeq/0.6.1
https://pypi.python.org/pypi/HTSeq/0.6.1
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of cycles to be added is in between two cycles, use the smaller
integer (Fig. 4b, yellow and purple samples). We normally
perform six extra cycles (not exceeding 11 cycles).

40. We found that column purification of the libraries does not
remove primer–dimers. Therefore, we recommend magnetic
bead purification rather than column purification.

41. Bioanalyzer trace should show a sloping curve of PCR frag-
ment sizes between ~ 150 and 1000 bp, with periodicity of
~200 bp (Fig. 4c). Additional peaks at ~78 bp may be seen and
represent excess PCR primers dimers (Fig. 4d). If a high
molecular weight contamination is present, a second AMPure
XP bead cleanup using a 0.3� ratio can be applied (right-side
selection); however, it is most often not needed.

42. For ATAC-seq analysis, some tools are available [15]. In our
analysis [6], quality control, read alignment, signal track gen-
eration, and peak calling were performed using the Kundaje
lab’s ATAC-seq processing pipeline (https://github.com/
kundajelab/atac_dnase_pipelines) running Bowtie2 [11] and
MACS2 (https://pypi.org/project/MACS2/). Genomic bins
of 1000 bp upstream and downstream of each transcription
start site for each gene were created using the same gene
annotation as used for the RNA-seq data. Read counts per
genomic bin (for gene analysis) or peak (for enhancer analysis)
were obtained from the mapped reads using HTSeq-0.6.1
(https://pypi.python.org/pypi/HTSeq/0.6.1), and, subse-
quently, differential accessibility testing was conducted in
EdgeR-3.8.6 [12]. ATAC-seq footprints were generated
using HINT [16]. Differential footprinting analysis was per-
formed using BaGFoot [17] at the level of promoters and
enhancers.
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Chapter 8

Profiling Locally Translated mRNAs in Regenerating Axons

Pabitra K. Sahoo and Jeffery L. Twiss

Abstract

Spatial and temporal regulation of protein expression plays important roles in many cellular functions,
particularly for highly polarized cell types. While the subcellular proteome can be altered by relocalizing
proteins from other domains of the cell, transporting mRNAs to subcellular domains provides a means to
locally synthesize new proteins in response to different stimuli. Localized protein synthesis is a critical
mechanism in neurons that extend dendrites and axons long distances from their cell bodies. Here, we
discuss methodologies that have been developed to study localized protein synthesis using axonal protein
synthesis as an example. We provide an in-depth method using dual fluorescence recovery after photo-
bleaching to visualize sites of protein synthesis using reporter cDNAs that encode two different localizing
mRNAs along with diffusion-limited fluorescent reporter proteins. We show how this method can be used
to determine how extracellular stimuli and different physiological states can alter the specificity of local
mRNA translation in real time.

Key words Localized protein synthesis, FRAP, mRNA translation, Axonal protein synthesis

1 Introduction

Localization of mRNAs coupled with synthesis of proteins at sub-
cellular sites or domains is a characteristic feature of all polarized
eukaryotic cells, including neurons [1–3]. Neurons are extremely
polarized, and they transport mRNAs and needed translational
machinery into their axons and dendrites. This provides an “on-
demand” means to generate multiple copies of the encoded protein
from a single mRNA rather than transporting individual proteins
from the cell body into the axons and dendrites. Seminal works
showing that dendrites and axons can autonomously synthesize
proteins have led to questions on functions for that protein synthe-
sis, which proteins are locally synthesized, and how is mRNA
transport into and translation within dendrites and axons regulated
[3, 4]. We focus on that last question in this article. Our objective is
to present methodologies used to visualize and quantitate localized
mRNA translation that have been developed using cultured

Ava J. Udvadia and James B. Antczak (eds.), Axon Regeneration: Methods and Protocols,
Methods in Molecular Biology, vol. 2636, https://doi.org/10.1007/978-1-0716-3012-9_8,
© The Author(s), under exclusive license to Springer Science+Business Media, LLC, part of Springer Nature 2023

145

http://crossmark.crossref.org/dialog/?doi=10.1007/978-1-0716-3012-9_8&domain=pdf
https://doi.org/10.1007/978-1-0716-3012-9_8#DOI


neurons. These approaches provide platforms for dissecting the
mechanisms that regulate the specificity of localized neuronal pro-
tein synthesis without contamination from other cellular sources.
We typically utilize dorsal root ganglion (DRG) neurons as our
model system, since these neurons rapidly extend axons for
hundreds of microns over 1–3 days in culture, so they provide
definitive spatial resolution of distal axons from the cell body.
Since the DRGs can be cultured from adult rodents, they provide
a model to evaluate regeneration of axons. However, these
approaches can and have been extended to other neuronal popula-
tions and can be modified for use in vivo [5–7].
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Methodologies for studying mRNA translation in axons have
largely relied on (1) directly labeling nascent peptide chains, (2) iso-
lating ribosomes with bound mRNAs, and (3) using reporter
mRNAs as surrogates for endogenous transcripts. Puromycylation
is an example of directly labeling nascent peptide chains [8] (see
Note 1). Ribosomes can also be isolated with bound mRNAs to
provide an assessment of mRNA translation (see Note 2). Puromy-
cylation assay and ribosome/polysome fractionation techniques
can provide unbiased analyses for local mRNA translation when
axons can be completely isolated from the neuronal soma. We focus
this article on the use of reporter mRNAs as surrogates for endog-
enous transcripts in axons. Several studies have used fluorescence
recovery after photobleaching (FRAP) approach to study localized
translation of specific mRNAs [9–14]. FRAP was initially developed
to study protein motility in living cells [15]. This classic FRAP
approach uses high-intensity laser light to photobleach an area of
a cell to fully deplete fluorescence, and then recovery of fluores-
cence is followed in this region of interest (ROI) to track protein
motility. The faster it recovers, the more mobile a protein is. To
study localized protein synthesis, fluorescent reporter protein
cDNAs are tagged with a membrane-localizing epitope (e.g., myr-
istoylation (MYR)), which markedly limits diffusion of the nas-
cently synthesized proteins from sites of translation (Fig. 1)
[5]. Axonal localization and translational control motifs are largely
restricted to untranslated regions (UTRs) of mRNAs [3]. RNA
localization motifs typically reside in the 3′ UTR, with the 5′
UTR typically contributing to translational regulation [16]. Thus,
subcellular localization of a fluorescent reporter mRNA can often
be driven by 3′ UTR of an axonal mRNA, and translational regula-
tion of the localized reporter mRNA can be driven by 5′ UTR of
that axonal mRNA. So, cloning the 5′ and 3′ UTRs of candidate
mRNAs flanking the initiation codon and stop codons, respectively,
of the coding sequence of a diffusion-limited GFP cDNA
(GFPMYR) or mCherry cDNA (mCHMYR) provides a surrogate
for transport and translational regulation of the endogenous



mRNA. Consequently, one can use such reporters to test for axonal
localization and local translation activity. By co-transfecting with
GFPMYR and mCHMYR reporters bearing 5′/3′ UTRs of different
localizing mRNAs, one can simultaneously assess translation of
different mRNA surrogates in response to stimuli and physiological
conditions [11].
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Fig. 1 Fluorescence recovery after photobleaching for visualizing intra-axonal translation of multiple mRNAs.
(a) Schematics of translation reporters used in dual FRAP are shown. 5′-3′ UTRs of mRNA 1 are tagged with
GFPMYR and 5′-3′ UTRs of mRNA 2 are tagged with mCHMYR. (b) Illustrations of FRAP sequences are shown. As
the neurons are transfected with two translation reporters simultaneously, GFPMYR reporter is shown in green
and mCHMYR reporter is shown in red (pre-bleach, top panel). After exposing the ROI with high-energy lasers,
fluorescence signals are bleached out (middle panel). Post bleaching the fluorescence signal recover over time
(bottom panel). (c) Representative images of an example dual FRAP sequences are shown. Scale bar= 20 μm
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Within limited duration post-bleach periods, the recovery of
the MYR-tagged translation reporters after photobleaching in
axons and dendrites provides a surrogate for localized translation
of endogenous mRNAs over space and time. Although the FRAP
technique is not nearly as high throughput as puromycylation,
AHA, RiboTag, and TRAP methods, FRAP provides fast readout,
delivers spatial resolution, and eliminates the contamination issue
from surrounding cells. Moreover, we have successfully tracked
translation of multiple reporters simultaneously to address specific-
ity of mRNA translation [11, 12]. Thus, FRAP provides a powerful
tool to validate locally translating mRNAs from the puromycylation
or RiboTag screens and, as we outline below, can be extended to
address specificity for translation of different mRNAs in response to
stimuli. Though we describe the use of FRAP for regenerating
axons of adult DRG neurons, the reader should take note that it
is readily adaptable to other neurons and with care could be used in
subcellar domains of smaller cells depending on available instru-
mentation. Also note that we present the transfection methods that
we have optimized for the adult rat and mouse DRG neurons [17],
but the reader can use any transfection method that works for their
cell of interest. The methods we offer below can be used to study
localized translation of specific transcripts in axons. Since these
methods require exogenous expression, this approach is not with-
out limitations as it can result in overexpression of the surrogate
mRNA relative to the endogenous mRNA. To further validate the
mRNA’s axonal translation, other techniques should also be used in
combination with FRAP. For example, puromycylation assays can
be done in isolated nerves ex vivo followed by affinity isolation of
labeled proteins and immunoblotting for protein of interest to see if
that protein is axonally synthesized [8, 11]. Also, puromycylation
can be combined with proximity ligation assays (PLA) using anti-
bodies to puromycin and the protein of interest to both validate
intra-axonal translation of that protein and visualize sites of transla-
tion along the axon.

2 Materials

2.1 DRG Cell Culture

and Transfections

1. Isolated dorsal root ganglia (DRG) neurons (see Note 3).

2. Glass bottom dishes for live cell imaging.

3. 10 cm tissue culture plates.

4. Autoclaved sterile phosphate-buffered saline (PBS), pH 7.4.

5. Cell culture tested poly-L-lysine prepared in sterile tissue cul-
ture grade water (50 μg/mL), mol wt 70,000–150,000, store
at 4 °C.

6. 200 μg/mL mouse laminin: Prepare a 200 μg/mL stock solu-
tion of mouse laminin in sterile PBS and store frozen at-20 °C.
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7. Fetal bovine serum (FBS).

8. Dulbecco’s Modified Eagle Medium (DMEM).

9. DMEM, without phenol red.

10. Ham’s F-12 medium.

11. Ham’s F-12 medium, without phenol red.

12. 1:1 DMEM/F12 cell culture medium: Using DMEM and
Ham’s F-12 media that contain phenol red, prepare by mixing
Dulbecco’s Modified EagleMedium (DMEM) 1:1 with Ham’s
F-12 medium.

13. 1:1 DMEM/F12 cell culture medium without phenol red:
Using media that do not contain phenol red, prepare by mixing
DMEM 1:1 with Ham’s F-12 medium.

14. 10 mM cytosine arabinoside (AraC): Prepare 10 mM stock
solution of AraC in sterile tissue culture grade water and store
frozen at -20 °C.

15. N1 medium supplement (100×).

16. 100× L-glutamine supplement (200 mM).

17. DRG growth medium: 1:1 DMEM/F12 cell culture medium
(with phenol red), containing 1 × N1 medium supplement,
1 × L-glutamine, 100 μM AraC, and 10% FBS.

18. DRG growth medium without phenol red: 1:1 DMEM/F12
cell culture medium without phenol red, containing 1 × N1
medium supplement, 1 × L-glutamine, 100 μM AraC, and
10% FBS.

19. 0.2% bovine serum albumin (BSA): Prepare 0.2% BSA in sterile
PBS and store at 4 °C until used.

20. Hibernate A medium.

21. Penicillin–streptomycin (P/S), 10,000 IU/mL), sterile.

22. PBS+P/S: Add 100 units/mL of P/S to PBS and keep at room
temperature (prepare after DRG isolations) to be used during
DRG culture.

23. DRG serum-supplemented wash medium: 1:1 DMEM/F12
cell culture medium, supplemented with 10% FBS, and
100 units/mL of P/S.

24. P/S wash medium: 1:1 DMEM/F12 cell culture medium,
supplemented with 100 units/mL of P/S.

25. DRG collection medium: Hibernate A medium, with N1
medium supplemented to 1×.

26. Sterile, tissue culture grade dH2O.

27. Molecular biology grade ethanol.

28. Dimethyl sulfoxide (DMSO).
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29. 50 units/μL Collagenase Type II: Prepare 50 units/μL stock
solution of Collagenase Type II in PBS and store frozen at -
80 °C.

30. 5 3/4″ glass pipettes: Fire-polished to decrease cell damage
during trituration (see Note 4).

31. Straight micro-scissors (7 cm long, 0.1 mm tips, 3 mm blades).

32. Electroporator with high transfection efficiency for neurons
(e.g., Lonza Nucleofector; see Note 14).

33. AmaxaTM Rat Neuron Nucleofector Kit (Lonza, Cat #
VPG-1003; includes cuvettes).

34. AmaxaTM Basic Neuron SCN Nucleofector Kit (Lonza, Cat #
VSPI-1003; includes cuvettes).

35. Diffusion-limited GFP cDNA (GFPMYR) or mCherry cDNA
(mCHMYR) plasmid constructs (see Note 5).

36. High-quality, endotoxin-free DNA (see Note 6).

37. 37 °C, 5% CO2 incubator.

38. Lab tape.

39. 15 mL conical tubes.

40. 50 mL conical tubes.

41. Centrifuge with swinging bucket rotors.

42. 1.5 mL microfuge tubes.

43. 1 mL pipettes.

44. Confocal microscope with 63×/1.4 NA oil immersion objec-
tive and FRAP module.

2.2 Study of Local

Translation Using

FRAP

See Subheading 3.4, steps 1–3, before preparing any of the follow-
ing materials:

1. 10 ng/μL mouse 2.5S nerve growth factor (NGF): Prepare
10 ng/μL stock solution of NGF in sterile 0.2% BSA and store
frozen at -80 °C.

2. 10 ng/μL brain-derived neurotrophic factor (BDNF): Prepare
10 ng/μL stock solution of BDNF in sterile 0.2% BSA and
store frozen at -80 °C.

3. 10 ng/μL neurotrophin 3 (NT3): Prepare 10 ng/μL stock
solution of NT3 in sterile water and store frozen at -80 °C.

4. 150 μg/μL cycloheximide: Prepare 150 μg/μL stock solution
of cycloheximide in ethanol and store frozen at -80 °C.

5. 100 mM anisomycin: Prepare 100 mM stock solution of ani-
somycin in ethanol and store frozen at -80 °C.

6. 1 mM thapsigargin: Prepare 1 mM stock solution of thapsigar-
gin in DMSO and store frozen at -80 °C.

7. 3 mM BAPTA-AM: Prepare 3 mM stock solution of BAPTA-
AM in DMSO and store frozen at -80 °C.
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2.3 Fluorescence

Recovery After

Photobleaching (FRAP)

and Data Analysis

1. Confocal microscope with argon lasers (see Note 7).

2. Live cell imaging chamber with CO2 and temperature control.

3. FRAP module in image acquisition software (see Note 8).

4. Data analysis inMicrosoft Excel (https://www.microsoft.com/
en-us/microsoft-365/excel).

3 Methods

3.1 Preparation of

Glass Bottom Dishes

1. The day before culturing, put the glass bottom dishes in 10 cm
plates, and add approximately 2 mL of poly-L-lysine (50 μg/
mL) into each glass bottom dish.

2. Leave poly-L-lysine on plates for 60 min at 37 °C.

3. Remove poly-L-lysine (see Note 9), wash twice (5 min each)
with sterile tissue culture grade dH2O, and air-dry the glass
bottom dishes in the hood for at least 30 min. Inspect to ensure
that the glass bottom dishes are dry. If not, continue drying
until no visible liquid remains.

4. Cover the glass bottom dishes with 2.0 mL of laminin (5 μg/
mL in PBS).

5. Incubate overnight at 4 °C with gentle rocking to ensure
complete coverage of the surface of the glass bottom dishes
(see Note 10).

6. Next remove laminin and wash glass bottom dishes twice
(5 min each) with sterile PBS + P/S.

7. Add 2 mL of DRG growth medium to the glass bottom dishes
and let the plates sit in 37 °C incubator until the neurons are
ready to be plated.

3.2 DRG Culture 1. Collect all DRGs from rats in the DRG collection medium and
place all the isolated DRGs into one well of a 12-/24-well plate
containing 1 mL of DRG collection medium (see Note 11).

2. After all the DRGs have been removed, wash them briefly by
moving them from well to well through six wells containing
0.5 mL of P/S wash medium (see Note 12).

3. After the rinses in step 2, transfer the DRGs into a fresh well
containing 0.5 mL of DRG serum-supplemented wash
medium.

4. Snip the DRGs using a pair of micro-scissors to get three to
four pieces from each DRG (approximately 0.2–0.4 mm
diameter each).

5. Add 50 units/μL Collagenase Type II to a final concentration
of 2000 units/mL and incubate at 37 °C, 5% CO2 for 20 min.

https://www.microsoft.com/en-us/microsoft-365/excel
https://www.microsoft.com/en-us/microsoft-365/excel
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6. Triturate the DRG cell suspension 15–20 times by gently
pipetting up and down using a fire-polished pipette to break
apart the ganglia. Return to the 37 °C, 5% CO2 for 5 min (see
Note 4).

7. Triturate the cell suspension before transferring to a 15 mL
conical tube.

8. Add 8.5 mL of DRG serum-supplemented wash medium to
the cell suspension.

9. Pellet the cells at 160× g for 5 min in a swinging bucket rotor at
room temperature.

10. Aspirate the medium. Add 1 mL of DRG serum-supplemented
wash medium to the pellet and triturate 15–20 times with a
fire-polished Pasteur pipette until the tissue is fully dissociated.

11. Add 8 mL of DRG serum-supplemented wash medium to the
dissociated pellet, invert to mix, and then centrifuge at 160×
g for 5 min.

12. Repeat steps 10–11 two additional times for a total of three
washes.

13. After the final wash, resuspend cells from 10–12 DRGs in
AmaxaTM Rat Neuron Nucleofector Kit buffer (100 μL per
transfection).

14. Add 10 μg of diffusion-limited GFPMYR or mCHMYR cDNA
plasmid constructs to each 1.5 microfuge tubes.

15. Add 100 μL of the resuspended cells to each tube containing
plasmid, mix well, and transfer to the cuvettes provided in the
Nucleofector kit (see Note 13).

16. Transfect DRGs in the Lonza Nucleofector using the G013 rat
DRG high-efficiency protocol (see Note 14).

17. Add 500 μL of warmed DRG growth medium (see Note 15).

18. Transfer transfected cells to a 1.5 mL microfuge tube using the
pipettes provided in AmaxaTM Rat Neuron Nucleofector Kit.

19. Resuspend the cells well using a 1 mL pipette and add a volume
equivalent to three to four DRGs to each glass bottom dish
with DRG growth medium (prepared in Subheading 3.1).

20. Culture the cells overnight in the tissue culture incubator at
37 °C, 5% CO2.

21. On the next day, replace the medium with 500 μL of fresh
DRG growth medium.

22. FRAP is performed 36–60 h after transfections.

23. Four hours before starting FRAP, DRG growth medium is
replaced with DRG growth medium without phenol red (see
Note 16).
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3.3 FRAP 1. Turn on the CO2 controller (set at 5%) and temperature con-
troller (set at 37 °C) of the live cell imaging chamber, 2 h
before starting the FRAP experiment.

2. Place the glass bottom dishes with DRG neurons in the live cell
imaging chamber and locate transfected neurons under the
microscope.

3. Turn on argon lasers and white light lasers and set those at 70%
energy level.

4. Set pinhole to three Airy units to ensure full-thickness bleach-
ing and acquisition of the axon (63×/1.4 NA oil immersion
objective) [17].

5. Find a region of interest (ROI) for FRAP. We generally focus
on terminal axons/growth cones (GC), which are at least
200 μm away from the soma (see Note 17).

6. Set up FRAP sequences as follows: (i) pre-bleach, imaged every
60 s for 2 min; (ii) bleach, pulsed every 0.82 s for 80 frames;
and (iii) post-bleach, imaged every 30 s for 15 min.

7. Use 488 nm and 514 nm laser lines on Leica SP8X confocal
microscope to bleach GFPMYR and mCHMYR signals, respec-
tively, at 100% power.

8. For both pre-bleach and post-bleach sequences, use white light
lasers set at 15% laser power, 498–530 nm for GFPMYR, and
565–597 nm for mCHMYR emissions, respectively.

9. Start FRAP and acquire images at the abovementioned laser
powers (see schematics in Fig. 1b and representative example
images in Fig. 1c) (see Note 18).

3.4 Study Effect of

External Environment

on Local Translation

Using FRAP

1. If the translation reporters are locally translated, inhibition of
protein synthesis will show significant reduction in fluorescence
recovery. To determine if fluorescence recovery in axons was
from translation, DRG cultures are treated with translation
inhibitors such as 100 μM anisomycin or 150 μg/mL cyclo-
heximide for 30 min prior to photobleaching (see Note 19).

2. During development neurotrophic factors regulate axon
growth and guidance by controlling local translation of specific
mRNAs in distal axons. To test if trophic factors control local
synthesis of translation reporters, DRG cultures are treated
with neurotrophic factors, such as NGF/BDNF/NT3 for
3 h. These trophic factors can be used individually or together
depending on the focus of your work.

3. Immediately after nerve injury, increases in intra-axoplasmic
Ca2+ regulates translation of specific axonal mRNAs
[8, 11]. To test if Ca2+ signaling plays a role in regulating
localized protein synthesis of the translation reporters, DRG
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cultures can be treated for 1 h with 1 μM thapsigargin (blocks
Ca2+ uptake in endoplasmic reticulum, increasing cytoplasmic
Ca2+ level), 3 μM BAPTA-AM (chelates intracellular Ca2+), or
50 μM EGTA (chelates extracellular and intracellular Ca2+).

3.5 Quantification of

FRAP Data

1. Fluorescent intensities in the bleached ROIs are calculated
using the Leica LASX software.

2. Export the ROI signal intensities for each and every time point
as an Excel file (see Table 1).

3. The ROI signal intensity in the first image of post-bleach
sequence is then deducted from pre-bleach and post-bleach
image intensities to set the first post-bleach signal intensity to
zero. This is done to normalize across experiments, so that the
fluorescence intensity value at t = 0 min post-bleach from each
image sequence is set as 0% (see Table 1).

Table 1
Collection and analysis of dual FRAP data

Raw pixel intensities in the ROI from pre-bleach (-120 s) and post-bleach (0–870 s) sequences for mRNA 1 are shown in
a and for mRNA 2 are shown in b (column 2). Pixel intensities at 0 s is deducted from all the time points to normalize

expression difference between neurons (column 3). The percentage of fluorescence recovery at each time point after

photobleaching is then calculated by normalizing relative to the pre-bleach fluorescence intensity set at 100% (column 4)
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Fig. 2 Representation of FRAP quantification data. Percentage fluorescence
recoveries of both the translation reporters after photobleaching are shown
over time

4. The percentage of fluorescence recovery at each time point
after photobleaching is then calculated by normalizing relative
to the pre-bleach fluorescence intensity (set at 100%; see
Table 1).

5. Three to five FRAP sequences are acquired from each
biological replicate and are repeated over three biological
replicates.

6. Mean ± SEM for each time point is then plotted in a XY graph,
and fluorescence recovery between different treatment groups
are compared for statistical significance by using appropriate
analysis of variance (ANOVA; see Fig. 2).

4 Notes

1. Puromycin is a tyrosyl–tRNA mimic that blocks mRNA trans-
lation by getting incorporated into nascently elongating poly-
peptide chains, resulting in release of a puromycin-labeled
peptide chain from translating ribosomes [18]. Puromycin-
specific antibodies are used to detect the labeled peptides
in vivo by immunofluorescence. If a suitable preparation can
isolate axons to purity, puromycylated proteins can be affinity
purified (immunoaffinity or avidin–biotin systems (see below))
followed by immunoblotting for specific proteins or mass spec-
trometry for an unbiased assessment of axonal protein synthesis
[18]. The commercially available puromycin analog O-
propargyl-puromycin (OPP) can be used to label nascently
synthesized proteins, followed by Click-It chemistry with
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fluorescent tags for visualization in fixed cells or biotinylation
of lysates for affinity purifications [8]. Labeling with
L-azidohomoalanine, a methionine analog that also has Click-
It capability, has similarly been used to directly label newly
synthesized proteins in axons and dendrites [19, 20]. These
direct peptide labelings are powerful tools for visualizing sites
of localized protein synthesis and bring the potential for unbi-
ased analyses. However, the methods are limited to static time
points of total protein synthesis, so the dynamics of responses
can only be addressed through taking multiple time points after
a stimulation. Recent reports also show that labeled peptides
can diffuse away from ribosomes upon release [21], so localized
translation of individual mRNAs may be higher than assessed
with these labeling approaches. Also, the unbiased assessments
require highly purified axonal contents to avoid contamination
from non-neuronal cells and neuronal cell bodies.

2. Isolation of polysomes using sucrose gradients has been used
for both synaptosome preparations (initially targeting dendritic
protein synthesis) and axonal isolates [14, 22]. These analyses
were limited to discontinuous polysome gradient centrifuga-
tions that did not allow distinguishing number of ribosomes
bound to an mRNA—continuous gradients allow one to esti-
mate numbers of ribosomes per mRNA, but the yields from
axonal preparations have been too limited for that technique in
our experience. New methods rely on precipitating ribosomes
that are “frozen” in place on the mRNAs and then extracting
mRNAs for analyses. The RiboTagfl/fl mouse, where the ribo-
somal large subunit protein 22 (Rpl22) is tagged with hemag-
glutinin (HA), is one of these approaches where cellular
specificity is driven by expression of Cre recombinase
[23]. Using HA-specific antibodies, HA-Rpl22 protein is
immunoprecipitated and ribosome-associated mRNAs are ana-
lyzed [24]. This technique can be used both for cultured
neurons and in vivo. Similarly, “translating ribosome affinity
purification” (TRAP) relies on expression of GFP-tagged
Rpl10a [25, 26]. Since cell-specific expression of the Rpl10a-
GFP and HA-Rpl22 is used, these are less limited by contami-
nation from other cellular elements than puromycylation.
However, these techniques also precipitate mRNAs with stalled
ribosomes in addition to the actively translating ribosomes.
Recent studies show that in neuropil ribosomal proteins
(RP) are synthesized locally and associate with translating
mRNAs [27]. This local incorporation of RPs into the ribo-
some was found to be dependent on location and cellular
environment [27], which could be missed depending on
which RP is used for precipitation.
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3. We describe this approach based on our experience with pri-
mary neurons isolated from adult rat DRGs, but this can easily
be extrapolated to other neuronal types and species. For each
FRAP experiment, we typically transfect single cell suspended
neurons collected from ten DRGs.

4. Fire polishing the glass pipettes removes the sharp edges and
decreases the diameter of the opening. This helps to mechani-
cally dissociate the DRGs by triturating. We repeat the tritura-
tion (15–20 times) until the DRG suspension is homogenous
(see DRG culture method for details).

5. 5′ and 3′UTRs of candidate mRNAs are identified using NCBI
gene tools. Gene-specific primers are used to specifically
amplify the 5′ UTR and 3′ UTR. These are cloned upstream
and downstream of GFPMYR or mCHMYR cDNA, respectively
(see schematics in Fig. 1a). All cDNA sequences are validated by
Sanger sequencing prior to use.

6. High-quality plasmid DNAs of concentration are isolated to
yield ≥0.5 μg/μL and 260/280 ratio ≥ 1.8. We use the maxi-
prep kit fromQiagen but any other kit should also work as long
as you can obtain high-quality, endotoxin-free DNA.

7. We use the Leica SP8X confocal microscope with 488 nm and
514 nm argon laser lines for photobleaching (set at 70%
power). Variability between confocal setups necessitates that
you optimize parameters such as laser energy used and timing
for photobleaching for your microscopy system.

8. Confocal microscopes with FRAP capability generally have the
FRAP module in the image acquisition software. We use SP8X
confocal microscope with the LAX software, which has the
FRAP software module.

9. We generally reuse poly-L-Lysine three to four times (main-
taining sterility) stored at 4 °C.

10. We place the glass bottom dishes in 10 cm plates for ease of
transfer to and from the incubator, hood, and microscope. Lab
tape tabs can be placed along the edge to secure the lid and
avoid contamination if care is taken to not completely seal the
plate or to dislodge adherent cells.

11. We use ten DRGs per transfection for the AmaxaTM Rat Neu-
ron Nucleofector Kit. Three to four DRGs are seeded per glass
bottom dish. For few ganglia, we have used the AmaxaTM Basic
Neuron SCN Nucleofector Kit with three to four DRGs per
transfection.

12. Micro-scissors are used to move the ganglia one by one instead
of forceps, which tend to crush the ganglia and reduce yields of
viable neurons (this also helps by nicking the epineurium so
P/Smedium, and later dissociation enzymes, can fully infiltrate
the ganglia).
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13. Avoid air bubbles while transferring the cell-transfection buffer
mix into the cuvettes or else the nucleofection fails or efficiency
falls.

14. Transfection efficiency and cell health following transfection
are key variables, so any transfection method that optimizes
these variables in your cell of interest should suffice. We use the
Nucleofector II from Lonza to transfect neurons; more recent
Nucleofector versions from Lonza will work equally well with
optimization.

15. Be ready with 500 μL of DRG growth medium in a 1 mL
pipette before placing the cells into the nucleofection appara-
tus. In our hands, adding warmed growth medium to the cells
immediately after nucleofection substantially increases survival
of the transfected neurons.

16. Using phenol red-free medium in live cell imaging reduces
background fluorescence.

17. Since the protein synthesis can be monitored in real time with
FRAP, this approach provides both spatial and temporal reso-
lution for analyses. For axons and dendrites, care needs to be
taken to choose an ROI sufficiently separated from the neuro-
nal cell body to avoid the complication of diffusion and trans-
port of fluorescent protein from axon segments outside of the
ROI. This also requires limiting the duration of post-bleach
analyses to be certain that recovery signals derive from locally
synthesized reporter protein. We generally assess growth
cones/terminal axons for FRAP as these are sites of active
protein synthesis in culture and as diffusion/transport is
restricted to the regions proximal to the ROI. However,
more proximal axon shaft and branch points can also be used
as ROIs as indicated for your mRNAs of interest.

18. Like transcription, translation of individual mRNAs can be
turned on or turned off by different physiological stimuli.
Translation of multiple candidate RNA reporters can be
tracked simultaneously. Here, we have present methods to
dissect the translational regulation of two mRNAs simulta-
neously in axons, but this could easily be extended to three or
four mRNA surrogates depending on microscopy setup and
available reporter constructs. Ability to co-transfect primary
neurons is also a limitation for extending to more plasmids.
For two plasmids, we use 5 μg of each reporter DNA for
transfection—co-transfection efficiency will likely decrease
with three or more plasmids. We have also focused on transla-
tional control in regenerating PNS axons, but this can be
extended to any neuron type provided the axon can be distin-
guished. Finally, this FRAP approach can also be used to define
mRNA localization and translational control motifs by modifi-
cations of the UTRs in the reporters (e.g., deletion analyses).
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19. The MYR sequence in the GFP and mCH reporters used here
allows for a covalent co-translational modification of the nas-
cently synthesized protein by myristoylation, which increases
membrane localization for reporter protein synthesized in
neurites [5]. Though this modification limits diffusion of the
locally synthesized reporter, there can be diffusion within the
cell membrane from regions outside of the bleached ROI as
well as transport of reporter linked to vesicles from cell body-
synthesized protein [13]. Both of these events are stochastic,
but start to accumulate signals over longer imaging sequences
(more than 30 min in our hands). Measured fluorescence
recovery can be largely (or completely) restricted to locally
translated reporter by limiting the post-bleach recovery period
to less than 30 min for a ROI separated from the soma by
≥200 μm. By pretreating with protein synthesis inhibitors
(e.g., anisomycin, cycloheximide), one can confirm that the
recovery is translation-dependent. Monitoring the bleached
ROI section immediately adjacent to the edge of the ROI
allows for detection of recovery that results from diffusion or
transport from axonal regions outside of the ROI.
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Chapter 9

Analysis of Axonal Regrowth and Dendritic Remodeling
After Optic Nerve Crush in Adult Zebrafish

An Beckers, Steven Bergmans, Annelies Van Dyck, and Lieve Moons

Abstract

Neurodegenerative diseases and central nervous system (CNS) injuries are frequently characterized by
axonal damage, as well as dendritic pathology. In contrast to mammals, adult zebrafish show a robust
regeneration capacity after CNS injury and form the ideal model organism to further unravel the underlying
mechanisms for both axonal and dendritic regrowth upon CNS damage. Here, we first describe an optic
nerve crush injury model in adult zebrafish, an injury paradigm that inflicts de- and regeneration of the
axons of retinal ganglion cells (RGCs), but also triggers RGC dendrite disintegration and subsequent
recovery in a stereotyped and timed process. Next, we outline protocols for quantifying axonal regeneration
and synaptic recovery in the brain, using retro- and anterograde tracing experiments and an immunofluo-
rescent staining for presynaptic compartments, respectively. Finally, methods to analyze RGC dendrite
retraction and subsequent regrowth in the retina are delineated, using morphological measurements and
immunofluorescent staining for dendritic and synaptic markers.

Key words Axonal regrowth, Dendritic remodeling, Optic nerve crush, Retinotectal system, Retina,
Zebrafish, Neurobiology

1 Introduction

Over the past decades, extensive progress has been made in the
search for axonal regenerative treatments using different animal
models, and both extrinsic and intrinsic factors, underlying the
failure of axonal regrowth in the mammalian CNS, have been
identified [1, 2]. Besides axonal damage, neurodegenerative dis-
eases and CNS trauma are also characterized by dendrite pathology,
including dendritic shrinkage and loss of dendritic tree complexity,
as shown in both animal models and patients [3–8]. Strikingly
however, dendrites have been overlooked for many decades in the
neuroregenerative field, and therefore it remains largely elusive if
and how neurons are able to regrow dendrites after damage [9, 10].
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Zebrafish possess a robust CNS regeneration capacity in adult-
hood and show full functional recovery after axonal injury. There-
fore, they form the ideal model organism to tackle these research
questions and unravel the underlying mechanisms of successful
axonal and dendritic regeneration [10–12]. More specifically, our
research group has been using the zebrafish visual system, compris-
ing the retina, optic nerve, optic chiasm, optic tract, and the visual
target areas in the brain, in zebrafish mainly being the optic tectum
(Fig. 1a). A major advantage of the retinotectal system is that only
one neuronal cell type from the retina, i.e., the retinal ganglion cells
(RGCs), sends information to the brain. Moreover, the distinct
localization of RGC dendrites and axons, i.e., inside the inner
plexiform (IPL) layer of the retina and in the retinal nerve fiber
layer (NFL)/optic projection, respectively (Fig. 1b), creates the
opportunity to use the same model system for deciphering the
pathways/molecules underlying both axon and dendrite regrowth.
Therefore, the teleost retinotectal system is ideally suited to study a
potential interplay between axons and dendrites during CNS repair.

In this chapter, we first describe a mild, acute optic nerve crush
(ONC) injury model, in which all of the RGC axons are disrupted
simultaneously (Fig. 1c) (Subheading 3.1). This model, which is
widely used in rodents as well, exclusively damages the RGC axons
without hindering ocular blood flow or inducing a massive inflam-
matory response in the vitreous.

Twomethods are outlined to study axonal outgrowth initiation
and early regrowth. The first one is based on the use of biocytin, a
neuroanatomical tracer that is easily absorbed by neurons and
travels bidirectionally (antero- and retrogradely) via passive trans-
port. Applying biocytin posterior to the injury site can be used to
visualize the RGCs inside the retina that regenerated their axons
past the ONC site (retrograde tracing) (see Subheadings 3.2, 3.8,
and 3.9) [13]. A second method to study early axonal regrowth is
measuring the growth distance of axons in the optic nerve using
horizontal visual system cryosections of Tg(gap-43:eGFP) zebrafish
(see Subheading 3.10) [13]. This transgenic reporter line is char-
acterized by the expression of enhanced green fluorescent protein
(eGFP) regulated by the growth-associated protein 43 (gap-43) pro-
moter, thereby labeling growing axons [13–16]. A later stage of
axonal regeneration, being tectal reinnervation, can be studied by
applying biocytin anterior to the ONC site (see Subheadings 3.2,
3.6, and 3.11). In this way, the regrowing axons running inside the
projection areas in the brain, mainly being the fibrosum et griseum
superficiale (SFGS) and stratum opticum (SO) of the optic tectum
(Fig. 1d), are traced (anterograde tracing) [13, 17–20]. Upon optic
tectum reinnervation, the regenerated RGC axons will eventually
reform synapses with their target neurons in the brain, which can be
visualized using immunofluorescent labeling of synaptotagmin 2, a
Ca2+ sensor involved in neurotransmitter release, present in RGC
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Fig. 1 Schematic visualization of the zebrafish retinotectal system. (a) Overview
of the three main parts of the retinotectal system being (1) the retina; (2) the
optic projections forming optic nerves, optic chiasm, and optic tracts; and (3) the
main RGC projection area in the brain, the optic tectum. The gray-colored
butterfly-shaped brain structure contains the torus longitudinalis and the valvula
cerebelli and is often used to recognize central optic tectum sections. (b) The
major route of electrical information flow in the retina is formed by the
photoreceptor–bipolar–RGC neuronal chain. The dendrites of the RGCs are
located within the INL, while the axons, in contrast, bundle inside the NFL and
form the optic projection. (c) Visualization of an injured optic nerve, in which the
ONC site is indicated, as well as the anterior and posterior position relative to the
injury site. (d) The zebrafish optic tectum can be divided into two main areas: the
SPV, containing the majority of tectal cell bodies, and the synaptic neuropil area,
in which the SO and SFGS contain most RGC axons. INL inner nuclear layer, NFL
nerve fiber layer, ONC optic nerve crush, RGC retinal ganglion cell, RGCL retinal
ganglion cell layer, SAC stratum album centrale, SFGS stratum griseum centrale,
fibrosum et griseum superficiale, SGC stratum griseum centrale, SM stratum
marginale, SO stratum opticum



presynaptic terminals (see Subheadings 3.8 and 3.13) [18, 21,
22]. In uninjured control fish, most RGC axons, projecting toward
the optic tectum, make synapses in the SFGS (80%) or the SO
(15%), while the remaining RGC axons (5%) project into the stra-
tum griseum centrale (SGC) and a projection zone (S/S) between
the stratum album centrale (SAC) and stratum periventriculare
(SPV) (Fig. 1d) [18, 23].
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In addition to methods for analyzing axonal regeneration, this
chapter will also delineate techniques to study RGC dendrite remo-
deling processes, an overlooked topic within regeneration studies.
An indirect way for this is to measure IPL thicknesses on retinal
cryo- or paraffin sections (see Subheadings 3.7 and 3.12). Thinning
and regaining thickness of this layer can indeed provide valuable
information regarding neuronal process disintegration/shortening
and dendrite regrowth, respectively [18, 24]. It is for instance well-
known that IPL thickness is significantly reduced in the early stages
of glaucoma and that this thinning becomes more pronounced over
disease progression. The glaucoma-induced IPL thinning is linked
with RGC dendritic retraction and loss of synapses, known to
manifest early after disease onset, as observed in primate, cat, and
rodent glaucoma models, as well as in human glaucomatous retinas
[24–28]. To obtain direct insights into retinal dendritic changes
after ONC, the spatiotemporal expression pattern of microtubule-
associated protein 2 (Map 2) can be characterized on retinal sec-
tions, as Map 2 is a validated marker for (IPL) dendrites and known
to be essential for dendritic stabilization and outgrowth in verte-
brates (see Subheadings 3.8 and 3.13) [29–32]. Finally, visualiza-
tion of synaptic de- and regeneration can be performed using
immunostaining for the postsynaptic density (Psd) marker
Psd-95, which is a protein attached to the postsynaptic membrane
and involved in anchoring synaptic proteins (Subheadings 3.8 and
3.13) [6, 33]. Additional staining for synaptotagmin 2 can
strengthen the findings regarding synapse loss and synaptogenesis
in the IPL of the retina (see Subheadings 3.8 and 3.13).

2 Materials

Prepare all solutions with distilled, deionized water, unless indi-
cated otherwise. Store reagents as instructed by the manufacturer.

2.1 Optic Nerve

Crush (ONC)

1. Zebrafish of similar size and age (see Note 1).

2. Two forceps with fine tips. Apply a 0.5 mm mark measured
from the tip on one of the forceps, to allow immediate mea-
surement of distance from the optic nerve head while crushing.
This can be done using a stereomicroscope, millimeter paper,
and an iron file.

3. 70% ethanol.
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4. Tricaine stock solution: Dissolve tricaine powder 0.3% w/v
(MS-222) in 20.6 mM Tris–HCl made in ultrapure water and
adjusted to pH7.0 with 1 M HCl. The 0.3% tricaine stock
solution can be stored at 4 °C up to 6 weeks if kept in the dark.

5. Anesthetic solution 1: Dilute 7 mL of the tricaine stock solu-
tion in 93 mL aquarium system water in a 250 mL glass beaker
(0.02% tricaine). Diluted tricaine can be kept at 4 °Cmaximally
for 1 week (see Note 2).

6. Aquarium fishnet.

7. Small fish holder: Plastic Pasteur pipette (3 mL) from which
half of the upper part (pipette bulb) is removed by making a
longitudinal cut using scissors. In this way, a convenient small
fishnet/holder is created to take out fish from a narrow beaker.
A tiny fishnet can be used as well, if available.

8. Lid of a petri dish with a maximum height of 1 cm (seeNote 3).

9. Tissue paper.

10. Recovery fish tank.

11. Dissecting stereomicroscope (minimum 30× magnification)
with an upper light source.

2.2 Biocytin-Soaked

Gelfoam Clot

Preparation and

Application

1. Biocytin.

2. Gelfoam.

3. Parafilm.

4. Dissection needles.

5. Small petri dishes (±3 cm diameter).

6. Tin foil.

7. Sylgard-coated dissection plate or petri dish (see Note 4).

8. Dissection scissors (2.5 mm blades straight).

2.3 Perfusion and

Tissue Dissection

1. Anesthetic solution 2: Dilute 33 mL of the tricaine stock
solution in 67 mL aquarium system water in a 250 mL glass
beaker (0.1% tricaine). Diluted tricaine can be stored at 4 °C
maximally for 1 week.

2. 1× phosphate-buffered saline (PBS): First prepare a 10× PBS
stock solution consisting of 80 mM Na2HPO4.2H2O, 1.5 M
NaCl, 20 mM KH2PO4, 30 mM KCl. The 10× stock solution
should be prepared in distilled, deionized water and adjusted to
pH 7.4 with 10 M NaOH. To obtain a 1× working solution of
PBS, dilute the 10× PBS stock solution 1/10 with distilled,
deionized water, taking care to maintain the pH at 7.4 prior to
bringing the working solution up to the final dilution volume.

3. Mask for dust.
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4. 4% paraformaldehyde (PFA): While weighing PFA, always wear
a dust mask. Add 4 g of PFA in approximately 80 mL of 1× PBS
in a glass beaker. Use a spinning magnet and a stirring plate to
gently stir and heat the PFA (until ±60 °C) inside a ventilated
hood to dissolve the powder. Cool down the solution and
adjust the volume to 100 mL with 1× PBS in a volumetric
flask. Store it at 4 °C for maximum 1 week. Always use 4% PFA
at RT, unless indicated differently.

5. 25 mL syringes.

6. Butterfly needles (21G 0.8 × 19 mm).

7. Horizontal glass capillary puller.

8. Glass capillaries (outer diameter 1.3–1.4 mm, length 75 mm).

9. Dissection scissors (4 mm blades straight).

10. Pinheads.

11. Fume hood.

12. Storage buffer: First prepare a 10× stock solution consisting of
80 mM Na2HPO4.2H2O, 20 mM KH2PO4, 1.5 M NaCl,
30 mMKCl, 0.4% NaN3. The 10× solution should be prepared
in distilled, deionized water and adjusted to pH 7.4 with 5 M
NaOH. To obtain a 1× working solution of storage buffer, mix
one volume of the 10× stock solution with nine volumes of
distilled, deionized water. Check the pH prior to bringing the
working solution up to the final dilution volume and adjust as
necessary to maintain the pH at 7.4.

2.4 Cryo-

preservation,

Embedding, and

Cryostat Sectioning

1. Sucrose solutions: 10, 20, and 30% in 1× PBS.

2. Embedding molds (e.g., disposable plastic base molds
15 mm × 15 mm) or small petri dishes.

3. Microwave.

4. Agarose–sucrose embedding medium: Make a suspension of
1.25 g agarose, 30 g sucrose in 100 mL 1× PBS in an Erlen-
meyer flask. Heat it using a microwave until it boils to dissolve
the agarose. Dissolved agarose can be used and reheated for
maximum two times, and stored for 1 month at 4 °C.

5. Dissection needles.

6. Tissue paper.

7. Scalpel or razor blade.

8. Optimum cutting temperature (OCT) compound.

9. Cryostat.

10. Fine paint brushes (maximum 0.5–1 cm width).

11. Adhesion slides (see Note 5).



2.7 Diamino-

benzidine

Tetrahydrochloride

(DAB) Staining
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2.5 Embedding and

Vibratome Sectioning

1. Vibratome.

2. Superglue.

3. Cutting buffer: First prepare a 10× stock solution consisting of
80 mM Na2HPO4.2H2O and 20 mM KH2PO4. The 10×
solution should be prepared in distilled, deionized water and
adjusted to pH to 7.4 with 5 M NaOH. Store the 10× stock at
4 °C up to 1 year. To obtain a 1× working solution of cutting
buffer, mix one volume of the 10× stock solution with nine
volumes of distilled, deionized water. Check the pH prior to
bringing the working solution up to the final dilution volume
and adjust as necessary to maintain the pH at 7.42.

4. 24-well plates with net inserts.

2.6 Hematoxylin and

Eosin (H&E) Staining

1. Oven.

2. 50%, 96%, and absolute ethanol (>99%).

3. Hematoxylin solution according to Mayer.

4. 1% eosin.

5. Xylene.

6. Dibutylphthalate polystyrene xylene (DPX) mounting medium.

7. Coverslips.

1. Shaking table.

2. 3,3′-diaminobenzidine tetrahydrochloride (DAB) tablets.

3. 0.1% phosphate-buffered saline with Triton X-100 (PBST):
100 μL Triton X-100 in 100 mL 1× PBS. Always make fresh.

4. 10× glycine solution: 190 mg glycine in 5 mL 0.1% PBST. Can
be stored for maximum 4 weeks at 4 °C.

5. VECTASTAIN Elite ABC system (Vector Laboratories) (see
Note 6).

6. 1% NiCl2. Can be stored for 1 year at 4 °C.

7. 1% CoSO4. Can be stored for 1 year at 4 °C.

8. 35% H2O2.

9. Gelatin-coated glass slides.

10. Acetone.

11. Acetate buffer: 75 mL 0.1 N sodium acetate with 50 mL 0.1 N
acetic acid, adjusted to pH 4.8. Can be stored for 1 year at 4 °C.

12. 1% neutral red: 1 g of neutral red in 100mL distilled, deionized
water. Filter it using a filter paper (general-purpose filter
papers, grade 601). Can be stored for 1 year at 4 °C.

13. Neutral red staining solution: Add 4 mL acetate buffer to
100 mL of the 1% neutral red solution. This can be stored at
RT for maximum 6 months and reused 15 times.
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2.8 Immuno-

fluorescent Staining

1. Humidified slide staining chamber.

2. Glass or plastic staining jars.

3. Hydrophobic barrier pen.

4. 1X Tris(hydroxymethyl)aminomethane-buffered saline with
Triton X-100 (TBST): First prepare a 10× stock solution in
distilled, deionized water composed of 0.1 M tris
(hydroxymethyl)aminomethane, 15 M NaCl, and 0.015 M
Triton X-100. The 10× stock solution should be prepared in
distilled, deionized water and adjusted to pH 7.6 with 1 M
HCl. To obtain a 1× working solution of cutting buffer, mix
one volume of the 10× stock solution with nine volumes of
distilled, deionized water. Check the pH prior to bringing the
working solution up to the final dilution volume and adjust as
necessary to maintain the pH at pH 7.6.

5. Citrate buffer: First prepare a 10× stock solution consisting of
100mM citric acid and 0.5% Tween 20. The 10× stock solution
should be prepared in distilled, deionized water and adjusted to
pH 6.0 with 10 M NaOH. To obtain a 1× working solution of
citrate buffer, mix one volume of the 10× stock solution with
nine volumes of distilled, deionized water. Check the pH prior
to bringing the working solution up to the final dilution vol-
ume and adjust as necessary to maintain the pH at 6.0.

6. 1X Tris–NaCl-blocking (TNB) buffer: First prepare a 10×
stock solution consisting of 0.5% blocking reagent (Perking
Elmer) dissolved in 1× TBST. To obtain a 1× working solution
of TNB, mix one volume of the 10× stock solution with nine
volumes of distilled, deionized water.

7. Methanol.

8. Normal donkey serum.

9. Bovine serum albumin (BSA).

10. Mouse anti-synaptotagmin 2 (znp-1) (Developmental Studies
Hybridoma Bank).

11. Mouse anti-Map 2 (M1406, Sigma-Aldrich).

12. Mouse anti-Psd-95 (ab2723, Abcam).

13. Alexa Fluor conjugated to streptavidin.

14. Donkey anti-mouse Alexa Fluor-conjugated secondary
antibody.

15. Streptavidin conjugated to horseradish peroxidase (HRP).

16. Tyramide signal amplification kit.

17. Donkey anti-mouse biotin-conjugated secondary antibody.

18. 0.1% 4′,6-diamidino-2-phenylindole (DAPI) in 1× PBS.

19. Anti-fade fluorescence mounting medium.
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2.9 Microscopy and

Quantification

1. Fluorescence microscope with a 20× objective.

2. Confocal microscope with a 20× and 60× objective.

3. Bright field microscope with a 10× objective.

4. Fiji image processing software program (see Note 7).

3 Methods

3.1 Optic Nerve

Crush (ONC)

1. Place one layer of tissue paper, immersed in the anesthetic
solution 1, on the petri dish lid.

2. Sterilize the forceps using 70% ethanol.

3. Use an aquarium fishnet to catch a fish from the tank and put it
in the beaker with anesthetic solution 1 (see Note 8).

4. Wait until the fish is sufficiently sedated. The gill movement
should be decreased to a minimum and the fish will have lost its
balance and lay on its back (see Note 9).

5. Transfer the sedated fish using the small fish holder to the
center of the petri dish lid with its tail toward you. Place it on
its right lateral side so that its left side is facing upward (see
Note 10). Place one layer of tissue paper soaked in anesthetic
solution 1 on top of the fish, including the gills, but without
covering the eye.

6. Remove the dermal layer of the cornea covering the eye using
the sterile forceps (Fig. 2a). Grab this transparent layer by
closing the forceps at the edge of the eyeball and remove it by
making an upward circular movement.

Fig. 2 Steps of an ONC procedure. (a) First, the dermal layer of the outer cornea is removed, (b and c) after
which the eye is lifted out of the orbit and (d) the optic nerve is crushed. (e) A successful ONC is indicated by a
transparent interruption of the optic nerve. (f) After performing this injury model, the eye is put back into the
orbit. ONC optic nerve crush
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7. Gently tilt the eye out of its orbit. For this, place the left forceps
(almost completely pinned together, 0.5 mm apart) in the
middle of the ventral side of the eye and gently push down in
order to lift the dorsal side upward. Insert the right forceps
(pinned together up to 0.5 mm) carefully in the dorsal side of
the orbital cavity, just below the eyeball (Fig. 2b). Cautiously
tilt the eye with the right forceps and stabilize it with the left
forceps so it stays external from the eye socket (Fig. 2c) (see
Note 11).

8. If present, carefully remove any fat tissue inside the orbital
cavity with the right forceps to expose the white optic nerve
(see Note 12).

9. While still stabilizing the eye with the left forceps, crush the
optic nerve firmly with the right pincer for 10 s at a distance of
0.5 mm from the optic nerve head, measured using the mark
on the forceps tip (Fig. 2d) (see Note 13). Take care not to
damage the ophthalmic artery running parallel to the nerve.
Remove the animal from the experiment in case of a hemor-
rhage, as the regeneration process might be affected. At the
crush site, an interruption of the optic nerve is visible as a
see-through mark (Fig. 2e), but the two optic nerve parts
should still be connected via a transparent dural sheet.

10. Remove the left, stabilizing forceps in order to place the eye
back into its orbit. Due to the extraocular muscles, the eye will
spontaneously reposition in the correct orientation (Fig. 2f).

11. Awaken the fish by providing a water stream across its gills to
remove the anesthesia. Gently hold the fish with two fingers by
its tail and move it inside the water of the recovery tank until
the fish shows signs of regaining awareness (see Note 14).

3.2 Biocytin-Soaked

Gelfoam Clot

Preparation and

Application for

Anterograde and

Retrograde Tracing

1. Take a small petri dish (±3 cm diameter) and place a piece of
parafilm to cover the bottom of the dish. Dissolve 10 mg of
biocytin in 500 μL of distilled, deionized water on the parafilm-
covered petri dish while keeping it as much as possible in the
dark. Resolve any remaining biocytin clumps using pipette tips
or dissection needles, to obtain a homogenous and saturated
biocytin solution.

2. Cut a 2 cm × 2 cm part of the gelfoam into smaller pieces and
let them take up the biocytin solution. Use extra gelfoam if
there is still fluid left. Tear the biocytin-soaked gelfoam into
multiple clots of around 1 mm × 1 mm × 1 mm (approximately
similar to the diameter of the zebrafish optic nerve) using two
sharp objects (e.g., old forceps or dissection needles).

3. Divide the clots over multiple petri dishes with a parafilm-
covered bottom. The number of clots on a single petri dish is
ideally the maximum quantity used in one experiment. Let the
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clots dry overnight in the petri dish, wrapped in tin foil, at
room temperature (RT) and store afterward at -20 °C. These
clots can be stored up to 1 year.

4. Allow the fish to recover from ONC (see Subheading 3.1) until
the preferred time post-injury when early axonal regeneration
or tectal reinnervation needs to be quantified (see Note 15).

5. Sedate the fish in anesthetic solution 1 and position it on the
Sylgard-coated dissection plate. Stabilize the left eye with the
forceps, after removing the dermal layer of the cornea (seeNote
16).

6. Cut the optic nerve between the eye and the ONC site, or
between the ONC site and the brain, for anterograde or retro-
grade tracing, respectively. Use the small dissection scissors,
located in your right hand to make the cut. Avoid harming
the ophthalmic artery.

7. Place a biocytin-soaked gelfoam clot at the location of the cut
(Fig. 1c) (see Note 17). The size of the clot cannot exceed the
diameter of the optic nerve too much. If necessary, make the
clot smaller by pinching it with a forceps.

8. Place the eye back in its socket and revive the fish. Write down
the recovery time at the end of this step for every fish (seeNote
18).

9. Perfuse the fish 3 h after biocytin application (see
Subheading 3.3).

3.3 Transcardial

Perfusion and Tissue

Dissection and

Fixation

1. Fill one syringe with 1× PBS and one with 4% PFA.

2. Cut off the needle part from the butterfly needle and connect
the remaining tubing with the syringe.

3. Make the glass needles with the puller using the following
settings: heater 80 °C, sub magnet 30, main magnet 70.

4. Insert the capillary needle in the plastic tubing from the
previous step.

5. Test the infusion device on flow-through and if no fluid runs
out of the needle, pinch off an extra part of the glass capillary
tip (see Note 19).

6. Perform all subsequent steps for perfusion under a fume hood
due to the PFA toxicity, so place all the equipment, including
the dissection microscope, underneath it.

7. Euthanize the fish in anesthetic solution 2 and place it horizon-
tally with its head pointing to the left on the Sylgard plate.

8. Balance the fish with a forceps on its back.
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9. Insert the large scissors in the anus, located anterior to the anal
fin and posterior to the pelvic fin. Make a 2 cm T-shaped
incision with the horizontal base from the left lateral side to
the right lateral side, and the vertical part from the anus toward
the head.

10. Use two pinheads to fix the zebrafish at both sides of the
anal fin.

11. Turn the dissection plate/dish 90° to position the fish with its
tail toward you.

12. Carefully open up the upper body cavity to expose the heart
using two pairs of forceps.

13. Fully stabilize the animal by placing two pinheads inside the
body cavity, at the height of the heart.

14. Switch to a high magnification (at minimum 30×) in order to
have a detailed overview of the zebrafish heart.

15. Perforate the atrium using the small dissection scissors by
making some small cuts in the muscle.

16. Take the syringe with 1× PBS and point the needle toward the
ventricle, in the direction of the bulbus arteriosus. Start pump-
ing the fluid even before touching the ventricle and pierce the
ventricle with a steady force. In case of a successful perfusion,
blood will become visible and leaves the body via the
perforated atrium (see Note 20). Remove all circulating
blood by injecting ±1 mL of 1× PBS.

17. Start the fixation process by injecting ±1 mL of 4% PFA, in the
same way as described in the previous step (see Notes 21 and
22). Remove the perfusion fluids and blood on the dissection
plate with tissue paper. Remove all the pinheads.

18. To dissect the left eye, place the fish on its right lateral side and
tilt the crushed eye out of its socket. Cut the exposed optic
nerve with dissection scissors and gently remove the eye by
grabbing the remaining optic nerve attached to the eye with a
forceps and making an upward movement. Of note, the optic
nerve will already be cut if a retro- or anterograde tracing was
performed previously.

19. To dissect the brain, remove both eyes, as described in the
previous step. Place one pinhead just posterior to the skull to
fix the animal on its ventral side. A heart-shaped part, covering
the optic tecti, can be recognized in the skull. Take two forceps
and place them at the base of the skull, located at the edge of
the spine and skull. Gently lift the skull, without touching the
brain tissue underneath. Remove some extra tissue at the level
of the spine. The complete (white and thus successfully per-
fused) brain should now be visible. Grab the brain at the edge
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of the spine and the skull. Gently lift out the brain while cutting
the fiber connections with small scissors.

20. To dissect the complete visual system, do not remove the eyes.
Place the fish on its ventral side and remove the skull. Remove
the telencephalon and olfactory bulbs, using the small scissors.
Make a vertical cut at the edge of the olfactory bulbs and optic
tecti and take the telencephalon and olfactory bulbs out using
forceps. Discard all the remaining tissue surrounding the com-
plete visual system at the lateral and anterior sides using dissec-
tion equipment. Remove the mouth, jaws, eye sockets, as well
as the gills, until the visual system is completely liberated. Grab
the brain at the transition brain/spinal cord and lift it slightly
while simultaneously cutting the remaining fiber connections
with small scissors. Position the right forceps horizontally
underneath the brain, the optic projections, and the eyes (ven-
tral side of the visual system). Make an upward movement with
this forceps to remove the complete visual system. Never
remove a visual system without supporting the eyes, as the
weight of the eyes could otherwise easily break the optic
nerves/tracts (see Note 23).

21. Post-fix the tissues overnight in 4% PFA at 4 °C (in a 24-well
plate or in an Eppendorf tube). Eyes harvested to make cryo-
sections for immunofluorescent stainings are only fixed for 1 h
(see Note 24). Eyes specifically harvested to make sections for
Psd-95 staining are only fixed for 30 min in ice-cold 4% PFA at
4 °C.

22. Rinse the fixed tissues three times for 10 min in 1× PBS. Tissue
storage can be prolonged by the use of storage buffer.

1. Incubate the tissues for cryosectioning in increasing concentra-
tions of sucrose (10, 20%, 30% sucrose solution for three
consecutive nights) (see Note 25).

2. Place the tissues in a small petri dish or embedding mold.
Transfer the zebrafish eyes/brains/visual systems using a plas-
tic Pasteur pipette from which part of the tip is cut to enlarge
the opening. Transfer as little PBS as possible. Dry the tissues
carefully with tissue paper.

3. Warm the agarose (freshly made or reheated) at a temperature
of ±55 °C and gently poor it inside the embedding device,
preferably at a corner and not directly onto the tissue.

4. Position the tissues correctly using dissection needles, without
touching them directly. Instead, move/turn the tissues by
moving the agarose in the surrounding area. Continue to
check the orientation, and if needed, reposition the tissues,
until the agarose is solidified.
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5. Orientate eyes in such a way that from the top view, (1) both
the dorsal side of the eye, which is black-colored, and ventral
side, which is silver-colored, are visible (1:1 ratio) and (2) the
cornea is located to the right and thus the optic nerve to
the left.

6. Orientate brains vertically (so standing upwards) with the
olfactory bulbs pointing toward the sealing and the dorsal
side (showing the optic tecti) facing you. Make sure that the
brains do not tilt and that both optic tecti are positioned in a
straight line (see Note 26).

7. Position visual systems horizontally. Make sure that the optic
nerves/tracts are positioned in a horizontal line and that they
are not bend due to the weight of the eyes.

8. Take out the agarose holding the tissues, by going around all
edges with a dissection needle. Reduce the size of the agarose
block to a cube of ±0.5 cm3 for eyes/brains or 1 cm3 for visual
systems.

9. Use the following settings on the cryostat: 10 μm section
thickness, 50 μm trim thickness, -25 °C for the knife tempera-
ture, -27 °C for the specimen temperature.

10. Put the specimen disk inside the chamber of the cryostat on the
quick freeze spot and apply a circle of OCT freezing medium in
the center of the disk. Wait until the medium is almost
completely frozen (white color) and place the agarose block
on the small remaining wet OCT area. Let the agarose block
freeze completely (see Note 27). Orient the agarose block on
the specimen disk so that sagittal retinal sections, coronal brain
sections, or horizontal visual systems sections are made.

11. Clamp the specimen disk in the object head of the cryostat.

12. Trim the agarose blocks with the eyes until the sections contain
a half-moon-shaped, completely layered central retina (check
under a microscope). Remove the first sections in which the
retina macroscopically looks like a circle (periphery). Trim the
agarose blocks with the visual systems until you reach the
sections containing the optic nerves/tracts. As this is rather
difficult to see with the naked eye, catch the trimmed sections
on a glass slide and check them under a microscope to follow
up the sectioning progress through the tissue.

13. Collect the 10 μm sections serially on eight (retina and brain)
or four (visual system) glass slides kept at RT. Sectioning the
central part of the adult zebrafish retina and the optic tectum
will yield ±12 sections per glass slide (about 100 sections in
total). Sectioning the visual system will yield ±4–5 sections
containing the optic nerves/tract on each slide (so in
total ± 15–20 sections).
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3.5 Embedding and

Vibratome Sectioning

1. Embed the zebrafish brains using the embedding molds and 4%
agarose, as described in Subheading 3.4.

2. Reduce the size of the agarose block by making a pyramid with
its large square base being the posterior side of the brain (the
side of the spinal cord) and the smaller top containing the
olfactory bulbs. Make the pyramid as small as possible, without
damaging the brain (see Note 28). Cut one corner of the
pyramid, for example, always the one closest to the left optic
tectum, as a marking point in order to distinguish the left from
the right optic tectum later on.

3. Glue the brain-containing agarose pyramid with its large base
on the sample chuck of the vibratome using the superglue.

4. Place the sample chuck with the brain in the chuck holder and if
necessary, adjust the position of the sample chuck in this way
that the optic tecti are positioned in one straight horizontal
line. The brain is now oriented in the correct way to make
coronal sections through the optic tecti.

5. Add ice-cold cutting buffer and a cooling element straight out
of a freezer in the buffer tray of the vibratome.

6. Use the following settings on the vibratome: 50 μm section
thickness, 100 μm trimming thickness, 0.6 mm amplitude,
100 Hz frequency, 1.7 mm/s sectioning speed.

7. Trim until the optic tecti. Bring the first five to six 50 μm
sections in one well of a 24-well plate filled with 1× PBS.
These sections represent the most anterior levels of the optic
tecti, which are normally not used for the DAB staining in our
lab but kept as spare sections. The next six sections contain the
center of the optic tecti and can be recognized as they contain
the torus longitudinalis and valvula cerebelli, which form a
butterfly shape in these brain sections (Fig. 1a). Place these
sections in one net well of another 24-well plate filled with 1×
PBS. The last more posterior sections are again placed together
with the spare anterior ones (see Note 29). Repeat these steps
for the other brains but use different wells of the plates to
deposit the sections.

3.6 DAB Staining 1. Perform the DAB staining, used to visualize the biocytin-
traced axons, in 24-well plates with the net wells containing
the vibratome sections with the center of the optic tecti. Place
the well plate on a shaking table set on a low speed for the
different steps. For all subsequent steps, use 4 mL of liquid/
well.

2. Quench the endogenous peroxidases in the tissue by adding 2%
hydrogen peroxide in 0.1% PBST for 20 min (see Note 30).
Perform this step in the dark as hydrogen peroxide is light
sensitive.
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3. Prepare the ABC staining solution by adding one drop of A and
B each per 12 mL 0.1% PBST (thus for three wells). Vortex
thoroughly and let stand for 30 min, in the dark (seeNote 31).

4. Add 0.1% glycine in 0.1% PBST for 20 min to the sections.
Glycine will react with the leftover PFA and stop the fixation
process.

5. Add the ABC staining solution, containing the avidin–HRP
complex to the wells and incubate for 90 min in the dark.

6. Perform two washing steps using 1× PBS for 15 min each.

7. Make the DAB staining solution by dissolving one DAB tablet
in 20 mL 1× PBS (seeNote 32). When dissolved, add 40 μL 1%
NiCl2 and 40 μL 1% CoSO4 (see Note 33). Right before the
staining reaction, supplement this DAB solution with H2O2 (1:
1000).

8. Fill an extra 24-well plate with the DAB solution and place it
underneath a hood, close to a microscope.

9. Start the DAB step and check the staining reaction via the
microscope, preferably in the wells with sections harvested
from uninjured control animals. After ±1 min, the staining
reaction normally has developed sufficiently, which is visible
as a brown precipitation in the right optic tectum in the com-
plete SFGS and SO where RGC axons run (Fig. 1a, c).

10. Stop the staining reaction by rinsing the sections in another
plate filled with distilled, deionized water. Inspect the stained
sections one more time, at your leisure, to ensure that the
staining reaction was successful and has developed sufficiently.
If so, rinse the sections a second time in distilled, deionized
water (see Note 34).

11. Using a paintbrush, place the sections on a gelatin-coated glass
slide (see Note 35). Carefully remove excess liquid by using a
tissue paper and finally let the slides dry in an oven (37 °C) for
at least 30 min.

12. To visualize cell nuclei, perform the neutral red counterstain.
Rehydrate the sections with a 2 min rehydration step in dis-
tilled, deionized water.

13. Submerge the sections for 10 s in the neutral red staining and
rinse two times in distilled, deionized water.

14. Incubate the sections in an increasing concentration of ethanol
(50, 70, 96% ethanol, 3 min each) for dehydration, followed by
two times for 15 s in pure acetone.

15. Degrease the sections by submerging them two times for 3 min
in xylene.

16. Mount the sections using a coverslip and DPX mounting
medium. Avoid air bubbles.

17. Let the slides dry overnight in a ventilation hood. Store the
slides in a slide box at RT.



RGC Axonal Regrowth and Dendritic Remodeling in Zebrafish 179

3.7 H&E Staining 1. Dry the slides containing the retinal sections for IPL measure-
ments in an oven at 37 °C, and rehydrate them for 5 min in
distilled, deionized water.

2. Submerge the sections for 3 min in the hematoxylin solution,
which will result in a blue–purple staining of the nuclei.

3. Rinse the sections thoroughly for 5 min under running tap
water, followed by incubation in the eosin staining for 10 s.
Eosin gives the cytoplasm a pink color.

4. Perform a dehydration step (rinse in 50, 70, and 96% ethanol,
followed by two times 5 min in absolute ethanol) and degrease
the slides using xylene (two times 5 min).

5. Mount using DPX.

3.8 Fluorescent

Stainings

1. Perform the different stainings on cryosections using the stan-
dard protocol which includes the following steps: drying, rehy-
dration, heat-mediated antigen retrieval, blocking with serum,
overnight primary antibody incubation, secondary antibody
incubation, DAPI staining and mounting. Modifications com-
pared to the standard protocol are mentioned in the different
steps for the specific antibody. To visualize regenerated RGCs,
use the retinal cryosections made after retrograde biocytin
tracing. To visualize synaptic/dendritic degeneration/recovery
in the retina, perform an immunostaining for synaptotagmin
2, Psd-95, or Map 2. Anti-synaptotagmin 2 can also be used on
optic tectum cryosections.

2. Dry the slides in an oven at 37 °C for 10 min.

3. Submerse the sections for 5 min in distilled, deionized water,
followed by 5 min in 1× TBST (see Note 36).

4. Preheat the citrate buffer in the microwave until it obtains a
cloudy, opaque appearance (see Note 37). Submerge the sec-
tions in the warm buffer and place them in an oven at 95 °C for
20 min, after which they need to cool down at RT for 20 min.
No heat-mediated antigen retrieval step is necessary for the
staining using anti-Psd-95. For anti-Map 2, the antigen
retrieval step is executed within a microwave and not an oven.
Start with cold citrate buffer and perform two 5-min heating
steps at 700 W and one at 500 W. Add buffer in between
heating in case not enough fluid is left due to spilling during
the boiling process.

5. Rinse the sections three times for 5 min in 1× TBST.

6. Quench the activity of endogenous peroxidases for the synap-
totagmin 2 staining, as the secondary antibody amplification
step here is based on the catalytic activity of HRP. Incubate the
sections in 0.3% H2O2 in methanol for 20 min, performed in
the dark, followed by three washing steps in 1× TBST.
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7. Perform a 2-h blocking step with pre-immune donkey serum
(1:5) in 1× TNB (seeNote 38). Perform the blocking step with
0.3% Triton X-100, 3% BSA, 10% normal donkey serum in 1×
PBS for the anti-Psd-95 staining.

8. Incubate the slides overnight with the primary antibody on RT,
except for anti-Psd-95 (4 °C). Use the following dilutions: 1:
1000 znp-1 in 10% normal donkey serum in 1× TNB, 1:2000
anti-Map 2 in 1× TNB, 1:500 anti-Psd-95 in 0.3% Triton
X-100, 1% BSA and 3% normal donkey serum in 1× PBS. For
visualizing the regenerated RGCs inside the retina after retro-
grade biocytin tracing, no primary antibody is added. Biocytin
is immediately visualized by incubation with fluorescently-
labelled streptavidin (see step 10).

9. Rinse the sections three times for 5 min using 1× TBST, to
remove the excess of primary antibody (see Note 39).

10. Perform a 2-h incubation step with a donkey anti-mouse Alexa
Fluor-conjugated secondary antibody, diluted 1:300 in 1×
TNB. For the staining with znp-1, an amplification method
using the tyramide signal amplification system is used to
increase signal intensity of the staining. Perform a 45-min
incubation step with donkey anti-mouse secondary antibody
conjugated to biotin (1:300 in 1× TNB), followed by 30 min
of streptavidin–HRP (1:100 in 1× TNB). Incubate the sections
with the tyramide signal amplification reagent, according to
manufacturer’s protocol (see Note 40). To visualize the regen-
erating RGCs after biocytin tracing, add the labeled streptavi-
din (Alexa Fluor conjugated to streptavidin, 1:200 in 1× TNB)
and incubate for 2 h.

11. Rinse the sections three times for 5 min with 1× PBS.

12. Counterstain the nuclei using the DAPI solution for 30 min.

13. Rinse using 1× PBS and mount the slides using an anti-fade
fluorescence mounting medium (see Note 41). The slides can
be stored at 4 °C.

3.9 Microscopic

Visualization and

Quantification of the

Biocytin-Traced RGCs

1. Take fluorescent pictures of the stained retinas after retrograde
biocytin tracing. Use a fluorescence microscope and a 20×
objective.

2. Define the central retinal section on the slides by identifying
the location of the optic nerve head. Image six central retinal
sections adjacent to this central section, so at 80, 160, and
240 μm distance at either side of the optic nerve head.

3. Using FIJI and the cell counter plug-in (analyze > cell
counter), count the absolute number of biocytin-positive cells
in the complete retinal ganglion cell layer of all six sections.
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4. Make an average per fish for the number of biocytin-positive
cells per retinal section.

5. Analyze three to five fish per condition.

3.10 Microscopic

Visualization and

Quantification of

Axonal Regeneration

in the Optic Nerve

1. Image the visual system cryosections of the Tg(gap-43:eGFP)
fish using a confocal microscope using a 20× objective. Use at
minimum four sections containing the complete optic nerve
tract.

2. Determine the distance grown by the eGFP-positive axons,
being the length between the crush site and the axonal growth
tips, using FIJI.

3. Make an average per fish.

4. Use five to six fish per condition.

3.11 Microscopic

Visualization and

Quantification of

Tectal Reinnervation

1. Take light microscopy images of the DAB-stained vibratome
brain sections after anterograde biocytin tracing using a 10×
objective. Focus on the black-stained axons, reinnervating the
superficial layers of the optic tectum (SFGS and SO).

2. To semi-quantify tectal reinnervation, open a picture of an
uninjured control zebrafish brain in FIJI (seeNote 42). Outline
the area of innervation, being the SFGS and SO, using the
polygon selection tool. This is most obvious and straightfor-
ward to do in the uninjured condition as here this innervation
area is completely filled with axons.

3. Duplicate the selected area of innervation (image > duplicate,
or control + shift + D) and clear everything outside your
selected area (edit, clear outside). Measure the surface of the
area (analyze > measure, or control + M).

4. Manually set a threshold to quantify the biocytin-positive
area inside the SFGS and SO using the threshold tool (image >
adjust > threshold, or control + shift + T for Windows). Use the
bottom sliding bar in order to only select the biocytin-positive
area (see Note 43). Apply this threshold (apply in the threshold
tool), select the threshold area (edit > selection > create selec-
tion), and finally measure this area (analyze>measure, or control
+ M for Windows).

5. Define the axonal density as the ratio of the biocytin-posi-
tive area to the area of reinnervation, being the SO and SFGS
of the optic tectum.

6. Analyze tectal reinnervation on at minimum five sections con-
taining the central optic tecti per fish. Determine the average
value for each fish. Use the tectal reinnervation values of the
uninjured fish as a reference value and set as 100%. Express the
reinnervation values for the injury conditions in %, relative to
this reference control (see Notes 44 and 45).
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3.12 Microscopic

Visualization and

Quantification of

Dendritic

Degeneration/

Recovery Using IPL

Thickness

Measurements

1. Take pictures of six central H&E-stained sections (three at
80, 160, and 240 μm distance at either side of the optic nerve
head) using a bright-field microscope and a 20× objective.

2. Measure the IPL thickness, as well as the photoreceptor layer
(Fig. 1b) at about 300 μm on both sides of the optic nerve
using FIJI. The thickness of the photoreceptor layer (PRL) is
used as a correction factor, e.g., for small orientation/embed-
ding differences between different retinas.

3. Calculate the IPL/PRL ratios and average per fish (see Note
46).

4. Use at minimum three fish per condition.

3.13 Microscopic

Visualization and

Quantification of

Synaptic and Dendritic

Degeneration/

Recovery Using

Fluorescent Stainings

1. Take images of the synaptotagmin 2-stained brain and retinal
sections, the Psd-95-stained retinal sections, and Map
2-stained retinal sections with a confocal microscope using a
60× objective. Take pictures of at least five sections with the
central right optic tectum (containing the butterfly-shaped
torus longitudinalis and valvula cerebelli, Fig. 1a) and six cen-
tral retinal sections (three at 80, 160, and 240 μm distance at
either side of the optic nerve head).

2. Quantify the immunopositive area/region of interest (IPL or
optic tectum area) in the same way as previously described (see
Subheading 3.11) (see Note 47).

3. Average the obtained values for each fish and use at least five
fish per condition.

4 Notes

1. For standard research questions, we use 5–7-month-old zebra-
fish, which are approximately 2.5 cm. We prefer not to give
excessive amounts of food to our fish so that they remain slim,
as obese fish have substantial fat tissue in their eye orbits, which
complicates the execution of an ONC.

2. Never use anesthetic solutions coming straight out of the
fridge (4 °C) as this will result in a cold shock. Warm it to
28 °C using a water bath. Protect both the tricaine stock
solution and anesthetic solutions from light to avoid degrada-
tion and thereby the production of toxic by-products.

3. If the height of the petri dish lid exceeds 1 cm, it hinders your
hand movements and thus complicates the operative
procedure.

4. Sylgard is a clear polymer which has the ideal hardness to
perform dissections on: it is soft enough to insert, e.g., pin-
heads and does not damage dissection material, but sufficiently



RGC Axonal Regrowth and Dendritic Remodeling in Zebrafish 183

hard to support the animal. You can buy pre-made Sylgard-
filled petri dishes or make it yourself following manufacturer’s
guidelines.

5. Specialized adhesion slides have excellent adhesive properties
for cryosections, and their use minimizes tissue loss during the
staining process. If electrostatic effects hinder the collection of
cryosections, place a slightly moist tissue paper underneath the
glass slides.

6. In our lab, we always use the VECTASTAIN Elite ABC system
from Vector Laboratories. It is possible to buy the required
compounds for visualization separately (avidin and biotinylated
peroxidase), but we do not have experience with this working
method.

7. FIJI is freely available via this link: https://imagej.net/
Downloads. For counting the regenerated RGCs after biocytin
tracing, use the cell counter plug-in, which is automatically
available after program installation.

8. Be careful not to transfer too much water in the anesthetic
solution when transferring the fish, to avoid diluting
it. Therefore, first hold the aquarium fishnet containing the
caught animal against the side of the tank above the water level
so that a lot of water drips down.

9. Adequate sedation can be evaluated by slightly tapping the
beaker on the table or gently pinching the zebrafish tail with
a forceps. Absence of a response/movement indicates that the
fish is sufficiently sedated.

10. In our lab, we normally crush unilaterally and always use the
left eye for this. It is possible to perform an ONC on the right
optic nerve as well, but then it is easier to position the fish in
the opposite direction (head toward you, tail facing away).

11. If tilting the eye out of its orbit is executed too roughly, it is
possible that you; break extraocular muscles and that the eye is
lost after this operation, tear the ophthalmic artery resulting in
major bleeding or stretch/the optic nerve and that the optic
nerve damage is not similar as in a well-executed ONC. It is
also important that the forceps are not used in a closed position
within this step, as too much force is then applied on a single
position with the risk of pinching through the sclera.

12. Removing fat tissue should be executed in a gentle way, as it
could otherwise cause bleeding inside the orbit that hinders
sight during further surgery.

13. In 5–7-month old fish, the distance of 0.5 mm of the optic
nerve head is located in the middle of the exposed optic nerve,
while in older fish it is, in relative terms, more positioned
toward the optic nerve head.

https://imagej.net/Downloads
https://imagej.net/Downloads
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14. If a fish does not recover from the anesthesia as expected, e.g.,
due to a prolonged operative duration and thus a longer seda-
tion period, gently provide additional aquarium system water
over the gills using a Pasteur pipette.

15. If early axonal regeneration or tectal reinnervation needs to be
measured on different time points after injury, it is more con-
venient to plan the ONC at different days so that the more
labor-intensive biocytin tracing and perfusion steps can be
performed at one single day for the different conditions.

16. The dermal layer of the cornea starts to restore from 2 dpi and
regains its pre-injury thickness around 6 dpi.

17. For retrograde biocytin tracing experiments, the biocytin clot
is always placed posterior to the ONC site. In this way, the
RGCs inside the retina that have regenerated their axons past
the injury are traced. For quantifying tectal reinnervation, the
clots are placed anterior to the crush site. If we would place the
biocytin for anterograde tracing posterior to the injury site,
accidently spared axons due to an incomplete ONC are also
traced. Of note, in our hands, no axons are visible using this
anterograde tracing technique in the right optic tectum imme-
diately after a left ONC, which is a proof that we disrupt all
axons and do not have spared ones left.

18. Do not put more than two/three fish in one recovery tank at
this point. It is important that the biocytin tracing step takes
equally long (3 h) for every fish so you need to be able to
separate the different individuals. If you put more than one fish
in a tank, write down a recognizable physical characteristic
(color, gender, size) together with the time of biocytin appli-
cation in order to distinguish them.

19. Obtaining the correct size of the needle opening is of utter-
most importance and requires some experience. While needles
with large openings are inconvenient to insert in the small
zebrafish ventricle, too small openings obstruct the flow and
come together with a wobbly tip that bends under pressure.
Therefore, we break the tip of the capillary needle at the point
where it is not flexible anymore.

20. Always aim the needle toward the bulbus arteriosus. In this
way, when you would apply too much force, the needle will end
up in the bulbus and the fluid will still run inside the vascular
system. If you puncture the ventricle from the side and slip, the
needle will exit the ventricle at the other side, and perfusion
fails.

21. PFA cross-links proteins and is therefore a widely used fixative.
The fixation process is visible during the perfusion as the tail of
the fish can move from one side to the other fiercely. For
injecting the different fluids (PBS and PFA), you have two
possibilities: (1) the use of two different syringes and injection
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tubes, with the disadvantage that you need to insert a needle at
the same place two times, or (2) the use of one injection tube
but two different syringes so that the needle can stay in
between changing syringes. With the latter option, make sure
to rinse sufficiently in between two fish so that you always start
with PBS in the injection tube.

22. To be completely safe, wear a mask that protects against
organic vapors, even if you work under a fume hood, as PFA
fumes can be carcinogenic.

23. In case there is still some tissue attached to the visual system at
this point, you can place it in a petri dish with some PBS and
remove the extra, unwanted tissue using small scissors.

24. Tissues harvested for immunofluorescent staining using anti-
bodies are only fixed for 1 h in 4% PFA at RT. This in contrast
to the tissues obtained after biocytin tracing or to perform
histological staining onto, which are fixed overnight.
Antibody-based stainings have a higher success rate when per-
formed on lightly fixed tissues, as strong fixation can mask the
epitopes. For IPL thickness measurements, it is of crucial
importance that the morphology of the retina is perfectly
maintained. As such, PFA fixation should definitely be per-
formed overnight to ensure retinal layer thickness preservation.
A superior method to preserve morphology is the use of Bouin
Hollande as a fixative in combination with paraffin sectioning.

25. Cryopreservation with sucrose is important to prevent forma-
tion of ice crystals during the freezing process, which could
result in tissue damage.

26. To our experience, embedding the brains vertically is easier
than embedding them in a horizontal position.

27. Never place the agarose block containing the tissues immedi-
ately in the OCT compound, as it will sink in the still soluble
medium which will complicate the sectioning process. Indeed,
the knife will encounter different harnesses (OCT compound,
agarose, tissue, agarose, OCT compound), and this is disad-
vantageous to make sections. OCT is thus only used as a
glue here.

28. Reducing the size of the agarose pyramid will result in smaller
sections, which are easier to place on glass slides.

29. In our lab, the spare sections are normally not stained, unless
the DAB staining failed. In that case, you can still stain the
spare anterior/posterior sections to get an indication of the
results of the experiment. Nevertheless, the most anterior sec-
tions are interesting to use when interested in early tectum
reinnervation, as in these anterior sections the axons arrive
first (in our lab around 4 days post-ONC).
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30. Quenching endogenous peroxidases is important as the stain-
ing method used here is based on the catalytic activity of the
enzyme HRP and active peroxidases inside the tissue could
produce false-positive results.

31. The component A and B of the ABC kit contain avidin and
biotinylated HRP, respectively, which will bind to each other
with a high affinity in this step.

32. When working with DAB, be careful and take all necessary
precautions (lab coat, double gloves, dust mask) as it is highly
carcinogenic.

33. To intensify the staining and increase the contrast, NiCl2 and
CoSO4 are used to create a gray–black staining, compared to a
brown (DAB) one, due to a metal precipitation.

34. As DAB is a potential carcinogen, keep the 24-well plates that
came into contact with it as dedicated equipment for DAB
stainings, or always use new ones. Avoid putting the used plates
in the normal lab circulation.

35. The sections or the surrounding agarose cannot overlap on the
slides as this is detrimental for microscopy visualization later
on. In case you want to put sections of different fish on one
slide, make sure to physically separate them into groups.

36. Rehydration and washing steps can be performed in plastic or
glass staining jars. Steps with more expensive products (anti-
bodies, pre-immune serum, DAPI) are better performed
directly on the slides inside a humidity chamber as the used
volume can be substantially reduced. Put the humidity cham-
bers on a shaking table to ensure equal incubation and spread-
ing of the fluid. In our hands, 400 μL is enough to cover the
glass slides for an overnight incubation period in a humidity
chamber, without the slides drying out. However, we do use a
PAP pen to draw a thin hydrophobic barrier around the area on
the glass slide containing all sections, in order to reduce the
surface that needs to be incubated with the antibody.

37. A heat-mediated antigen retrieval step is often performed in
immunofluorescent stainings to reveal epitopes that were
potentially masked due to the formalin fixation.

38. A blocking step using serum will saturate all binding sites in a
tissue and is important prior to antibody incubation in order to
prevent aspecific binding of the used primary/secondary
antibodies.

39. Ideally, the first part of a staining is started in the afternoon,
while the second part is performed the day after in the morn-
ing. In this way, the risk of dried sections is minimized. For
financial considerations, it is possible to recuperate the primary
antibody after overnight incubation. Store it at 4 °C for
maximum 1 week and reuse it for another staining on a new
batch of slides.
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40. As the tyramide signal amplification reagent is expensive, we
reuse it in one and the same staining. Therefore, divide the
slides in two groups, perform the incubation step for the first
group, recuperate the solution, and reuse it for the second
group. Make sure that all slides are incubated with tyramide
signal amplification reagent for exactly the same time. Other-
wise, false intensity differences between slides could be
produced.

41. The easiest way to mount slides according to our experience is
to add ±90 μL of mounting medium in a straight line on the
coverslip itself. Position one side of the coverslip in a ± 45°
angle against the slide and then gently lower the coverslip to
prevent air bubbles from forming. Remove excess of water and
the mounting medium carefully using tissue paper before put-
ting the slide in the slide folder.

42. In our lab, we created a macro to run in FIJI which guides you
through the different steps of this analysis method. This macro
can be downloaded via this link: https://gitlab.com/
NCDRlab/tectal-reinnervation-zebrafish. To run it, go to
Plug-ins > Macro > Run and select the macro, after which
the analysis is explained in different steps.

43. Quantifying tectal reinnervation using anterograde biocytin
tracing is a semiquantitative method as you manually set the
threshold to define the biocytin-positive axons. At this point, it
is important to check every part of the SO/SFGS and decide
the ideal threshold value for the complete region. In our hands,
it is common that the peripheral parts of the brain show more
dark areas of axons than the center part, so use a threshold
value that is in between the ideal value for the different regions.
The threshold step requires focus and practice as you should
always do it in the same way for every section separately.

44. Outlining the area of reinnervation (SO/SFGS) is more diffi-
cult in sections of zebrafish subjected to an ONC, as here this is
only partly filled with (regenerated) axons. Estimate this sur-
face as good as possible, based on the outlining steps per-
formed on the brain sections of uninjured fish. Again, this
requires some experience.

45. Besides using this DAB staining, the biocytin inside the rein-
nervated axons can also be visualized using the same fluores-
cent staining protocol as described in Subheading 3.8, in this
case performed on 10 μm coronal cryosections of the optic
tecti. Analysis of tectal reinnervation can be performed in the
same way as for the DAB-stained sections. As an alternative for
visualizing the axons using anterograde biocytin tracing, Tg
(gap-43:eGFP) zebrafish could be used, in which the regrowing
axons are detectable due to the eGFP expression under the
regulation of the gap-43 promoter.

https://gitlab.com/NCDRlab/tectal-reinnervation-zebrafish
https://gitlab.com/NCDRlab/tectal-reinnervation-zebrafish
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46. Although the IPL thickness can give valuable information
regarding dendritic disintegration/regeneration, we are aware
that directly imaging and measuring the length of the RGC
dendrites would be more accurate. However, sparse labeling of
RGCs and their dendrites is then necessary, as imaging a single
RGC and its dendrites is impossible when all RGCs are fluores-
cently tagged. However, no zebrafish line is available at the
moment in which there is only sparse labeling of the RGCs in
the adult stage, so therefore we use these IPL measurements to
have a first indication of possible dendritic remodeling pro-
cesses ongoing after ONC.

47. Quantification of the immunopositive area/IPL is less straight-
forward as for the optic tectum, since there is IPL thinning
after ONC and this can influence the results of your quantifi-
cation. Make sure to keep this in mind when interpreting the
results.
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Chapter 10

Assaying Optic Nerve Regeneration in Larval Zebrafish

Beth M. Harvey, Melissa Baxter, and Michael Granato

Abstract

Zebrafish have a remarkable capacity for spontaneously regenerating their central nervous system. Larval
zebrafish are optically transparent and therefore are widely used to dynamically visualize cellular processes
in vivo, such as nerve regeneration. Regeneration of retinal ganglion cell (RGC) axons within the optic
nerve has been previously studied in adult zebrafish. In contrast, assays of optic nerve regeneration have
previously not been established in larval zebrafish. In order to take advantage of the imaging capabilities in
the larval zebrafish model, we recently developed an assay to physically transect RGC axons and monitor
optic nerve regeneration in larval zebrafish. We found that RGC axons rapidly and robustly regrow to the
optic tectum. Here, we describe the methods for performing the optic nerve transections, as well as
methods for visualizing RGC regeneration in larval zebrafish.

Key words Larval zebrafish, Optic nerve regeneration, Retinal ganglion cell neurons

1 Introduction

Due to the poor regenerative capacity of the mammalian central
nervous system, diseases that damage retinal ganglion cell (RGC)
bodies and their axons within the optic nerve can ultimately result
in irreversible blindness [1–3]. Regeneration of the mammalian
optic nerve is mostly insufficient due to limited RGC axonal
regrowth and massive RGC death [4–6]. Although studies have
identified signaling pathways that enhance RGC survival and
increase axonal growth after injury, RGC axons often fail to reach
their original targets [7–15]. Therefore, model systems that com-
plement mammalian axonal regeneration studies can further iden-
tify mechanisms that promote optic nerve regeneration.

In contrast to most mammals, lower vertebrates such as zebra-
fish have a remarkable capacity to regenerate their central nervous
system [16]. Cellular and molecular mechanisms that mediate the
spontaneous regeneration of both the optic nerve and spinal cord
have been studied using adult zebrafish [17–27]. Additionally, zeb-
rafish have been used for decades to extensively study the
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development of the spinal cord and visual system, both at the
cellular and molecular genetic levels (reviewed in [28–30]). How-
ever, only recently have assays been established to study spinal cord
regeneration in the larval zebrafish [31–35]. As larvae are optically
transparent, such studies have provided dynamic in vivo insights
into cellular behaviors and injury responses [36–38]. Conversely,
robust assays using larval zebrafish for optic nerve regeneration
have been absent.
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We sought to take advantage of the larval zebrafish system to
assay optic nerve regeneration in 5-day-old zebrafish. Larval zebra-
fish at 5 days post fertilization possess a functional visual system, in
which RGC axons exit the eye and cross at the optic chiasm to
project solely to the contralateral optic tectum (Fig. 1a–c) [39–
43]. Furthermore, several behavioral assays are well established to
probe visual system function [41, 42, 44–47]. We therefore devel-
oped a rapid and robust assay to monitor regeneration of RGC
axons using the transgenic line Tg(isl2b:GFP) that labels RGCs and
their axons [48]. We perform optic nerve transections using a
sharpened tungsten needle to transect the RGC axons distal to
where they exit the eye but proximal to the optic chiasm (Fig.1c)
[49]. We have observed that by 96 h post injury, RGC axons
robustly regrow to the optic tectum [49]. Here, we describe the
methods for performing the optic nerve transection, as well as
visualizing RGC regeneration, either directly with immunostaining
or labeling with lipophilic dyes.

2 Materials

2.1 RGC Axon

Transection in Larval

Zebrafish

1. Tg(isl2b:GFP) transgenic line (see Note 1).

2. E3 medium: 5 mM NaCl, 0.17 mM KCl, 0.33 mM
CaCl2•2H2O, 0.33 mM MgSO4. Store at room temperature
for up to a month, and then consider making fresh to prevent
contamination.

3. E3 medium with 0.2 mM phenylthiourea (PTU): 5 mMNaCl,
0.17 mM KCl, 0.33 mM CaCl2•2H2O, 0.33 mM MgSO4,
0.2 mM PTU. Store in the dark at 29 �C for up to a month.

4. Fluorescent stereomicroscope.

5. 1 M Tris–HCl, pH 9.0.

6. 0.4% tricaine: Dissolve tricaine in distilled water, then pH to
7.0 using 1 M Tris–HCl pH 9.0. For long-term storage, store
in 1 mL aliquots at 20 �C.

7. Anesthetic solution: Make fresh for each experiment by dilut-
ing 0.4% tricaine to 0.0053% tricaine in E3 medium.

8. Glass Pasteur pipet, 1.5 mm tip.
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Fig. 1 Transecting RGC axons in larval zebrafish with a sharpened tungsten needle. (a) Diagram of the
retinotectal projection in Tg(isl2b:GFP) larval zebrafish from a dorsal view. The cell bodies of RGCs are in the
innermost layer of the retina. RGC axons exit the eye (E), cross solely contralaterally at the optic chiasm
(OC) and terminate in the optic tectum (OT). (b) Confocal image stacks represented as maximum intensity
projection of the retinotectal projection in a Tg(isl2b:GFP) larva at 5 days post fertilization. Eyes are outlined by
dashed lines. (c) Image of confocal stack from (b) rotated 90 degrees into the page. The transection site,
indicated by red dashed lines, is distal to the region where RGC axons exit the eye, yet proximal to the optic
chiasm. Eyes are outlined by dashed lines. d dorsal, v ventral, a anterior, p posterior. (d) RGC axons are
transected by using very precise up and down, as well as back and forth motions with the sharp tip of the
tungsten needle. (e–e0) After mounting larvae ventral-up, a sharpened tungsten needle is inserted through the
jaw to reach the transection site. (f–f0) Following transection, the RGC axons are clearly severed. (g–g0) Based
on preference of the person performing the transection, the larva can be reoriented to transect the RGC axons
of the second eye. (h–h0) RGC axons of both eyes are transected. (e0–h0) Images were acquired on an Olympus
SZX16 fluorescent microscope

9. Low-melt agarose: Using a microwave, dissolve 2.5% low-melt
agarose (see Note 2) in E3 medium. Stocks of 50 mL can be
stored at room temperature for up to about 3 months. For each
transection experiment, use a microwave to remelt and aliquot
500 μL of low-melt agarose in 1.5 mL microcentrifuge tubes
with final concentration 0.016% tricaine. Keep these tubes of
melted agarose at 42 �C.

10. Microscopy slides, 3 inches 1 inch by 1 mm.
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11. Tungsten needle: Tip diameter 0.001 mm, rod diameter
0.125 mm.

12. 5 N NaOH.

13. Ringer’s medium with 0.2 mM PTU: 116 mM NaCl, 2.9 mM
KCl, 1.8 mM CaCl2, 5 mM HEPES, 0.2 mM PTU. Adjust to
pH 7.2 using 5 N NaOH.

14. Glass depression plate.

15. Fluorescent compound microscope, such as a Zeiss Axio
Imager M1.

2.2 Immunostaining

Tg(isl2b:GFP) Larvae

1. Phosphate-buffered saline (PBS).

2. 4% paraformaldehyde (PFA): Make fresh each time by diluting
16% PFA in PBS (see Note 3).

3. PBT: 0.25% Triton X-100 detergent dissolved in PBS .

4. 150 mM Tris–HCl, pH 9.0

5. 0.05% trypsin–EDTA.

6. Blocking solution: 1% bovine serum albumin (BSA), 2% normal
goat serum (NGS), and 1% dimethylsulfoxide (DMSO)
in PBT.

7. Antibody binding solution: 1% BSA and 1% DMSO in PBT.

8. Anti-GFP primary antibodies (Takara Cat# 632381, see Note
4).

9. Green fluorescing secondary antibody.

10. Non-hardening antifade mounting medium.

2.3 Using Lipophilic

Dyes to Label

RGC Axons

1. Capillaries, 4 inch in length, 1.0 mm outer diameter with
filament.

2. Micropipette puller (e.g., Sutter Instrument, Model P-87).

3. Coverslips, 22 mm 22 mm and 9 mm 9 mm.

4. Coverslip sealant or clear nail polish.

5. Micromanipulator.

6. Liphophilic dyes (see Note 5). Dissolve 0.5% liphophilic dyes
such as DiI or DiD, in dimethylformamide (DMF). Dyes can
be stored protected from light at 80 �C for at least 6 months.

7. 1.5% low-melt agarose: Using a microwave, dissolve 1.5%
low-melt agarose in PBS and aliquot into 1.5 mL microcentri-
fuge tubes. While mounting larvae for imaging, keep these
tubes of melted agarose at 42 �C.
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3 Methods

3.1 RGC Axon

Transection in Larval

Zebrafish

1. Collect Tg(isl2b:GFP) embryos in E3 medium. Begin incubat-
ing embryos at shield stage in E3mediumwith 0.2 mMPTU at
29 �C in the dark to inhibit melanocyte pigmentation (seeNote
6).

2. Change the E3 medium with 0.2 mM PTU daily until larvae
are 5 days post fertilization.

Use a fluorescent microscope to sort for larvae with fluo-
rescently labeled RGCs.

3. Anesthetize larvae at 5 days post fertilization in anesthetic
solution.

4. Use a glass Pasteur pipet to transfer anesthetized larvae to
low-melt agarose (see Note 7).

5. Transfer larvae in some low-melt agarose onto a microscopy
slide. Orient the larvae ventral-up and centered within a dome
of low-melt agarose (see Note 8). Allow the low-melt agarose
to completely harden for a few minutes before performing the
transections.

6. After the low-melt agarose has completely solidified, add a
small drop of anesthetic solution onto the dome of low-melt
agarose (see Note 9).

7. Perform optic nerve transections on a fluorescent stereomicro-
scope. Begin by inserting the tungsten needle through the
pharyngeal arches (see Note 10).

8. Position the tip of the needle distal to the region where RGC
axons exit the eye, yet proximal to the optic chiasm (Fig. 1c, e–
e0, g–g0; see Note 11).

9. Use small up and down, as well as back and forth motions with
the sharp tip of the needle to create a transection across the
axons (Fig. 1d; see Notes 12–14). The transection should
appear distinct with a clear separation between a proximal
stump and the portion of axons distal to the injury site
(Fig. 1f–f0, h-h0).

10. After performing the transections, release the larvae from the
dome of low-melt agarose by gently breaking away the
low-melt agarose from around the larvae with forceps.

11. Transfer the larvae to a dish of Ringer’s medium with 0.2 mM
PTU for about 1 h to recover from the procedure. Then
change the medium to E3 with 0.2 mM PTU and incubate at
29 �C in the dark (see Note 15).

12. Sort larvae for complete optic nerve transections at 16–18 h
post injury on a fluorescent microscope using a glass depression
plate (see Note 16). Keep larvae in E3 with 0.2 mM PTU at
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29 �C in the dark until desired timepoints for visualization of
regeneration or fixation.

13. To monitor axonal regeneration at any timepoint following
transections, larvae can be placed into a glass depression plate
and observed on a fluorescent dissecting microscope, or
anesthetized in anesthetic solution, mounted in low-melt aga-
rose and observed on a fluorescent compound microscope.

3.2 Immunostaining

Tg(isl2b:GFP) Larvae

(See Note 17)

1. Fix larvae that are 5–9 days post fertilization in 4% PFA in a
1.5 mL microcentrifuge tube overnight at 4 �C using gentle
rocking or a rotating mixer.

2. Discard the fix in and wash larvae in PBT for about 5 min at
room temperature.

3. Repeat the 5-min PBT wash for a total of three washes using
gentle rocking or a rotating mixer.

4. For antigen retrieval, incubate larvae in 150 mM Tris–HCl
pH 9.0 for 5 min at room temperature.

5. Transfer to 70 �C and incubate for 15 min.

6. Wash larvae in PBT for 5 min twice at room temperature using
gentle rocking or a rotating mixer.

7. For permeabilization, incubate larvae in 0.05% trypsin–EDTA
for 5 min on ice (see Note 18).

8. Wash and remove PBT twice to remove most of the 0.05%
trypsin–EDTA .

9. Perform a 10-min wash in PBT at room temperature using
gentle rocking or a rotating mixer.

10. Block for 1 h at room temperature in blocking solution using
gentle rocking or a rotating mixer.

11. Remove blocking solution. Then incubate larvae in primary
anti-GFP antibody at 1:200 dilution in antibody binding solu-
tion overnight at 4 �C using gentle rocking or a rotating mixer.

12. Wash in PBT for 10 min using gentle rocking or a rotating
mixer.

13. Repeat step 12 at least three times (see Note 19).

14. Incubate larvae in secondary antibody at a 1:500 dilution in
antibody binding solution overnight at 4 �C using gentle rock-
ing or a rotating mixer.

15. Repeat step 12 at least three times (see Note 19).

16. Remove PBT and add non-hardening antifade mounting
medium to larvae. Store larvae at 4 �C until mounted for
imaging (see Note 20).
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3.3 Using Lipophilic

Dyes to Label

RGC Axons

1. Fix larvae in 4% PFA overnight at 4 �C (see Notes 21 and 22).

2. Discard fix and wash larvae in PBS.

3. Use a micropipette puller to prepare capillary needles with
short tapers (see Note 23).

4. Pipet or backfill pulled capillary needles with lipophilic dyes.

5. Use coverslip sealant or clear nail polish to secure a
22 mm � 22 mm coverslip angled on top of stacks of three
9 mm 9 mm coverslips on a microscopy slide (Fig. 2a).

6. Lay larvae against the 22 mm � 22 mm coverslip so that the
desired retina is angled toward the injection needle. Larvae can
be laid lengthwise along the coverslip, or on top of the coverslip
slightly hanging off the edge (Fig. 2b). Keep larvae moist with
PBS (see Note 24).

7. Break the tip of the capillary needle by grazing the tip of the
capillary needle with forceps (see Note 25).

8. Use a micromanipulator to insert the capillary needle into the
space between the lens and the RGC layer (Fig. 2c). Inject
retinas with more or less lipophilic dye to either fully fill the
RGC layer or label specific regions of RGCs in the retina.

9. Keep larvae overnight in PBS at room temperature to allow
lipophilic dyes to diffuse along RGC axons.

10. Mount larvae in non-hardening antifade mounting medium or
1.5% low-melt agarose to image using fluorescent microscopy.

4 Notes

1. The Tg(isl2b:GFP) transgenic line [48] is available through the
Zebrafish International Resource Center (ZIRC; ID
ZDB-ALT-100322-2; https://zebrafish.org/home/guide.
php).

2. We specifically recommend using SeaPlaque (Lonza) low-melt
agarose, which has an optimal gel strength for immobilizing
larvae and performing transections as described in this method.

3. PFA is a hazardous toxic chemical and should be handled under
a fume hood with personal protective equipment, including
gloves, a lab coat, and safety glasses and should be disposed
of following your institutions hazardous waste procedures.

4. We have also immunostained Tg(isl2b:GFP) larvae using anti-
GFP antibodies from other vendors, such as Life Technologies
and Aves labs at 1:500 dilutions.

5. Lipophilic dyes incorporate into lipid membranes and diffuse
laterally to fluorescently label entire cellular membranes. When

https://zebrafish.org/home/guide.php
https://zebrafish.org/home/guide.php
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Fig. 2 Injecting lipophilic dyes into retinas of larval zebrafish. (a) A glass coverslip is secured at an angle on
stacks of spacer coverslips on a microscopy slide. (b) Larvae are laid against the coverslip or on top of the
coverslip to orient the eye toward the injection needle. (c) To label the RGC layer, the needle is inserted into the
space between the lens and the RGC layer and dye is injected

applied onto neurons, the dyes can diffuse along axons, allow-
ing for the visualization of these neuronal projections.

6. Shield stage is a distinct developmental timepoint characterized
by when the embryonic shield structure becomes visible. This
typically occurs 6 h post fertilization, but the timing can vary
depending on the temperature embryos are kept during early
development. PTU has been shown to negatively affect
enzymes other than the tyrosinase enzyme that drives produc-
tion of melanin, when added at or before 24 h post fertilization
[50–52]. However, in our protocol, we add PTU once
embryos reach shield stage to maximize the reduction of pig-
mentation. Ultimately, we observe robust RGC axonal
regrowth using our PTU conditions.

7. Take care to avoid adding additional anesthetic solution along
with larvae to the microcentrifuge tube of low-melt agarose, as
to not greatly dilute the concentration of low-melt agarose.
Once larvae are added, gently mix the low-melt agarose by
pipetting up and down to prevent larvae from settling for too
long at the bottom of the tube and to homogenize the
low-melt agarose and anesthetic solution. Briefly rinse the
pipet by pipetting E3 medium after transferring larvae to pre-
vent low-melt agarose from solidifying in the pipet.

8. Pipet and orient about one to three larvae into each dome of
low-melt agarose. When transections are efficient, as many as
about 20 larvae can be mounted at a time on the microscopy
slide to be transected. When orienting the larvae in the
low-melt agarose, use a probe to gently push the larvae into
the dome of agarose all the way down to the microscopy slide
to keep larvae secured deep within the low-melt agarose dome
during transections.

9. This will prevent larvae mounted in low-melt agarose from
drying out and help to visualize the larvae during the
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transection. However, too much anesthetic solution can cause
the low-melt agarose to lift off from the microscopy slide. Only
just moisten the low-melt agarose and avoid getting anesthetic
solution beneath the agarose.

10. Depending on your handedness or personal preference, the
orientation of the larvae and needle as you perform the tran-
section can vary. The person performing the transections in
Fig. 1e0–h0 is left-handed and inserts the needle from the left.
Determine with practice the best angle for yourself to insert the
needle into the larvae to get efficient transections.

11. For robust regeneration, it is critical that the location of the
transection not be exactly where the RGC axons exit the eye,
but distal to the region where RGC axons exit the eye and
proximal to the optic chiasm.

12. For robust regeneration, try not to displace the RGC axons
from their original path while performing the transection.

13. Larval lethality during optic nerve transection is most com-
monly caused by an overly aggressive injury with the tungsten
needle. Take care to not insert the needle too deeply or multi-
ple times. Use very precise movements.

14. The tungsten needles are not significantly dulled from
performing transections. More often the needle becomes
bent or dulled by accidentally touching a hard surface. For
efficient transections, consider replacing bent or dull tungsten
needles for new sharp needles.

15. Transection throughput increases with practice. A person who
is experienced in performing transections can mount in
low-melt agarose, transect both optic nerves, and remove
from the low-melt agarose an average of about 20 larvae in
an hour, mounting about one to three larvae in each dome of
low-melt agarose.

16. Completely transected nerves have no visible intact axons
remaining from the eye to the optic tectum. The degeneration
of RGC axons will cause the optic tecta to have marked reduced
fluorescence [49].

17. The immunostaining method to stain larvae was modified from
a protocol described previously [53].

18. Keep larvae in trypsin for no longer than 5 min on ice. Longer
trypsinization has been shown to deform the optic tecta [54].

19. Additional washes or longer durations in PBT can reduce
background signal from primary or secondary antibodies.

20. Completely removing all PBT from the larvae before adding
non-hardening antifade mounting medium such as Vectashield
(VectorLabs) can cause the larvae to shrivel and deform.
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Depending on how many larvae are stained in a microcentri-
fuge tube, keep about 50 μL of PBT in the tube and then add
about 100 μL non-hardening antifade mounting medium.

21. We have observed the GFP signal remain fluorescent after
fixing Tg(isl2b:GFP) larvae, allowing the GFP to be imaged
along with the lipophilic dyes.

22. Detergents will disrupt cellular membranes and prevent the
diffusion of lipophilic dye along axonal projections. It is critical
that larvae are not incubated in solutions with any detergents
when using lipophilic dyes to label RGC axons.

23. Make sure to obtain proper training to use your own specific
micropipette puller. Pulled capillary needles with short tapers
are best for injecting into retinas since longer tapers would be
too flexible and are more likely to bend before penetrating the
eye.

24. Take care to prevent touching the capillary needle with lipo-
philic dye to any PBS surrounding the larvae so as not to stain
any part of the larvae other than inside the retina.

25. Since the lipophilic dyes are dissolved in volatile liquids, the
capillary needle will dry and clog easily. Keep periodically eject-
ing from the capillary needle to prevent it from clogging. Avoid
breaking the capillary needle too much; otherwise, the volume
of lipophilic dye ejected may become too great.
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Chapter 11

Surgical Methods in Postmetamorphic Xenopus laevis:
Optic Nerve Crush Injury Model

Alexis M. Feidler, Hieu H. M. Nguyen, and Fiona L. Watson

Abstract

Many human optic neuropathies lead to crippling conditions resulting in partial or complete loss of vision.
While the retina is made up of several different cell types, retinal ganglion cells (RGCs) are the only cell type
connecting the eye to the brain. Optic nerve crush injuries, wherein RGC axons are damaged without
severing the optic nerve sheath, can serve as a model for traumatic optical neuropathies as well as some
progressive neuropathies such as glaucoma. In this chapter, we describe two different surgical methods for
establishing an optic nerve crush (ONC) injury in the postmetamorphic frog, Xenopus laevis. Why use the
frog as an animal model? Mammals lose the ability to regenerate damaged CNS neurons, but amphibians
and fish retain the ability to regenerate new RGC bodies and regrow RGC axons following an injury. In
addition to presenting two different surgical ONC injury methods, we highlight their advantages and
disadvantages and discuss the distinctive characteristics of Xenopus laevis as an animal model for studying
CNS regeneration.

Key words Optic nerve crush, Optic nerve injury model, Retinal ganglion cells, Regeneration,
Glaucoma, CNS regeneration injury model

1 Introduction

Optic nerve crush (ONC) injury paradigms in established animal
models are useful for studying traumatic optic neuropathies and
progressive neurodegenerative eye diseases. An optic nerve crush
injury is generated by manually severing the RGC axons in the optic
nerve without severing the optic sheath that surrounds the RGC
axons. Not only does the crush injury method provide a good tool
for studying regeneration and neural protection, but it also pro-
vides a useful model for studying the degenerative patterns that
occur during progressive neurodegeneration following a trauma.
Coupling disease and injury models with cell type-specific reporters
such as green fluorescent protein (GFP) under control of an
RGC-driven promoter such as Thy-1 in mammals or islet 2b in
amphibians is particularly helpful as it provides a way to visually
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track RGC loss, axonal damage, and any subsequent regrowth in
relation to specific molecules of interest [1, 2]. Amphibians and
other anamniotes are able to regenerate axons within their optic
nerve well into adulthood, thus providing a useful model to study
the mechanisms and genetic programs that govern the processes of
regeneration, degeneration, and neural protection from cell death
[3]. The South African clawed frog, Xenopus laevis, is particularly
well suited as an animal model for regenerative studies because
following metamorphosis from its larval form into its limbed
adult form, this animal loses its capacity to regenerate all its CNS
neurons with the exception of those in the retina [4]. This unique
postmetamorphic partial loss of CNS regenerative capacity high-
lights how the ONC injury model in Xenopus can serve to answer
some of the most fundamental questions in regeneration within the
same species as well as between species.
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Here we provide a stepwise methodological description of two
different optic nerve crush injuries in postmetamorphic Xenopus
laevis. While the two methods differ in their surgical approach, in
both ONC injuries, we use forceps to squeeze the optic nerve and
sever the RGC axons without penetrating the optic sheath sur-
rounding the nerve. The ventral or buccal ONC surgery requires
the crushing forceps to approach the optic nerve ventrally through
a cut in the buccal cavity [5]. Using this approach, the optic nerve is
crushed 3–5 mm from the optic disc, a location midway between
the optic chiasm and eye orbit. The dorsal ONC surgery requires
the crushing forceps to approach the optic nerve dorsally through a
cut in the conjunctiva surrounding the eye [6]. This surgery is most
similar to injury models of glaucoma performed in mice and zebra-
fish [7, 8]. In this dorsal ONC surgery, the conjunctiva is carefully
and partially cut away from the eye and the eye is rolled/tilted
forward, while a crush is made approximately 2 mm from the
optic nerve head. One advantage of the ventral/buccal ONC sur-
gery is that it produces long nerve sections both distal and proximal
to the crush injury that can be easily harvested and imaged. How-
ever, the ventral/buccal ONC surgery is more variable in terms of
the distance of the crush injury from the optic nerve head, a
variability that is likely attributed to individual differences in the
blood vessels used as landmarks for initiating the first cut combined
with variability in overall differences in individual frog size. In
addition, because the distance from the ON head cannot be
measured precisely until the experimental endpoint, it can be diffi-
cult to locate the site of the ONC injury in post-injury frogs with
longer recovery time points because the RGC axons have regener-
ated. This issue is of particular concern for studies interested in
tracking regrowth events occurring locally at the ONC injury site.
The dorsal ONC surgery generates a more consistent and repro-
ducible crush in terms of the distance from the ON head regardless
of the frog size. One disadvantage is that these surgeries are more



difficult to perform due to the smaller surgical incision, the pres-
ence of increased vasculature at the surgical area that must be
avoided, and the possibility of stretching the optic nerve when the
eye is rolled forward. Regardless of the surgical approach adopted,
working with transgenic animals expressing a GFP reporter in RGC
axons provides the opportunity to easily verify the crush by visually
observing a loss of fluorescence in the axons at the crush site at the
time of the ONC injury (see Fig. 1b, b′). A loss of GFP fluorescence
in the axons at the optic chiasm (see Fig. 1c, c′) and in the optic
tectum can provide additional validation at the experimental end-
point (see Fig. 1d, d′). Finally, the experimental design and surgical
controls merit thoughtful consideration. While individual eyes con-
nect exclusively with the contralateral optic tectum in fish and frog,
cross talk between the eyes exist and use of the unoperated eye as a
control should, when possible, be avoided [9]. Because Xenopus
laevis relies on post-injury neural protection mechanisms and
regrowth of damaged RGC axons instead of neurogenesis to
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Fig. 1 GFP fluorescence can be used to identify the optic nerve and validate success of the ONC injury. Forceps
are used to crush the retinal ganglion cell axons without severing the optic nerve sheath or damaging the
blood supply. Representative images from a ventral ONC surgery show an intact optic nerve from a Tg(islet2b:
GFP) transgenic frog taken using a standard stereoscopic dissecting microscope with white light (a), under
fluorescence (a′), and following a 3 s ONC injury under white light and fluorescence, respectively (b, b′).
Transgenic frog lines expressing endogenous GFP in RGC axons are useful for tracking RGC axon regrowth. In
the intact frog, axons can be imaged along the nerve (b, b′), at the optic chiasm (c, c′), and in the tectum (d, d
′). Representative images using an epifluorescence dissecting microscope of a naı̈ve (c, d) and post-ONC
injury day 7 (c′, d′) frog brain show the dorsal side of the optic tectum with the optic chiasm visible (c, c′) and
the ventral side of the optic tectum showing entry of the RGC axons into the tectal area (d, d′). By post-ONC
injury day 7, GFP is no longer visible in the RGC axons in the right optic nerve chiasm (c′) or tectum (d′). Scale
bars = 1 mm (a–b′) and 2 mm (c–d′) (see Note 1)



restore sight, including both naı̈ve (no surgery) and sham (received
an ON surgery without the crush injury) sibling animals will pro-
vide the controls necessary to tease apart the inflammatory and
immune effects related to the surgery from those related to
regeneration.

208 Alexis M. Feidler et al.

2 Materials

1. Adult Xenopus laevis (see Note 1).

2. Forceps Dumont #55, straight.

3. Forceps Dumont #5/45, angled.

4. Forceps Dumont #5, straight.

5. Scalpel handle.

6. Scalpel blades #11.

7. Vannas-Tübingen spring scissors (iris scissors).

8. Insect pins size 000.

9. Dissecting pins.

10. Vinyl, rubber or silicone dissecting pad (~15 cm × 10 cm) (see
Note 2).

11. Surgical foam, medical gauze, or paper towels (pre-cut into
0.2 cm2) (see Note 3).

12. Anesthesia tank or container (see Note 4).

13. Recovery tanks (~11 cm × 20 cm) (see Note 5).

14. Paper towels.

15. Plastic ruler (15 cm).

16. 10× MMR: 1 M NaCl, 20 mM KCl, 10 mM MgSO4, 20 mM
CaCl2, 50 mM HEPES (pH 7.8) in RO water. Adjust solution
to pH 7.4 using 5 N NaOH (see Note 6).

17. 0.1×MMR: Prepare a 100-fold dilution of the 10×MMR stock
using RO water. Adjust the solution to pH 7.4 using 5 N
NaOH (final concentrations: 0.01 M NaCl, 0.2 mM KCl,
0.1 mM MgSO4, 0.2 mM CaCl2, 0.5 mM HEPES) (see Note
6).

18. 10× anesthesia: 0.5% Ethyl 3-aminobenzoate methanesulfo-
nate (MS-222/tricaine). Prepare a 0.5 g per 100 mL of 0.1×
MMR. Adjust solution to pH 7.4 using 5 N NaOH. Initially
this solution is very acidic. Adjust the pH slowly as it tends to
jump quickly as you pass pH 4.5.

19. Xenopus adult 5× anesthesia: Prepare a 5× strength anesthesia
by diluting a 10× anesthesia twofold using 0.1× MMR or RO
water. Verify that the pH is maintained near 7.4. Store at 4 °C.
This anesthetic can be reused.
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20. Recovery solution: Prepare a solution of 0.1× MMR and
autoclave.

21. 1× PBS: 137 mM NaCl, 2.7 mM KCL, 10 mM Na2HPO4,
1.8 mM KH2PO4, 1 mM CaCl2, 0.5 mM MgCl2.

22. Stereoscopic dissecting microscope (see Note 1).

23. Dual gooseneck microscope illuminators.

3 Methods

3.1 Anesthetization 1. Fill anesthesia tank or container with Xenopus adult 5× anes-
thesia (see Note 4).

2. Place the frog in the anesthesia tank until fully immersed and
immediately cover the top with a lid to avoid escape.

3. Prepare a recovery tank containing 1–5 cm optimized frog
water or 0.1× MMR for postsurgical recovery (see Note 5).

4. Leave the frog in Xenopus adult 5× anesthesia until the frog is
fully unresponsive to a toe pinch.

5. When the frog is fully anesthetized, measure and record its
length from cloaca to snout by removing the frog from anes-
thesia and placing it ventral side down on a ruler (see Note 7).

6. Proceed to either the ventral/buccal surgery (Subheading 3.2)
or the dorsal surgery (Subheading 3.3).

3.2 Ventral or Buccal

Optic Nerve Crush

Injury

1. Become familiar with the anatomy of the adult frog eye (see
Note 8).

2. Determine whether the right or left eye will receive an ONC
injury (see Note 9).

3. Place frog’s ventral side up on a flexible rubber, vinyl, or
silicone mat with the frog’s head facing the researcher (see
Fig. 2a).

4. To prevent the frog’s skin from drying out, drape a wet paper
towel pre-soaked 0.1× MMR or optimized frog water and
cover the frog’s entire body leaving only the head exposed.
Use a plastic transfer pipette to periodically wet the frog’s
ventral side with frog water to maintain moisture in their skin
(see Note 10).

5. Place sturdy dissecting pins on either side of the frog’s head on
each side of the jaw and stake them to the mat near the jawline
(see Fig. 2a).

6. Gently thread one thin insect pin (size# 000) through the skin
of frog’s lower jaw. (see Fig. 2a).

7. To expose the top of the buccal cavity and hold the mouth
open with the lower jaw out of the way, tether the horizontal



insect pin attached to the lower jaw using the two dissecting
pins (see Fig. and Note 11).2a, b
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Fig. 2 Ventral/buccal ONC surgery (right ONC). The frog is placed ventral side up on a vinyl dissecting mat (left
and right refer to the frog’s orientation) (a). A simple three-pin placement stabilizes the frog to provide access
to the buccal cavity (a). The vasculature (red) running parallel to midline (dashed line) and the creases in the
buccal dermal tissue surrounding the buccal cavity (black lines) emanating from the internal nares (black
ovals) provide landmarks to inform the position of the initial surgical incision (b, c). A scalpel can be used to
make a shallow incision, and blunt forceps (#5) are used to lift the dermal tissue and expand the incision
without damaging the underlying tissue (d). A diagram shows the location of the eyes (red), tendons (yellow),
and optic nerve sheath (green) containing the RGC axons with the overlying vasculature (e). Note that as the
optic nerve crosses through the bones of the skull into the brain, the thick optic nerve dural sheath is absent
(e). The RGC axons from each eye cross at the optic chiasm and synapse with tectal cells in the optic tectum
which lies on the underside of the brain. Note that the optic nerve is no longer surrounded by the optic sheath
upon entry into the skull (e). Panel f, left of midline, shows the fat and muscles located beneath the buccal
dermal layer, while to the right of midline a dissection with the fat and muscles removed reveals the optic
nerves and tendons (f). Panel g shows a close-up of the optic nerve (ON), tendons (t1, t2), vasculature (vasc.),
and eye. Scale bar = 1 mm (see Note 7)

8. Using the midline as a guide to distinguish left and right, locate
the two prominent blood vessels in the dermal layer at the
surface of the buccal cavity (see Fig. 2b, c).

9. In this dermal layer, locate the creases that extend along the
jawline from the internal nares (see Fig. 2c).

10. Between the buccal creases and the vasculature that runs paral-
lel to midline, use the scalpel to make a small shallow incision
through the dermal layer (see Fig. 2c).

11. Use the forceps to hold pre-cut pieces of surgical foam and
absorb any liquid from or near the wound (see Note 12).

12. Using the #5 blunt-ended forceps, expand the incision area by
inserting the closed forceps into the slit and gently releasing the
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forceps to expand the incision area. Open and close the forceps
gently several times to expand the incision area (see Fig. 2d and
Note 13) and continue to use surgical foam as required to
absorb any excess fluid.

13. Use a pair of forceps to gently remove any fat overlying the
optic nerve (seeNote 14). Continue to use the surgical foam to
absorb any excess fluid.

14. To locate the optic nerve lying beneath the muscles, use a pair
of #5 forceps to penetrate the muscle fibers and gently move
them aside along the length of the muscle fibers (see Fig. 2f—
compare left and right sides).

15. Once the optic nerve is located, switch to #55 forceps and
crush the optic nerve by squeezing the nerve between the tip
of the forceps and holding them closed for 5 s (see Note 15).

16. Proceed to Recovery and Postsurgical Care (see
Subheading 3.4).

3.3 Dorsal Optic

Nerve Crush Injury

1. Become familiar with the anatomy of the adult frog eye before
proceeding (see Note 8).

2. Determine whether the right or left eye will receive an ONC
injury (see Note 9).

3. Place frog’s dorsal side up on to a flexible rubber, silicone, or
vinyl mat with the frog’s snout facing the researcher.

4. To prevent the frog’s skin from drying out, immerse a paper
towel in optimized frog water or 0.1× MMR and cover the
frog’s entire body leaving only the head exposed (see Fig. 3a).
Use a plastic transfer pipette to periodically wet the dorsal side
of the frog with water to maintain skin moisture (seeNote 10).

5. Use the forceps in one hand to pull the eyelid and conjunctiva
upward (the conjunctiva is the membrane that lines the eye and
eyelid) (see Fig. 3c and Note 8).

6. At the same time, using a scalpel in your other hand, make a
small incision on the taught conjunctiva at the top of the eye
(see Fig. 3c).

7. Use either a pair of forceps or the scalpel to gently separate the
conjunctival membrane normally sealed to the eye by approxi-
mately 140°–180° around the eye, i.e., the top half of the eye
(see Fig. 3b, c and Note 16).

8. To examine the dermal layer beneath the skin, use iris scissors
to make a dorsal cut in the surface epidermal layer (i.e., the
skin) at a 45° angle relative to midline (see Fig. 3d and Note
17).

9. Examine the underlying dermal layer, and locate and avoid any
vasculature embedded within this layer (see Fig. 3e, f and Note
18).
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Fig. 3 Dorsal ONC surgery (left ONC). The postmetamorphic frog is placed dorsal side up on a dissecting mat,
and pins are placed on either side of the head to limit movement (left and right refer to the frog’s orientation)
(a). Forceps and/or a scalpel is used to tease away the conjunctival tissue of the eyelid 180° around the eye
(b, c). A pair of iris scissors are used to first cut the skin at a 45° angle to midline (d) to locate the vasculature
(vasc.) in the dermal layer beneath the skin (e, f). The dermal layer underlying the skin is then cut while
avoiding the vasculature so as to expose the eye cavity behind the eye (e). As surgical skills improve, the
dermal layer will no longer need to be cut and forceps can be inserted between the eye and dermal layer and
used to widen the gap. Blunt forceps are used to gently move the musculature, while a second pair of forceps
is used to grasp the conjunctiva above the eye and roll/tilt the eye forward and to the side in order to expose
the optic nerve (ON green) which is attached to the base of the eye (e, f). While holding the eye forward with
one hand, with the other hand, use sharp #55 or #5/45° angled forceps to crush the optic nerve (ON) for 3 s
approximately 2 mm from the eye orbit (e). Crushing the nerve from an angle beneath the optic nerve helps
ensure the eye vasculature remains intact. The eye diagram in panel f illustrates the movement of the eye
rotation, the optic nerve inside the ON sheath (green), and the eye blood vasculature (red). Scale bar = 1 mm
(see Note 7)

10. Slip the tip of the iris scissors or sharp forceps between the
dermal layer and the eye and widen the space between the
dermal layer and the eye (see Fig. 3d and Note 19).

11. Use a pair of #55 forceps to grasp the conjunctiva and gently
roll the eye forward and away from the nasal cavity. This will
open the cavity behind the eye and reveal the optic nerve which
is located deep at the base of the eye (see Fig. 3e, f and Note
19).

12. If the rectus muscles overlying the eye are obscuring the optic
nerve, use blunt-ended forceps in your other hand to penetrate
through the layer of muscle fibers and gently move these aside
until the optic nerve can be revealed.

13. While maintaining a grasp on the conjunctiva, switch to a pair
of sharp 45° angled #55 forceps.

14. Extend the angled forceps into the space behind the frog eye,
straddle the optic nerve with the tips of forceps, and squeeze
the optic nerve 2 mm away from the optic nerve head firmly for
5 s (see Note 20).
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15. Once the optic nerve is crushed, tilt the eye forward again to
verify the ONC injury (see Fig. 1 and Note 21).

16. Use the forceps to gently tip the eye back into the eye socket
and return the skin to cover the wound (see Note 22).

17. Proceed to Recovery and Postsurgical Care (see
Subheading 3.4).

3.4 Recovery and

Postsurgical Care

1. After the surgical procedure is completed, rinse the frog in a
bath of optimized frog water or 0.1× MMR to remove any
residual anesthesia from the frog’s skin.

2. Place the frog in a recovery tank prepared with sufficient opti-
mized frog water or 0.1×MMR to partially immerse frog while
leaving its snout and nares exposed to air.

3. Drape a wet paper towel over the frog leaving its snout exposed
to air (see Note 5).

4. Once the frog recovers from anesthesia and is able to move in
response to touch, remove the paper towel and either fill the
tank completely with water so the frog is fully immersed or
move the frog to a maintenance tank.

4 Notes

1. Useof all animal experiments should be carried out in accordance
with procedures approved by the Institutional Animal Care and
Use Committee (IACUC). The frog genotype should be care-
fully considered. Wild-type (non-transgenic) frogs can be
acquired with naturally pigmented green skin or as albinos
which lack the pigmentation in the skin, chromatophores, and
the black retinal pigment epithelium (RPE) of the retina. The
optic nerve sheath of naturally pigmented frogs is covered in
chromatophores and thus facilitates the identification of the
optic nerve. However, these chromatophores change in size
and location and, if not removed during the dissection, can
obscure fluorescence imaging of axonal RGCs in the optic
nerve and tectum. To circumvent this problem, albino Xenopus
are often used to facilitate subsequent imaging of fluorescence in
the optic nerve and tectum. However, the absence of chromato-
phores in albino frogs necessitates the use of additional anatomi-
cal landmarks to distinguish the optic nerve from the tendons (see
Note 8). Use of transgenic animals expressing GFP in the retinal
ganglion cell (RGC) axons (Tg(Islet2b:GFP-Cyto)) can provide
many advantages: First, use of these frogs facilitates surgical
training as GFP expression in RGC axons can be used to readily
identify the optic nerve and allow the quality of the crush injury
to bemore readily verified at the time of surgery (see Fig. 1b, b′).
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Second, GFP fluorescenceinRGC axons terminating in the
optic tectum is lost by post-surgery day 7 and does not begin
to be expressed in the regenerating RGCs until post-surgery
day 35 [2]. Thus, in crush injuries between post-injury day
7 and 35, it is possible to examine the optic tectum (Fig. 1d, d′)
using a fluorescence dissecting microscope at the experimental
endpoint and quickly confirm whether the ONC was full,
partial, or failed. In addition to being able to exclude samples
that have not been fully crushed, this feedback helps refine the
surgical skills of the individual performing the crush injuries
and helps build the confidence necessary to achieve a 95–100%
surgical success rate. Third, the GFP in degenerating RGC
axons appears as large green puncta in the RGC axons extend-
ing from the crush site to the tectum. Used in conjunction with
other molecular reagents such as in situ probes or antibodies to
study regeneration, this punctate pattern can provide valuable
feedback during the imaging phase of experiments. While the
use of transgenic frog lines can be advantageous, visualization
of fluorescence requires a fluorescent stereoscopic dissecting
microscope, a cost that can be prohibitive. Published trans-
genic frog lines are fully characterized [2, 10] and available
upon request either from the author or purchased through
the National Xenopus Resource (NXR, RRID:SCR_013731,
http://www.mbl.edu/xenopus).

2. Use of a mat is particularly important for the ventral or buccal
ONC injury as dissecting pins are inserted into the mat and
used to tether the mouth open. Thus, the mat should be thick
enough to hold large dissecting pins vertically and withstand
sufficient pressure to hold the jaw open.

3. Surgical foam is preferable to paper towels or gauze as a very
small amount of surgical foam can absorb more liquid than
paper towel or gauze and does not shred.

4. For small- to medium-sized adult frogs (cloaca to snout lengths
up to 8 cm), a 500 mL plastic beaker filled with anesthesia is
sufficient. The beaker should be placed in a lidded secondary
container to help contain any anesthesia splashed by the frog.

5. To avoid any possibility of drowning while the frogs are fully
anesthetized, prepare a recovery tank with sufficient water to
partially immerse the frog without immersing its external nares
in the snout. After the surgery, immediately rinse the frog in a
container of water to remove any residual anesthesia, and place
the frog in the recovery tank. To keep the frog’s skin moist,
drape a wet towel over its body making sure that the head is not
covered.

http://www.mbl.edu/xenopus
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6. Reverse osmosis (RO) water or other filtered water that
removes chlorine and other chemical contaminants must be
used to make reagents in which frogs will be immersed. If
available, water optimized for frogs with water parameters
that include pH and conductivity [11] can be used in lieu of
0.01× MMR.

7. Placing a ruler atop of a clean rubber/vinyl mat in a tray limits
water puddling in the lab.

8. Frog anatomy: The surface of the buccal cavity consists of a
dermal layer (see Fig. 2b, c) beneath which the sclera, the tough
opaque outer layer of tissue protecting the eye orbit, can be
seen (see Fig. 2e, f left of midline). The sclera of the eye transi-
tions posteriorly into the optic nerve dural sheath, a thick and
tough sheath containing the optic nerve that extends from the
back of the eye to the skull (see Fig. 2e–g). In the area between
the skull and eye, two tendons (ligaments) can also be
observed. These tendons can be distinguished from the optic
nerve based on their attachment sites and their appearance. The
tendon of membrana nictitans (t1) overlays the base of the eye
and can be easily avoided as it is oriented perpendicular to the
optic nerve (see Fig. 2f, g). A second tendon (t2) runs at a
parallel angle to the optic nerve but extends beneath the optic
nerve sheath (see Fig. 2e–g). Tendons can also be distinguished
from the optic nerve based on their coloring and texture.
Typically, tendons appear opaque (white with a yellowish
tint), whereas the optic nerve sheath of frogs with natural
green pigmentation is opaque (white with a gray tint) and is
covered with chromatophores, making the optic nerve easily
distinguishable from the tendons. A large blood vessel is
located at the surface of the optic sheath and can be used to
further distinguish the optic nerve from the tendons. To facili-
tate fluorescence imaging of the optic nerve and tectum during
the analysis phase of the experiment, albino frogs are often used
instead of naturally pigmented frogs because the chromato-
phores are absent. Performing ONC injuries on albinoXenopus
requires additional skill because the identification of the optic
nerve relies primarily on anatomical landmarks and differences
in tissue coloration and texture. Increasing the magnification of
the dissecting microscope along with practice will help in the
identification of optic nerves lacking chromatophores. In addi-
tion to the tendons, a layer of fat and muscles (rectus muscles)
are attached to the eye. The muscles are anchored to the bones
and sclera at either end and surround the optic nerve (see Fig. 2f
left eye). These muscle fibers appear as white translucent
fibrous tissues and readily distinguishable from the optic
nerve, while the fat appear as large fatty globular cells.
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9. It is critical to define the left and right optic nerve. Typically,
the left optic nerve is defined as the frog’s left side when it is
lying on its ventral side facing away from the researcher (see
Figs. 2a and 3a). The choice of which optic nerve to crush is
important as all subsequent experiments will likely be per-
formed on this same side. The choice will largely depend on
the skill of the individual(s) performing the surgeries and
whether this individual is right- or left-handed.

10. The frog skin is very delicate and should remain wet/moist at
all times. Periodically monitor the skin of the frog. If the
surgery is taking longer than a few minutes, use a plastic
transfer pipette to wet the towel overlaying the frog to avoid
drying of the skin. Instead of draping the frog with a wet towel,
the frog can be wrapped in a wet towel with its head poking out
of the towel “envelope.”

11. A thick vinyl or rubber mat can help anchor the dissecting pins
securely to the mat. Anchoring the pins to the mat is especially
important since the thin horizontal pin will be used to wedge
open the mouth and can strain the vertical dissecting pins (see
Fig. 2a).

12. Depending on the size of the wound, a significant amount of
fluid can accumulate in the space overlying the optic nerve
making the optic nerve hard to locate. Use forceps to hold a
small pre-cut piece of surgical foam to absorb the excess fluid.
This procedure may have to be repeated until all the excess fluid
is removed.

13. As you expand the incision area using the forceps, lift the
dermal layer so as not to damage any of the underlying tissues
(Fig. 2d). An improvement of the surgical skills will lead to a
decrease in the incision size. Depending on the size of the
frogs, the incision can expand up to 0.5–1 cm in length.

14. Large adult frogs have more fat than newly metamorphosed
juvenile frogs. The fat can lie atop of the optic nerve within the
muscle fibers making it difficult to locate the optic nerve. The
fat can be readily distinguished from the muscle as it appears as
large fatty globules, while the muscle appears as long thick
fibrous tissue. Partial removal of the fat may be required to
locate the optic nerve. The fat, easily removed using forceps,
will not lead to any bleeding. There will however be an accu-
mulation of fluid which can be absorbed using surgical foam.

15. Squeezing the optic nerve will also temporarily squeeze the
vasculature supplying blood to the retina. The RGC axons are
fragile and can be severed without damaging the optic nerve
sheath or the overlying vasculature. The blood supply to the
eye should resume following the optic nerve crush. The crush
requires a balance of sufficient force to sever the axons without
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permanently damaging or tearing the overlying blood supply
or damaging the optic nerve sheath. If the vasculature rup-
tures, abort the surgery as the retina will be damaged due to
prolonged lack of blood supply and/or pooling of blood. At
the experimental endpoint, a quick examination of the retina
can exclude any retinae that have either been damaged by too
much blood or a lack of blood.

16. Clearing the conjunctival membrane surrounding the eye facil-
itates tilting the eye forward. However, do not exceed cutting
the conjunctival tissue from the eye more than halfway around
the eye (180°). Clearing the tissue surrounding the entire eye
can lead to the loss of the entire eyeball during the recovery
period.

17. The frog skin is supplied by many small blood vessels. These
can be easily seen and avoided in the skin of the albino frog but
may be more difficult to see and avoid in naturally pigmented
frogs. As the skill of the surgery is mastered, this dorsal optic
nerve crush surgery can be performed without the need to cut
the skin (as shown in Fig. 3d). Instead, once the conjunctiva
between the eye and dermal layers is cut, the skin can simply be
pulled back and the forceps are inserted directly into the gap
behind the eye to access the optic nerve (see Note 20). If a
blood vessel is cut, use forceps to apply pressure to the wound
using small pre-cut pieces of surgical foam. The bleeding will
not be excessive and should not interfere with the surgery.

18. The dermal layer beneath the skin is highly vascularized. A
large blood vessel that is part of a larger network of blood
vessels is oriented along the perimeter of the top of the eye
and is embedded into the dermal layer (see Fig. 3e, f). It is
critical to avoid the vasculature in the overlying dermal layer as
blood from these blood vessels can flood into the area sur-
rounding the eye and seep into the exposed eye cavity making it
difficult to locate the optic nerve. If this occurs, surgical foam
may be used to apply pressure to the wound to stop the
bleeding. However, if the bleeding persists or if the cavity
behind the eye is filled with blood, we recommend aborting
the surgery because the excessive blood may damage the retina
and compromise the experiment.

19. The iris scissors or forceps can be inserted between the dermal
layer and the sclera surrounding the eye without damaging the
dermal vasculature. Once inserted, release the forceps or iris
scissors to widen the gap between the sclera and the dermal
tissue. The gap should be sufficient to peer into the cavity and
locate the optic nerve once the eye is tilted forward.
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20. The optic nerve is located at the base of the eye (towards the
frog’s ventral side) opposite the lens so the optic nerve cannot
be accessed without rolling the eye forward. Because the optic
nerve is located so deep, it can be difficult to see. It is important
to distinguish between the optic nerve and the tendons (see
Note 8). Depending on the size of the frog, the optic nerve
may be obscured by the rectus muscles attached to the eye. In
small juvenile frogs, there is little fat and the nerve can be
readily identified. In large adult frogs, locating the nerve is
more difficult as the nerve may lie beneath the musculature
and fat. Tip the eye forward and angle the eye away from the
snout and examine the area carefully. Leaving a small amount of
conjunctival tissue above the eye can be useful to help grasp the
eye to roll the eye forward. Switch between the low- and high-
powered magnification to help locate the optic nerve and
visualize the crush. If the rectus muscle attached to the eye
obscures the optic nerve, use the forceps to penetrate and move
aside the muscle along the length of the fiber so as to minimize
any muscle fiber damage. Use the forceps to open a space
leading to the back of the eye. This part of the surgery requires
practice as it can be tricky to hold the eye tilted forward; see the
optic nerve and perform the crush. Visualizing the optic nerve
at the same time as manually crushing it without making a large
surgical incision is the most challenging part of the surgery.
When learning to perform the optic nerve crush injury, we rely
on visual confirmation of the crush. Thus, the initial crushes
may have large injuries. As this technical skill is mastered, one
can visually identify the nerve and then switch to using the
tactile senses to accurately position the forceps around the
nerve and then crush it using the tips of the forceps without
the need for cutting the dermal layer. After the crush, tip the
head forward to validate the crush. This skill will improve until
the individual performing the surgery can visually see the optic
nerve, hold the eye in situ, and rely on the tactile senses to
“feel” the location of the optic nerve with the forceps and
perform the crush. Inserting a wet paper towel that has been
tightly rolled up into a cylindrical shape into the frog’s mouth
can project the eye outward and make it easier to locate the
optic nerve. Use the tips of the forceps to squeeze the nerve. Be
consistent in terms of the position of the tips used to squeeze
the nerve, the time, and the distance from the eye as these
parameters can increase experimental variability.

21. A successful optic nerve crush should appear as a translucent
and flattened stretch of nerve (see Fig. 1a, a′). In transgenic
frogs expressing GFP in RGC axons, a break in the fluorescence
at the site of the crush injury should be visible (see Fig. 1b, b′).

22. The skin heals nicely of its own accord without any incidences
of infection.
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Chapter 12

Generating Widespread and Scalable Retinal Lesions
in Adult Zebrafish by Intraocular Injection of Ouabain

Diana M. Mitchell and Deborah L. Stenkamp

Abstract

Zebrafish regenerate functional retinal neurons after injury. Regeneration takes place following photic,
chemical, mechanical, surgical, or cryogenic lesions, as well as after lesions that selectively target specific
neuronal cell populations. An advantage of chemical retinal lesion for studying the process of regeneration is
that the lesion is topographically widespread. This results in the loss of visual function as well as a
regenerative response that engages nearly all stem cells (Müller glia). Such lesions can therefore be used
to further our understanding of the process and mechanisms underlying re-establishment of neuronal
wiring patterns, retinal function, and visually mediated behaviors. Widespread chemical lesions also permit
the quantitative analysis of gene expression throughout the retina during the period of initial damage and
over the duration of regeneration, as well as the study of growth and targeting of axons of regenerated
retinal ganglion cells. The neurotoxic Na+/K+ ATPase inhibitor ouabain specifically offers a further
advantage over other types of chemical lesions in that it is scalable; the extent of damage can be targeted
to include only inner retinal neurons, or all retinal neurons, simply by adjusting the intraocular concentra-
tion of ouabain that is used. Here we describe the procedure through which these
“selective” vs. “extensive” retinal lesions can be generated.

Key words Regeneration, Retina, Zebrafish, Ouabain, Lesion, Central nervous system, Müller glia,
Eye, Intravitreal injection

1 Introduction

The zebrafish has emerged as an outstanding model organism for
the study of tissue regeneration. Zebrafish have the capacity to
functionally regenerate appendages, cardiac and skeletal muscle,
bone, the pancreas, the liver, hair cells of the lateral line, and tissues
of the central nervous system including the spinal cord, brain, and
retina (reviewed by [1]). In addition, zebrafish are amenable to
genetic manipulations, high-throughput screens, and the trans-
genic expression of molecule- and cell-specific fluorescent repor-
ters, permitting investigators to interrogate the mechanisms
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underlying regeneration and to visualize the regenerative process
(reviewed by [2]). Insights derived from tissue regeneration in
zebrafish are rapidly being applied to mammalian model systems
(reviewed by [3]), with the ultimate goal of translating this knowl-
edge for human therapeutics to treat human retinal disease and
trauma (reviewed by [4]).
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The study of zebrafish retinal regeneration in particular has
contributed to the key findings that the primary glial cells of the
retina—Müller glia—act as the stem cells that produce neural pro-
genitors that repopulate the retina with neurons lost due to the
original damage [5–9]. The field of zebrafish retinal regeneration is
currently focused upon understanding the genetic and epigenetic
changes that take place inMüller glia to promote regeneration [10–
19], the roles of the inflammatory response/microglia in regulating
regeneration [20–23], as well as the restoration of retinal architec-
ture [24–27], circuitry [28–30], and visual function [25, 26,
29]. To gain these and other advancements, and to facilitate future
objectives, investigators have incorporated a broad array of retinal
lesioning approaches, each with specific advantages for the
investigators’ aims.

In our laboratories, we use a chemical lesion approach to injure
the zebrafish retina with intraocular injection of the neurotoxin
ouabain [21, 22, 25, 26, 29, 30]. Our method was adapted from
that of previous investigators studying retinal regeneration in gold-
fish [31–33], carp [34], and trout [35] and has seen considerable
use by others who study zebrafish retinal regeneration [9, 24, 36,
37]. Ouabain is an inhibitor of the Na+/K+ ATPase enzyme found
in abundance on neurons [38], and the poisoning of this enzyme by
ouabain leads to death of retinal neurons [21, 24, 25]. Because
ouabain is injected into the vitreal chamber, this lesioning strategy
results in widespread destruction of retinal neurons, such that visual
function is measurably impaired [25, 26, 29]. A widespread and
tissue-disruptive lesion, rather than targeted destruction of a
selected cell type, or region of the retina [27, 28, 39, 40], facilitates
the quantitative evaluation of global transcriptional and protein
changes over time [26, 36, 41], the examination of inflammatory
responses [21, 22], the study of the restoration of retinal architec-
ture [24–26], circuitry [29, 30], and axon outgrowth and pathfind-
ing of the regenerated neurons [26] and permits the evaluation of
functional recovery with behavioral and electrophysiological ana-
lyses [25, 26, 29]. A further advantage to the use of ouabain for
chemical lesioning of the zebrafish retina is that it is scalable; a
reduced concentration of the injected ouabain solution results in
the destruction of fewer retinal neuronal layers [24–26], allowing
researchers to examine regeneration of selected cell types.
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2 Materials

2.1 Solutions 1. 0.4% MS-222 stock solution: Prepare a 0.4% (w/v) MS-222
stock solution by adding 0.8 g pharmaceutical grade tricaine
methane sulfonate (MS-222) to 4.2 mL 1M Tris–HCl, pH 7.5
buffer in ultrapure water (seeNote 1). In fish-safe glassware (see
Note 2), bring volume to 200 mL with ultrapure water. Adjust
the pH to 7.0 with 1 M NaOH added dropwise. Prepare
4.25 mL aliquots and freeze for future use.

2. Anesthetic solution: Prepare a fresh solution of 0.1% MS-222
(163 mg/L) by adding 4.25 mL of thawed, 0.4% MS-222
stock solution (4 mg MS-222/mL) to 100 mL of zebrafish
system water in a 250 mL glass beaker reserved only for zebra-
fish handling.

3. 6.5% (w/v) NaCl solution: Add 0.65 g of NaCl to a 15 mL
conical tube (or other appropriate fish-safe glassware; see Note
2), bring to 10 mL with ultrapure water, and mix until dis-
solved. Sterilize the solution by passing through a 0.22 μm
filter.

4. 0.65% NaCl solution: Add 1 mL of the 6.5% NaCl solution to
9 mL of ultrapure water and mix. Sterilize the solution by
passing through a 0.22 μm filter.

5. 2 mM ouabain stock solution: Prepare by adding 7.2875 mg
ouabain octahydrate to 5 mL ultrapure water (see Note 3 for
safety precautions). Sterilize the solution by passing through a
0.22 μm filter (see Note 2).

6. 200 μM ouabain solution: 200 μM ouabain, 0.65% NaCl.
Combine 1 mL of 2 mM ouabain stock solution with 1 mL
of 6.5% NaCl solution and 8 mL ultrapure water (see Notes 2,
3, and 4).

7. 40 μM ouabain solution: Prepare 1 mL of 40 μM ouabain by
mixing 200 μL of 200 μM ouabain solution with 800 μL of
0.65% NaCl solution (see Notes 2, 3, and 4).

8. Zebrafish system water: One or more 1–4 L tanks with system
water from the zebrafish facility will be needed for recovery of
each fish following the procedure.

9. 70% EtOH in a squirt bottle.

10. 100% ultrapure water in a sterile plastic beaker.

2.2 Supplies 1. Dial calipers.

2. Sapphire microknife (SS Handle, 13 cm, retractable with
0.75 mm blade).

3. Blunt-end 10 μL Hamilton syringe, 26 s gauge, point style
3 (Hamilton CAL80075 1701 N PT3, calibrated).
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4. Fish transfer net.

5. Nitrile gloves.

6. Plastic transfer pipettes.

7. Spoon for handling adult fish.

8. Plastic wrap.

9. Paper towels.

10. Kimwipes.

2.3 Equipment 1. Stereomicroscope, (5×, with 220 mm working distance objec-
tive is effective).

2. Fiber-optic light source to illuminate fish undergoing
procedure.

3. Micromanipulator, preferably a manual, bar-mounted 3-axis
coarse micromanipulator with additional X-axis fine control
(e.g., Narishige MN-153).

3 Methods

3.1 Preparation of

the Workspace

1. Protect stereomicroscope stage by covering it completely with
plastic wrap. Wet the paper towels with system water to provide
a damp surface upon which to place the anesthetized fish. Place
the paper towels on top of the plastic wrap on the microscope
stage.

2. Briefly create a vortex within the prepared ouabain solution to
ensure it is well mixed. Load the 10 μL Hamilton syringe with
either 40 μM or 200 μM ouabain solution, for selective or
extensive lesion. Ensure that there are no air bubbles.

3. Install the Hamilton syringe into the fine X-axis mount of the
micromanipulator. Micromanipulator should be set such that
this “X-axis” points the syringe tip downward at approximately
45° angle. Check the field of view from the oculars to ensure
that this view will encompass the size of the zebrafish head and
that the very tip of the syringe needle is visible. You will also
need to ensure that you are able to manipulate the syringe in
the X and Z direction sufficiently to allow smooth entry into
and out of the eye when injecting while maintaining an appro-
priate field of view.

4. Rinse the sapphire knife with 70% EtOH, allow to air-dry, close
it, and store in the plastic beaker of water or on a clean surface.

5. Prepare a fresh 100 mL of working concentration (163 mg/L)
MS-222 solution in system water, in a glass beaker specifically
for fish use.
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3.2 Intraocular

Injection of Ouabain

1. Using a fish transfer net, transfer a single zebrafish to the
MS-222 solution and allow it to remain there until spontane-
ous movement has ceased, opercular movement is not evident,
and the fish shows no startle response (does not move in
response to tapping the beaker). The fish should be anesthe-
tized within 30 s.

2. Transfer the fish, using the spoon, to the damp paper towel on
the microscope stage such that it is lying on its side. Orient the
fish with tail toward the micromanipulator (see Note 5 and
Fig. 1), with the eye to be injected facing upward, toward the
objective. Illuminate the eye with the fiber-optic light source.
Flush the fish briefly with MS-222 solution, using a plastic
transfer pipette.

3. Using the dial calipers, measure the eye’s diameter along the
dorsal–ventral axis, at its widest point. Record this diameter
and determine the volume of ouabain solution to inject based
on Table 1. These volumes are intended to result in final
intraocular concentrations of 2–4 μM for selective lesion and
10–20 μM for extensive lesion, depending on concentration of
the working solution used, and based upon calculations for the
spherical geometry of the eye [32, 42], and the results of pilot
studies for each investigator (see Notes 4, 5, and 6).

4. Depress the plunger of the Hamilton syringe until a small
droplet of liquid is visible at the tip of the needle, and then
absorb the droplet onto a Kimwipe, in order to expel any
trapped air from the needle.

5. Using the sapphire microknife (the sharpest edge is marked
with a black dot; see Note 7), make an incision in the cornea,
parallel with the dorsal–ventral axis of the eye, with the mid-
point of the incision between the center of the eye and the most
temporal point of the eye (see Fig. 1). The incision must be
deep enough to penetrate the zonule fibers/tissues separating
the anterior and posterior chambers but must not damage the
retina itself (see Note 8). Avoid cutting the iris.

6. Using the micromanipulator, introduce the tip of the Hamilton
syringe through the incision into the vitreal chamber. The tip of
the needle must be behind the lens and well into the vitreous
space in order to obtain consistent results (see Note 4). How-
ever, the needle must also not do direct damage to the retina.
This may require manipulating the syringe in both the X and Z
direction.

7. Inject the appropriate volume of ouabain solution, as deter-
mined upon eye diameter in step 3, Table 1. See Fig. 1 for
illustration of steps 5–7. Note that the eye may visibly increase
slightly in size due to the additional intravitreal volume.
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Fig. 1 Illustration of steps 5–7 (corneal incision–injection)

Table 1
Volumes of ouabain working stocks to inject, based upon eye diameter,
calculations from spherical geometry, and recent experience within our
laboratories

Volume to injecta

(using either 40 μM or 200 μM ouabain solution)

2.0–2.1 mm 0.4 μL

2.1–2.2 mm 0.48 μL

2.3 mm 0.64 μL

2.4 mm 0.72 μL

2.5 mm 0.82 μL
aFor selective lesion, use indicated volume of 40 μM working stock to obtain 2–4 μM
estimated intraocular concentration; for extensive lesion, use indicated volume of
200 μM working stock to obtain 10–20 μM estimated intraocular concentration (see
Note 4)

8. Wait 10 s, and carefully withdraw the needle. Wait another
10–30 s until the edges of the corneal incision realign, and
then transfer the fish to a tank of clean system water to recover
from the anesthesia (see Note 9).

9. If additional fish will be undergoing this procedure, wet the
sapphire knife and tip of the needle with 70% EtOH, allow each
to air-dry, and close and store knife in plastic beaker of ultra-
pure water or on clean surface in-between procedures.

3.3 Recovery 1. In the event that the fish does not resume opercular move-
ments, respiration can be assisted by gently passing a stream of
system water through the mouth and across the gills using a
plastic transfer pipette. The MS-222 will diffuse out of the
bloodstream and the fish will recover from anesthesia.
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2. If the fish shows external signs of damage, tetracycline (0.3 g/
L) may be added to the system water during recovery (see
Note 10).

3. Monitor fish for 2 h, checking every 30 min after the procedure
and before returning to the zebrafish facility (see Note 11).
Check on fish at least once daily for the first 5–7 days following
the procedure (see Note 12).

4. Eject any remaining ouabain solution from the syringe into a
small storage tube and dispose according to institutional envi-
ronmental health and safety guidelines (seeNote 13). Flush the
syringe with ultrapure water several times, and then with 100%
EtOH, and allow to dry, prior to storage.

5. Rinse the sapphire knife with 70% EtOH, and then with water,
close it, and then place into the water beaker for approximately
5 min. Rinse with 100% EtOH before storing.

4 Notes

1. Preparation of MS-222 stock from the crystalline solid requires
the use of nitrile gloves, protective clothing, chemical safety
goggles, and an N95 mask and should be done in a fume hood
or sealed container.

2. Detergent residues can adversely affect the gills and protective
external mucus layer of fish. Therefore, glassware used in pre-
paring solutions to be used with live fish should be washed only
with bleach and hot water, without the use of detergents, and
rinsed thoroughly.

3. Ouabain is a potent neurotoxin [38]. Preparation of the 2 mM
ouabain solution from crystalline solid ouabain requires the use
of an N95 mask. The 2 mM ouabain concentrated stock can be
stored in aliquots at -20 °C for up to 6 months, and then
thawed for later use in preparing fresh working dilutions.

4. The 40 μM Ouabain solution is for generating a “selective”
lesion that destroys inner retinal neurons but spares photore-
ceptors and glia, while the 200 μM working stock is for gen-
erating an “extensive” lesion that destroys all retinal neurons
but spares glia. Ours and other laboratories have reported the
use of a range of ouabain concentrations and/or injection
volumes that each reliably resulted in the desired type of dam-
age for a particular investigator [9, 21, 22, 24–26, 29, 30,
36]. The concentrations and volumes provided in Table 1 are
on the higher end of this range. A number of factors may
account for these apparent methodological inconsistencies,
including the following: Individual investigators may prefer
different needle tip positions within the eye, resulting in either
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more localized distribution of the injected ouabain, or injection
predominantly into the anterior chamber of the eye with lim-
ited availability to the retina. Such preferences may lead to
unreliable damage outcomes, localized damage rather than
widespread damage, and/or an apparent need to use higher
concentrations of the ouabain working solution. Additional
factors underlying this apparent methodological inconsistency
may be the commercial source of ouabain, variability in overall
eye size of adult zebrafish, and potential effects of background
strain on eye morphology, with investigators taking eye size-
related variability into account using different approaches. One
approach is to (i) assume the eye is close enough to spherical in
shape for the purposes of volume calculations, (ii) use a ratio of
lens to eye diameter of ~1:2 (e.g., [43], but note that axial
diameters, rather than external eye diameters, are provided in
this reference) to estimate lens diameter and then calculate lens
volume, and (iii) subtract lens volume from eye volume to
obtain intraocular volume into which the injected volume will
be diluted. These calculations also assume that injected ouabain
diffuses through intraocular tissues other than the lens
[32]. Note that this approach results in estimated intraocular
concentrations, which are subject to inaccuracies and potential
variability in outcome, as was previously observed for goldfish
intraocular injections [32, 35]. Therefore, we recommend that
each investigator establish, through sufficient pilot studies, the
concentration and volume of intraocular ouabain that reliably
results in the desired outcome—selective vs. extensive lesion,
using histological analyses. Analyses for extensive damage can
be seen in references [24–26]; analyses for selective damage can
be seen in references [21, 22, 24, 29], and some of these are
illustrated in Fig. 2. After pilot studies reveal appropriate and
reliable concentrations and injection volumes, investigators
may use the strategies described in see Note 12 and illustrated
in Fig. 3 for evaluating effective lesioning in live zebrafish for
subsequent experimental purposes.

5. Orientation of the fish and the direction of entry of the Hamil-
ton syringe needle will depend on investigator preference
(Fig. 1).

6. We recommend against the use of zebrafish with eyes smaller
than 2.0 mm in diameter. In our experience, injection of fish
with eyes smaller than 2.0 mm diameter results in highly
inconsistent lesioning results.

7. The tip of the sapphire microknife is fragile and must only be
touched to the zebrafish eye and nothing else.

8. It may help to hold the eye steady with sterile curved forceps
while making this incision. Holding the sapphire blade almost
perpendicular to the surface of the cornea, in a dorsal–ventral
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Fig. 2 Examples of verification of ouabain-mediated selective damage to inner retinal neurons of zebrafish
retina, using histological methods on fixed retinal tissues. (a, b). Verification using transgenic reporters (sws2:
mCherry + blue-sensitive cones and nyx::mYFP+ bipolar neurons; BP) and immunofluorescence (zpr1+ double
cones; DC), in undamaged control retina (a) and 3 days post-injection (dpi) with intraocular ouabain (b). Both
retinas (a, b) display mCherry+ (red) and zpr1+ (magenta) cone photoreceptors (PRs); undamaged control
retina (a) shows mYFP+ BPs (yellow) within the inner nuclear layer (INL), while these are missing at 3 dpi (b).
GCL, ganglion cell layer. (a and b were modified from Fig. 1 in McGinn et al. (2018) [29]). c, d. Verification
using hematoxylin and eosin (H&E) staining, at 3 days after intraocular saline (c) and 3 days after intraocular
ouabain (d). Both retinas show H+ PR layers (c, d). Saline control retina (c) also shows H+ (purple) INL and
GCL, and E+ plexiform layers, while these layers are considerably disrupted at 3 dpi ouabain (d), and instead
show pyknotic nuclei (asterisks). (c and d were modified from Fig. 6 in Mitchell et al. (2018) [21]). e, f.
Verification of widespread and consistent response to inner retinal damage across entire retina, using
immunofluorescence (glutamine synthetase+ Müller glia; L-plastin+ immune cells) and a nuclear label
(DAPI). Retina of saline-injected eye (e) shows DAPI+ (blue) retinal nuclear layers, radially organized
glutamine synthetase+ Müller glia (magenta), and occasional L-plastin+ (white) immune cells (e′), at 7 dpi.
Retina of ouabain-injected eye (f) shows a consistent, DAPI+ photoreceptor layer, disorganized inner retinal
layers, hypertrophied Muller glia, and increased numbers and changes in morphology of immune cells (f, f′, f″)
at 7 dpi. Immune cells can be seen within the optic nerve head (onh; f) and appearing in regions apical to the
retina (arrows in f′, f″), suggesting the invasion of immune cells from outside the retina. (e and f were modified
from Fig. 1 in Mitchell et al. (2019) [22])
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Fig. 3 Verification of extensive and selective lesions using anesthetized, sws2:
mCherry (a, b) transgenic fish, nyx::mYFP (c, d) transgenic fish, and an epi-
fluorescence stereomicroscope; images are views of the photoreceptor layer of a
control, undamaged retina (a), and a retina subjected to extensive lesion (b),
4 days post-injury, and of the YFP+ bipolar neurons of an undamaged control
retina (c), and a retina subjected to selective lesion (d), 3 days post-injury.
Images are views through the cornea and lens of the eye

orientation, will facilitate making the incision. The incision may
nick the iris of the eye. Such an incision facilitates visualization
of the incision site for introducing the Hamilton syringe, but
also increases the likelihood of bleeding, and should be
avoided.

9. Alternatively, flush the fish briefly with MS-222 solution, and
then turn the zebrafish onto its opposite side to repeat the
procedure for the contralateral eye. An example of when bilat-
eral retinal damage is needed is when one of the experimental
endpoints is a visually mediated behavior [25, 26]. As another
alternative, some investigators routinely inject the contralateral
eye with sterile saline as the within-fish control. Such an
approach requires a duplicated syringe and/or micromanipula-
tor arrangement to minimize the time that the fish is under
anesthesia and out of water, and any carryover of ouabain from
the loaded solution. For analysis of neurons, we favor the use of
an undamaged control eye for a number of reasons, including
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that a sham (saline) injection does inflict damage to other eye
tissues, and this damage can prompt cellular responses within
the retina of the control eye. However, for analysis of immune
responses including microglia, we prefer a sham (saline) single
eye injection control from separate fish.

10. In our experience, this has not been needed. However, Institu-
tional Animal Care andUse Committees generally indicate that
some treatment be available should the fish show external signs
of injury.

11. If space and equipment permit, the intraocular injection of
ouabain procedure can be done in a “procedures” area within
an animal facility. Our equipment is currently set up within a
research laboratory setting. Therefore, because the fish are
outside of the zebrafish facility for a few hours, when they
return, they must be housed separately from fish that only
remain within our main recirculating, monitored system. We
provide this separate housing in a freestanding recirculating
rack-and-tank unit that is independent of the main system
and is dedicated to regeneration studies.

12. Once a series of pilot experiments have confirmed the intended
damage outcome through histological assessment, intended
damage outcomes can be verified in subsequent experiments
in numerous ways, without the need to sacrifice the zebrafish
and obtain fixed tissues. The use of transgenic reporter lines
with fluorescent proteins in targeted retinal cell types will allow
the investigator to examine the retina of a live, anesthetized
zebrafish with an epifluorescence stereomicroscope [29, 30,
44]. For example, the sws2:mCherry; nyx::mYFP dual trans-
genic [45, 46] can be examined for the absence of the row
mosaic of mCherry+ blue-sensitive cones (Fig. 3a, b) and YFP+
bipolar neurons to verify extensive damage (vs. the presence of
these neurons in an undamaged contralateral eye). The same
dual transgenic can be examined for the presence of the row
mosaic [47] of mCherry+ cones and absence of YFP+ bipolar
neurons to verify selective damage (Fig. 3c, d). In our experi-
ence, 4 days post-injection (dpi) appears optimal for verifica-
tion of extensive damage, and 3 dpi appears optimal for
selective damage. Damage outcome may also be verified
through behavioral assays such as a place-preference assay
[26, 48] or escape-response assay [25]. These approaches
require that both retinas be damaged and cannot distinguish
between selective and extensive lesion. Alternatively, unilateral
retinal damage can be verified by the presence of an abnormal
dorsal light reflex (DLR)—the zebrafish will swim in a “tilted”
manner such that the lesioned eye appears to look upward
toward a source of downwelling light [25]. This approach
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also cannot distinguish between selective and extensive lesion
and is far easier to incorporate when using larger-bodied,
non-shoaling, and less active fish such as goldfish [33, 49].

13. As an example of institutional guidelines regarding safe dis-
posal of a toxic material such as ouabain, unused ouabain
solution is ejected into a small storage tube or bottle, labeled
with the contents and concentrations, labeled as toxic, assigned
a container number, investigator name and contact informa-
tion, sealed, and temporarily maintained within a designated
space of a fume hood. Solid waste (such as plastic tubes and
pipette tips) that were used with ouabain solutions are also
collected in a similar manner. Our Environment, Health, and
Safety (EHS) office provides us with stickers for entering this
information on each new container used. As additional experi-
ments are performed, we add more unused ouabain solution
into the same container, and either enter onto the sticker the
additional amounts and concentrations added or maintain a
separate log sheet for the container if there is insufficient space
on the sticker. When the container is nearly full, we submit a
waste collection request form to EHS and one of their person-
nel will come to the lab to pick up the waste for disposal.
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Chapter 13

A Reproducible Spinal Cord Crush Injury
in the Regeneration-Permissive Axolotl

Sarah Walker, Tiago Santos-Ferreira, and Karen Echeverri

Abstract

Following injury, axolotls are able to functionally regenerate their spinal cord, regaining both motor and
sensory control. In contrast, humans respond to severe spinal cord injury by forming a glial scar, which
prevents further damage but also inhibits any regenerative growth, resulting in loss of function caudal to the
injury site. The axolotl has become a popular system to elucidate the underlying cellular and molecular
events that contribute to successful CNS regeneration. However, the experimental injuries (tail amputation
and transection) that are utilized in axolotls do not mimic the blunt trauma that is often sustained in
humans. Here, we report a more clinically relevant model for spinal cord injuries in the axolotl using a
weight-drop technique. This reproducible model allows precise control over the severity of the injury by
regulating the drop height, weight, compression, and position of the injury.

Key words Axolotl, Spinal cord, Crush injury

1 Introduction

Spinal cord injuries are severely debilitating conditions that have
profound impacts on neurological function and quality of life. In
humans, traumatic injury to the spinal cord results in irreversible
neuronal cell death and damage, leading to the loss of motor and
sensory function [1]. The inability for humans to repair their spinal
cord has thus placed particular emphasis on understanding the
events that underlie neuronal repair and for developing clinically
relevant animal models to investigate spinal cord injury.

Unlike mammals, a few species are able to regenerate their
spinal cord following injury. In these regenerating species, two
models of spinal cord injury have been widely utilized, including
spinal cord transection [2–6] or tail amputation [7–9]. Although
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these techniques have offered valuable insight into the events
underlying spinal cord repair, amputation and transection are
often not reflective of spinal cord injuries sustained in humans.
These findings have thus emphasized the importance and require-
ment of a more clinically relevant spinal cord injury model.
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Several animal models of spinal cord injury have been devel-
oped to more accurately reflect injuries sustained in humans. In
non-regenerating mammalian systems such as mice and rats,
research efforts have focused upon crush or contusion injuries
[10, 11]. In contrast, tail amputation and spinal cord transection
remain prevalent in species capable of CNS repair [7, 2, 12,
13]. Recently, however, crush or contusion injuries have been
developed in both zebra fish [5] and the axolotl [14] to represent
a more relevant model for spinal cord injury in regeneration-
competent species.

The Mexican axolotl, known as a champion of regeneration,
exhibits a remarkable capacity for regenerative repair as an adult.
However, no studies to date have provided a detailed methodology
for spinal cord crush injuries in this species. Here, we present a
reproducible model for performing axolotl spinal cord crush inju-
ries. We utilize a weight-drop technique that enables precise control
over the age/size of axolotl, severity of injury (through drop
height, and mass), and the duration of the compression. In this
chapter, we also provide protocols for two downstream applications
following spinal cord crush injuries, including histological Acid
Fuchsin Orange G (AFOG) staining, which can be used to detect
scar formation, or RNA extraction to look at gene expression.

2 Materials

2.1 Axolotl Care 1. 40% Holtfreter’s solution: Dissolve 62 g reef salts, 4 g alkaline
buffer, 4 g calcium carbonate, and 0.7 g acid buffer into 1 L of
deionized water. Add the 1 L salt solution into a 40 L carboy
and fill to a final volume of 40 L with deionized water. Adjust
the pH within 7.0–8.0 range.

2. 10% benzocaine stock: Dissolve 10 g of benzocaine in 100 mL
of absolute ethanol (seeNote 1). Dilute the 10% stock to 0.01%
working solution using 40% Holtfreter’s solution (seeNote 2).

2.2 Weight Drop

Apparatus for Spinal

Crush Injury (Fig. 1)

1. Weights: For our apparatus, we use weights with a length of
2 cm, whereas the height varies depending on the mass. While
we primarily use a 10 g weight in experiments, heavier weights
also fit into the apparatus, including 20 g and 50 g.

2. Plastic cap for weights.

3. Filter paper or paper towels.
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Fig. 1 Spinal cord crush injury model. (a) Apparatus to control the drop height
(indicated in cm on drop column). Arrow indicates original placement of the
weight into the drop column (DC). (b) Approximate size of weight that fits into the
drop column. (c) Plastic cap used on the weight to disperse the impact and
prevent piercing through the tissue

4. Rope attached to the weight to lower it to the apparatus—
length can be variable.

2.3 Visualization of

Lesion Site Using AFOG

Staining

1. 1× phosphate buffered saline (PBS), pH 7.4.

2. 4% paraformaldehyde: Weigh 2 g of paraformaldehyde powder
into a 50 mL conical tube. Add 50 mL of 1× phosphate
buffered saline (PBS), and incubate at 60 °C until the powder
has dissolved. Shake the tube periodically to help the powder
into solution. After the paraformaldehyde powder has success-
fully dissolved, store at 4 °C for up to 1 week (see Note 3).

3. Ethanol: Dilute absolute ethanol to 25%, 50%, and 75% using
1× PBS for tissue dehydration. In addition, dilute ethanol to
96%, 70%, and 40% using distilled water for rehydration steps.

4. Paraffin wax.

5. Tissue embedding molds.

6. Microtome for paraffin sectioning.

7. Superfrost Plus microscope slides (25 × 75 mm).

8. Xylene.
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9. Bouin’s solution.

10. AFOG histological staining solution: Dissolve 1 g aniline blue,
2 g Orange G, and 3 g acid fuchsin in 200 mL distilled water.
Adjust pH to 1.09 using concentrated HCl (see Note 4).

11. 1% phosphomolybdic acid: Add 1 mL of phosphomolybdic
acid to 100 mL of distilled water.

12. Anti-fade specimen mounting medium.

13. Coverslips (24 × 60 mm).

2.4 RNA Extraction 1. Guanidinium, thiocyanate–phenol–chloroform-based RNA
extraction reagent (e.g., TRIzol, Invitrogen).

2. Chloroform.

3. Isopropanol.

4. 75% ethanol: Dilute absolute ethanol to 75% in RNase-free
water.

5. RNase-free water.

6. Refrigerated microcentrifuge.

7. Tissue homogenizer (see Note 5).

3 Methods

3.1 Apparatus

Preparation

1. Determine the appropriate axolotl size suitable for experiment
of interest and the desired height, weight, and time of com-
pression (see Table 1).

2. Soak filter paper or paper towel in 40% Holtfreter’s solution,
and place at the base of the weight-drop apparatus (Fig. 1a).
The filter paper/paper towel will keep the axolotl in the desired
position during the experiment.

3. Place a plastic cap covering over top of the weight (Fig. 1c).
This plastic cap better disperses the impact of the weight,
preventing piercing of the tissue.

4. Insert a pin into the drop column to hold the weight at the
desired height. Slowly lower the weight (10 g) into the drop
column (Fig. 1a, indicated by arrow).

3.2 Spinal Cord

Crush Injury

1. Anesthetize the axolotls in 0.01% benzocaine or higher con-
centration depending on the size of the axolotl (see Note 6).

2. Place the axolotl on top of the moist filter paper or paper towel
at the base of the apparatus. Ensure the axolotl is in the appro-
priate position under the weight-drop column.

3. Quickly pull the pin out of the drop column, allowing the
weight to fall on the axolotl spinal cord.
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Table 1
Apparatus parameters for spinal cord crush injury

Drop height
(cm)

Weight
(g)

Time of
compression(s)

8 10 120 Full SC transection plus severe damage to surrounding
tissue

6 10 120 Full SC transection plus severe damage to surrounding
tissue

4 10 120 Full SC transection, less damage to surrounding tissue

4 10 60 Full SC transection, damage to skin on muscle on
contact side only

4 10 30 Full SC transection, damage to skin on muscle on
contact side only

Included parameters were experimentally validated to cause severe damage to the spinal cord (SC) of axolotls 4–5 cm in

length

4. Once the weight has reached the base of the apparatus, time the
weight compression on the axolotl.

5. After the desired compression time, gently transfer the axolotl
into an individual recovery tank filled with 40% Holtfreter’s
solution (see Note 7).

6. Once the axolotl has regained consciousness, gently run a pair
of forceps over the tail downstream of the injury site (seeVideos
1 and 2). If the injury was successful in causing severe damage
to the spinal cord, the axolotl will not respond to stimulus
caudal to the injury site once it has recovered from the
anesthesia.

7. Monitor the recovery of each axolotl and continue to check
their responsiveness downstream of the injury site. We use a tail
touch assay to determine when functional recovery has
occurred (see Videos 1 and 2).

3.3 Paraffin Wax

Tissue Processing

1. At desired time point following injury, anesthetize axolotls in
0.01% benzocaine.

2. Identify the injury site, and using a scalpel cut the tail tissue
~1 mm upstream and downstream of the injury. The injury site
is easily identified as the skin and muscle bundles above the
spinal cord are also damaged, the disrupted tissue is easily
visualized under the dissecting microscope, and sometimes a
blood clot is visible in the injured area.

3. Fix tissues in fresh 4% paraformaldehyde overnight at 4 °C (see
Note 3).

4. The next day, wash tissues twice in 1× PBS for 10 min.



242 Sarah Walker et al.

Fig. 2 Histological AFOG staining of the axolotl spinal cord after crush injury. Axolotls 4.5–5 cm in length were
used for histological analyses, and the apparatus parameters included 10 g weight, 8 cm drop height, and
2.0 min compression. (a) Image of the animal directly after impact. Scale bar= 2 mm. (b) Histological staining
at 1 day post-injury (dpi); only the spinal cord is damaged. NC, notochord. SC, spinal cord. Scale bar= 500 μm.
(c) Histological staining at 1 day post-injury, 3 min compression time which also leads to damage to
surrounding tissue like the notochord. White rectangle indicates region of injury. Scale bar = 500 μm. (d)
Graph displays the average length of the injury site (μm) at 1 dpi (n = 11), 2 dpi (n = 8), and 3 dpi (n = 9).
After injury, a significant reduction in the size of the lesion was detected between 1 dpi and 2 dpi ( p = 0.03),
which is indicative of regenerative repair. No significant difference was detected between 2 dpi and 3 dpi
( p = 0.19), indicating a lack of cellular die back

5. Gradually dehydrate tissues in 25%, 50%, 75%, and 100% etha-
nol diluted in 1× PBS for 10 min.

6. Incubate tissues for 20 min in xylene (see Note 8).

7. Change the xylene and incubate samples for an additional
10 min.

8. Using forceps, gently transfer the samples into melted paraffin
wax at 60 °C overnight.

9. The next day, embed samples in tissue embedding molds using
paraffin wax. Leave embedded samples at 4 °C for 2–3 h before
removing from molds (see Note 9).

10. Let samples come to room temperature before sectioning.

11. Cut 30 μM sections to visualize the spinal cord both upstream
and downstream of the injury site (Fig. 2b–c).

12. After sectioning, allow slides to dry overnight at room temper-
ature before proceeding to staining procedures (see Note 10).
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3.4 AFOG Staining 1. Incubate the slides for 10 min in xylene in a glass Coplin jar to
remove the paraffin. Repeat (see Note 8).

2. Completely submerge the slides in 100% ethanol for 5 min to
remove the xylene.

3. Gradually rehydrate the sections in a series of graded ethanol
dilutions in distilled water. Wash the sections twice in each
dilution of 96%, 70%, and 40% ethanol for 1 min each.

4. Wash the slides for 1 min in distilled water to rehydrate the
sections. Repeat.

5. Preheat Bouin’s solution for 30 min at 60 °C in an incubator.

6. Incubate the slides in a Coplin jar filled with pre-heated Bouin’s
solution for 2 h at 60 °C in an incubator (see Note 11).

7. Remove the Coplin jar from the incubator, and cool to room
temperature for 1 h.

8. Gently wash the slides under running distilled water for 30 min
(see Notes 12 and 13).

9. Incubate the sections in 1% phosphomolybdic acid for 4.5 min.

10. Wash the slides under gently running distilled water for 5 min.

11. Incubate the slides in AFOG staining solution for 4.5 min.

12. Gently rinse the sections under running distilled water for
2 min.

13. Quickly rinse slides in 96% ethanol for 10 s. Repeat (see
Note 14).

14. Rinse the slides in 100% ethanol for 10 s. Repeat.

15. Quickly rinse the slides in xylene for 10 s. Repeat (see Note 8).

16. Mount slides in mounting medium with a coverslip.

3.5 RNA Extraction 1. Anesthetize the axolotls in 0.01% benzocaine or higher con-
centration depending on the size of the axolotl (see Note 6).

2. Dissect out the tissue of interest or cut out the tissue area of
interest.

3. Place the tissue directly into 1 mL of RNA extraction reagent in
a fume hood (seeNote 15), or if you wish to store the tissue for
processing later, place directly into a tube in liquid nitrogen.

4. Use 1 mL of RNA extraction reagent per 100 mg of tissue.

5. Homogenize the tissue directly in RNA extraction reagent (see
Note 15).

6. Mix the sample by pipetting up and down with a P1000; use a
fresh tip for each sample.

7. Add 0.2 mL chloroform (see Note 16) per 1 mL RNA extrac-
tion reagent.
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8. Close the tubes and shake vigorously for 15 s in the fume hood.

9. Incubate for 3 min at room temperature.

10. Centrifuge at 11,000× g for 15 min at 2–8 °C.

11. Collect the upper aqueous phase and place into a new tube;
discard the rest in the appropriate waste disposal area.

12. Add 0.5 mL isopropanol to the solution and incubate at room
temperature for 10 min.

13. Centrifuge the samples at 10,000× g for 10 min at 2–8 °C; a
gel-like pellet should form.

14. Carefully remove the supernatant and add 1mL of 75% ethanol
diluted in RNase-free water. Briefly vortex.

15. Spin again in a centrifuge at 10,000× g for 5 min at 2–8 °C.

16. Remove the supernatant and air-dry the pellet for 5 min.

17. Dissolve the pellet in 50–100 μl of RNase-free water. To help
dissolve the RNA, samples can be heated to 55 °C for 10 min.

4 Notes

1. Benzocaine is toxic and should only be handled in a fume hood.

2. The 10% benzocaine stock solution should be stored at 4 °C,
whereas the working 0.01% solution may be stored at room
temperature.

3. Paraformaldehyde is toxic and should only be handled in a
fume hood.

4. AFOG staining is a common histological technique that can be
used to visualize cell and tissue morphology. This staining
technique can be used on tissue sections to better visualize
the injury site following crush injury, or at later time points
to visualize regenerative repair. In general, AFOG stains carti-
lage blue, cell nuclei brown/black, and the spinal cord pink.

5. We routinely use a Pellet Pestle Cordless Motor Tissue Dis-
ruptor from Kimble Chase or DWK Life Sciences Kimble
Kontes all-glass Duall Tissue Grinders. For extracting RNA
from big pieces of tissue from adult animals, we often freeze
the tissue in liquid nitrogen and grind the tissue up in a frozen
mortar and pestle in the presence of liquid nitrogen and then
proceed to the RNA extraction step.

6. Depending on the age and size of the axolotl, different con-
centrations of benzocaine may be required to anesthetize the
animals. In general, larval animals (2–3 cm) can be anesthetized
in 0.01% benzocaine, whereas adult animals are anesthetized in
0.02% benzocaine.
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7. After spinal cord injury, we suggest allowing the axolotls to
recover in smaller individual tanks. This will make it much
easier to monitor individual animals and to identify any unsuc-
cessful injuries.

8. Xylene is toxic and must be handled in a fume hood. Xylene
also degrades plastic and should only be used in glass
Coplin jars.

9. After samples have been embedded in paraffin wax, the tissue
molds containing each sample can be wrapped in Saran Wrap
and stored at 4 °C until required for sectioning.

10. Sections may be stored at room temperature in a slide box for
several weeks.

11. Alternatively, samples may be incubated overnight in Bouin’s
solution. If planning an overnight incubation, do not preheat
solution to 60 °C, and perform the incubation at room
temperature.

12. Rinsing the sections under a running tap can often lead to the
sections dislodging from the slides if the water pressure is too
strong. Position a plastic container on an angle directly under
the faucet flow; then allow this slower runoff to rinse the slides.

13. In the event that distilled water from a faucet is not available,
regular tap water is an adequate substitution.

14. Rinses in 96% ethanol, 100% ethanol, and xylene for steps
13–15must be accurately timed for only 10 s; otherwise tissue
sections will become discolored.

15. RNA extraction reagents are toxic chemicals; use in a fume
hood. Wear safety glasses, gloves, and a lab coat when
handling.

16. Chloroform is toxic; pipette under the fume hood.
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Chapter 14

Live Imaging of Axonal Dynamics After Laser Axotomy
of Peripheral Neurons in Zebrafish

Kadidia P. Adula and Alvaro Sagasti

Abstract

Axon severing results in diverse outcomes, including successful regeneration and reestablishment of
function, failure to regenerate, or neuronal cell death. Experimentally injuring an axon makes it possible
to study degeneration of the distal stump that was detached from the cell body and document the successive
steps of regeneration. Precise injury reduces damage to the environment surrounding an axon, and thereby
the involvement of extrinsic processes, such as scarring or inflammation, enabling researchers to isolate the
role that intrinsic factors play in regeneration. Several methods have been used to sever axons, each with
advantages and disadvantages. This chapter describes using a laser on a two-photon microscope to cut
individual axons of touch-sensing neurons in zebrafish larvae, and live confocal imaging to monitor its
regeneration, a method that provides exceptional resolution.

Key words Axotomy, Transient transgenesis, Somatosensory, Regeneration, Axon, Zebrafish, Live
imaging

1 Introduction

Outcomes of axon injury are variable. A severed axon may regener-
ate to reinnervate its correct target, fail to regenerate altogether,
regenerate but grow in the wrong direction, or die. Successful axon
regeneration is dictated by both intrinsic and extrinsic factors that
integrate a balance of positive and negative cues [1–4]. Intrinsic
factors refer to the state of signaling pathways in the injured neuron
itself, while extrinsic factors are signals from nearby cells and the
extracellular matrix. For example, in the mammalian central ner-
vous system, glial and immune cells release a myriad of both posi-
tive and negative factors [5]. These extrinsic cues make it difficult to
experimentally disambiguate the contribution of intrinsic growth
pathways from those of external factors in the axon regeneration
process. Methods that use scissors or forceps to create injuries,
including spinal cord, sciatic nerve, and optic nerve crushes, as
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well as traumatic brain injury models, damage multiple axons and
surrounding tissues and are thus more likely to trigger extrinsic cells
to participate in the axon injury response.
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Determining an individual neuron’s contribution to the repair
process is essential for understanding the heterogeneous outcomes
of repair responses. MicroPoint UV pulsed lasers and femtosecond
lasers mounted on two-photon microscopes can be used to target
individual axons, but the latter offer more control and thus more
precisely limit damage to the target [6–15]. Zebrafish (Danio rerio)
is an excellent model organism in which to ask these questions
because both its central and peripheral nervous systems are permis-
sive to axon regrowth [1, 16]. Moreover, transient transgenesis can
be used to label and image individual neurons in living animals.
Zebrafish larvae have been used to elucidate mechanisms of Waller-
ian degeneration, axon regeneration, and engulfment of axonal
debris and to characterize physiological changes during these pro-
cesses [17–21]. This chapter describes precise axotomies in zebra-
fish using a laser mounted on a two-photon microscope. Although
this protocol focuses specifically on severing the peripheral axons of
larval sensory neurons, called Rohon–Beard (RB) neurons
[22, 23], with different transgenes, this approach can be easily
adapted to study other types of zebrafish peripheral neurons,
including motor and lateral line neurons.

2 Materials

2.1 Somatosensory

Neuron Labeling

1. Zebrafish: 3–18-month-old-type male and female fish
(e.g., ZFIN: ZDB-GENO-960809-7). Fish are kept in a
14/10 dark/light cycle. Embryos are raised in a 28.5 °C incu-
bator until 5 dpf.

2. 20 ng/uL of Tg(isl1[ss]: Gal4-VP16,UAS:DsRed) or Tg(isl1
[ss]:Gal4-VP16,UAS:GFP) plasmids [24].

3. Pulled borosilicate glass needles (with a filament): 10 cm in
length, inner diameter 0.78 mm, outer diameter 1.0 mm.

4. Injection mold (2% agarose, molecular biology grade): Add
0.8 g of agarose and 50 mL of 1× E3 embryo buffer in a
500 mL Erlenmeyer flask. Obstruct the opening of the flask
with a crumpled paper towel. Microwave the flask for 2 min,
stopping every 20 s to swirl the flask (see Note 1), or until the
agarose is fully dissolved. Cool until warm to the touch. Pour
the agarose gel into a 10 cm plate. Place a plastic microinjection
mold with straight ridges on top of the gel and press gently (see
Note 2). Wait for the gel to solidify. Remove the plastic mold
and store the 2% agarose gel at 4 °C.
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2.2 Fish Embryo

Cultivation

1. 60× E3 embryo buffer (1 L): Dissolve 17.2 g NaCl, 0.76 g
KCl, 2.9 g CaCl2·2H2O, and 4.9 gMgSO4·7H2O in deionized
(ddH2O) water [25]; use 0.1 M NaOH to bring to pH 7.2.
Autoclave.

2. 1× E3 embryo buffer: In a 20 L carboy, mix 333 mL of 60× E3
embryo buffer with 19.667 L of ddH2O and 12 drops of
0.05 wt. % methylene blue aqueous solution. Store at room
temperature (see Note 3).

2.3 Preventing

Pigment Development

1. 50× PTU solution: Dissolve 0.3 g of 1-phenyl 2-thiourea
(PTU) in 200 mL of 1× E3 embryo buffer in a chemical
hood. Heat the solution to 60 °C on a hot plate with a mag-
netic stirrer until dissolved. Divide the 50× stock solution
(10 mM) into 10 mL aliquots and store at -20 °C.

2. E3P (E3 buffer with 0.2 mM PTU): Thaw 20 mL 50× PTU
aliquot; mix with 980 mL of 1× E3 embryo buffer. Heat the
1 L diluted solution to 60 °C. Cool down to room temperature
before use (see Note 4).

2.4 Anesthetizing

Fish

1. Tricaine stock solution (MS-222 or 3-amino benzoic acid ethyl
ester): Make a 0.4% stock solution of tricaine by dissolving
400 mg of tricaine methanesulfonate in 97.9 mL of ddH2O,
2.1 mL of 1 M Tris–HCl (pH 9.0), 0.1 M NaOH, pH to 7.0.
Make 50 mL aliquots and store at -20 °C. Keep an aliquot at
4 °C when in use.

2. E3P + tricaine: Dilute tricaine stock solution 1:5 in E3P to
obtain a 0.08% working solution.

2.5 Mounting

Embryos for Imaging

1. 5-mm-thick Delrin rings (see Note 5): Oval ring (inner diame-
ter 12 mm × 23 mm, outer diameter 19 mm × 30 mm); circular
ring (inner diameter 12 mm, outer diameter 16 mm) (Fig. 2).

2. Microscope cover glass: 24 × 60 mm.

3. Pre-cleaned and single frosted end glass slides: 75 × 25 × 1mm.

4. Dow Corning High Vacuum Grease.

5. A curved probe: Insert a black enameled insect pin into a
microdissecting needle holder. Manually curve the insect
pin tip.

6. For 1% agarose (molecular biology grade): Add 0.5 g of low
melting agarose and 50 mL of 1× E3 embryo buffer in a
500 mL Erlenmeyer flask. Obstruct the opening of the flask
with a crumpled paper towel. Microwave the flask for 2 min,
stopping every 20 s to swirl the flask (see Note 1), or until the
agarose is fully dissolved. Cool until warm to the touch and
aliquot 1 mL of melted agarose into 1.5 mL tubes. Store the
tubes in a 42 °C heat block with a cover to maintain tempera-
ture uniformity.
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3 Methods

These instructions use Zeiss 800 series microscopes for laser axot-
omy and imaging, but this procedure can be adapted to any confo-
cal microscope, imaging software, or standard operating
parameters.

3.1 Injections 1. Set up zebrafish crossing tanks with adult male and female
zebrafish in the evening. Separate males and females with a
divider.

2. The next morning, remove the divider to allow the fish to
breed. After ~20 min collect freshly fertilized eggs using a tea
strainer and wash into a petri dish.

3. Bring the 2% agarose gel injection mold to room temperature.
Gently load embryos into the mold (as described elsewhere in
detail [26]). Fill the mold with 1× E3 embryo buffer.

4. Load 20 ng/uL of Tg(isl1[ss]: Gal4-VP16,UAS:DsRed) plas-
mid into a pulled glass needle (see Note 6).

5. Inject embryos at the one- to four-cell stage (Fig. 1) with 5 nL
of this plasmid (for details see [26]). Injecting plasmids into
larvae at this stage results in transient expression. Since extra-
chromosomal plasmids are inherited unequally during cell divi-
sion, this approach results in mosaic labeling of touch-sensing
neurons (TSN) in the skin, making it possible to screen for
animals with expression in isolated neurons (see Note 7 and
Fig. 1).

6. Maintain embryos in 1× E3 embryo buffer and raise them in a
28.5 °C incubator.

3.2 Screening

Embryos

1. At 22–23 h postfertilization (hpf), exchange the medium for
E3P (E3 + PTU). Pigment cells interfere with laser axotomy
and make it difficult to image neuronal arbors; PTU inhibits
pigmentation, enabling embryos to remain transparent (Fig. 2,
upper right panel) (see Note 8).

2. A few hours before axotomy, manually dechorionate embryos
using forceps (see Note 9).

3. To immobilize larvae, in a 10 cm dish with E3P, add ten drops
of tricaine stock solution (for a final concentration of ~0.08%)
with a 3 mL plastic Pasteur pipette, and monitor them under a
microscope to confirm that they stop moving.

4. Screen through embryos to find animals with isolated labeled
neurons, using a dissecting or compound fluorescence micro-
scope (e.g., Zeiss, Axioskop 2 Fs Plus). For our experiments,
we identified larvae with a single labeled neuron innervating
the tail (see Note 10 and Fig. 1).
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Fig. 1 Upper panels: Zebrafish embryo at the one-, two-, and four-cell stages.
Middle panel: Cartoon of zebrafish larva with a single tail-innervating RB neuron
depicted in red. RB cell bodies are located in the dorsal spinal cord. The
peripheral axon, after exiting the spinal cord, arborizes upon reaching the skin.
Lower panel: A tail-innervating RB neuron, with the cell body, the ascending
central axon in the spinal cord, and the peripheral axon indicated. Arrowheads
point to PTU-resistant pigment cells. The image was converted to gray scale and
inverted. (Scale bar, 100 μm)

5. Transfer screened larvae to a small petri dish. Label each dish,
indicating whether the identified axon innervates the right or
left side of the body. Animals must be mounted so that the side
with the identified axon faces the coverslip, since laser illumi-
nation for severing and imaging does not penetrate through
the animal.

6. Once screening is complete, replace media with E3P. Place the
larvae in a 28.5 °C incubator until they reach the 48 hpf stage.

3.3 Mounting 1. Using a micropipette tip, collect and apply a thin layer of
vacuum grease on one side of an oval mounting ring (see
Note 11), and press the ring onto a clean cover glass (Fig. 2,
top left panel).
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Fig. 2 Left panel: Schematic of oval and circular rings with dimensions indicated. Upper right panel: Zebrafish
larva at 48 h postfertilization. The larva was anesthetized with E3P + tricaine. Middle right panel: Manually
curved probe. Lower right panel: Two larvae mounted against a microscope cover slide. The larvae were
sealed in an oval mounting ring, which was sandwiched between the microscope cover glass and a glass
slide. The chamber was filled with E3P + tricaine. Bottom panel: Labeled cartoon with a side view of larvae
mounted in an oval ring

2. Anesthetize larvae at 48 hpf (Fig. 2, top right panel) with
tricaine. For larvae in a 10 cm petri dish, ten drops
(or ~0.08%) of tricaine stock solution are sufficient. If the larvae
are in a 6 cm petri dish, add fewer drops of tricaine stock
solution. Confirm that the animals have stopped moving.

3. Mix in one drop of tricaine stock solution into the 1% melted
agarose tube. Use a glass Pasteur pipette inserted into a pump
pipette (seeNote 12) to pick up one anesthetized embryo with
as little E3P + tricaine as possible, and transfer it to a tube
containing 1% low melting agarose. Use the pipette to transfer
the larvae along with melted agarose onto the cover glass,
inside the mounted ring (see Note 13). Rinse the inside of
the glass pipette a few times with E3P + tricaine to remove
residual agarose.
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4. Arrange the animal in the molten agarose under a dissecting
light microscope. Use a curved probe (Fig. 2, second right
panel) to gently press the larva (the side with the labeled
neuron), as close to the cover glass as possible (Fig. 2, third
right panel and bottom panel). To target touch-sensing neu-
rons in the tail, larvae should be mounted horizontally
(on their sides), and the two eyes should be aligned when
viewed from above. If the larva floats away from the coverslip,
gently push it back down with the curved probe. The agarose
should reach ~1/3 of the mounting ring in height. Wait
~15 min for the agarose to solidify (see Note 14).

5. Grease the other side of the mounted ring and fill the rest of the
chamber with E3P + tricaine.

6. Press the microscope slide with the frosted end against the
greased ring. Clean off any excess water around the mounted
ring with Kimwipes (Fig. 2, third right panel and bottom
panel).

3.4 Pre-axotomy

Imaging

1. Use a confocal microscope to collect images of the target
neurons from living larvae (Fig. 3). Imaging parameters for
acquisition with a Zeiss LSM-800 (or LSM 880) upright
microscope and the Zen Blue 2.3 software are as follows:
Under the “Acquisition Mode” tab, optimize imaging para-
meters, including bits per pixel, image frame size, pixel dwell
time, averaging, image size, and pixel size. We usually use an
8 bits per pixel format, an image frame size of 512 × 512, a
1.52 usec pixel dwell time, a 1.86 s scan time, an averaging
number of 2, and a 1.25 um pixel size. Under the “Channels”
tab, choose the appropriate laser wavelengths, gain, and pin-
hole diameter to image the neurons. For eGFP or DsRed, we
use 488 nm and 561 nm laser lines, respectively, and a master
gain of 650 V. We set a pinhole diameter to an Airy unit of
1, which maximizes confocality.

2. Start the Zen Blue 2.3 software to visualize cells. If the system
is being used for the first time that day, the stage and focus
should be calibrated to avoid accidents (see Note 15). After
hardware initialization is complete, a “Stage/Focus not cali-
brated” dialog window will appear. Select “Calibrate Now.”
Calibration will take less than a minute. Maintain the stage at a
28.5 °C temperature with a heated stage or objectives.

3. Go to the “Acquisition” window and open your protocol. Go
to the “Locate” window and under “Reflected Light” activate
the “On” tab. Under “Favorites” select the “DsRed” configu-
ration setting. Using the eyepiece, find the larva with the 10×
objective (Plan-Neofluar, NA= 0.3) and center it in the field of
view. Switch to a 20× (Plan-Apochromat, NA = 0.8) objective
and focus on the axon.
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Fig. 3 At 48 h postfertilization, a touch-sensing neuron innervating the tail was
imaged before axotomy. Using a laser mounted on a two-photon microscope, its
peripheral arbor was cut at the second branching point and imaged again within
the hour. The detached distal axon branch, outlined in red, underwent Wallerian
degeneration a few hours after the injury. At 24 h post-axotomy, the neuron was
imaged again to assess regeneration. Regeneration from the injury site is shaded
in green, and the spared branch is shaded in red. The ability to distinguish injury
site regeneration from spared branches illustrates the clarity provided by
labeling and injuring a single neuron. For display purposes, the image was
converted to a maximum projection and inverted. (Scale bar, 100 μm)

4. Go to the “Acquisition” window. Open the DsRed fluorescent
beam by checking and highlighting the “DsRed track” sub-tab
in the “Channels” tab. Return to the protocol tab and press the
“Live” tab to see the neuron on the screen. In the “Acquisition
Mode” tab, you may adjust the zoom. Press the “Live” sub-tab
in the protocol tab to image and center the axon (seeNote 16).

5. Under the “Z-Stack” tab, optimize your “slice interval”; we
usually set ours at 1 um. Use the manual focus knob, and the
manual monitor to set the range of your z-stack by selecting a
“Set First” slice position and a “Set Last” slice position. In the
protocol tab, exit the “Live” mode. Press the “Start Experi-
ment” tab to acquire the pre-axotomy image (seeNote 17). As
the image is acquired, a stack-by-stack 2D projection will be
displayed on the monitor (see Note 18). Save the image as a “.
czi” file.
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3.5 Axotomies with a

Two-Photon

Microscope

1. For axotomies, we use a LSM 880 inverted confocal/two-
photon microscope equipped with a laser (Chameleon,
690–1064 nm) for two-photon imaging and Zen Black 2.1
SP3 software, but this procedure can be adapted to any equiva-
lent microscope. To begin, turn the key on the two-photon
laser box from “Standby” to “On.” Let the power ramp
up. Wait until the screen on the laser box displays the following
messages: “Power: 3960 mV,” “813 nm,” and “Status: Ok.”

2. Start the Zen Black 2.1 SP3 software to visualize the neuron.
Go to the “Locate” window and under “Reflected Light”
activate the “On” tab. Under “Configuration” select
“DsRed.” Locate and center your sample through the objec-
tives, starting with a 10× objective (Plan-Apochromat,
NA = 0.45) to find the larva. Center the larva in the field of
view before switching to a 20× objective (Plan-Apochromat,
NA = 0.8) to focus on the axon.

3. Go to the “Acquisition” window. Activate the DsRed fluores-
cent laser by checking and highlighting the “DsRed track”
sub-tab in the “Channels” tab. Return to the protocol tab
and press the “Live” tab to see the neuron on the screen. In
the “Acquisition Mode” tab, adjust the zoom to 1× zoom and
center the peripheral axon in the field of view. Press the “Live”
tab a second time to exit the “Live” mode, and use the “Crop”
tab to zoom into the area of the target axon. Zoom to a
minimum of 100×. Ensure that DsRed fluorescence is below
saturation by reducing the gain. Exit “Live” mode in the
protocol tab. Imaging parameters for the axon severing proto-
col are as follows: Under the “AcquisitionMode” tab, optimize
imaging parameters including image frame size, pixel dwell
time, scanning time, averaging, and pixel size. Use the imaging
parameters described under Subheading 3.4. Under the
“Channels” tab, choose the appropriate laser wavelengths,
gain, pinhole diameter, and slice interval for your neurons.

4. Activate the two-photon laser (813 nm) by checking and high-
lighting the “2-photon track” tab (see Note 19). Start with
5.0% laser power. In the protocol tab, press “Live” again for 1 s;
a burst of fluorescence indicates damage to the axon. Exit
“Live” mode. Turn off the two-photon laser beam (813 nm)
by unchecking and deselecting the “2-photon track” tab.
Switch back to the “DsRed track” and return to 1× zoom to
see if the axon is cut. It may take a few moments for the axon to
be severed. Axon beading adjacent to the target site is a good
indication that it will be severed. If the axon remains uncut,
raise the two-photon laser power in 0.5% increments and
repeat, until cutting is successful (see Note 20).
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5. At the end of the microscopy session, exit the program. A
“Laser Off” window will appear. Turn off all the lasers and
press “OK.”

6. Take a “post-axotomy” confocal image using the same settings
as described for pre-axotomy under Subheading 3.4. Within a
few hours post-axotomy, the detached branch will degenerate
by Wallerian degeneration (Fig. 3, middle panel).

3.6 Larva Recovery 1. Recover zebrafish larvae under a dissecting light microscope.
Separate the cover slide from the mounting ring. The agarose
might remain attached to the cover glass or detach to float in
the E3P + tricaine-filled chamber formed by the mounting
ring. In either case, use a glass pipette to remove media around
the agarose. Remove the mounting ring.

2. Use a thin metal spatula or a razor blade to trim away the
agarose surrounding the larva. Use two sets of forceps to
carefully push away the remaining agarose from the larva. Pay
particular attention not to puncture the yolk or damage the tail.

3. Once the larva is free, add a few drops of E3P. Use a glass
pipette to transfer the larva from the glass slide to an individu-
ally labeled small petri dish. Fill the petri dish with E3P.

4. Allow 5–10 min for the larva to recover. When it responds to
touch, put the petri dish back into the 28.5 °C incubator. After
24 h, remount the larva and take a 24-h post-axotomy image.

3.7 Post-

regeneration Imaging

and Time-Lapse

Movies

1. Remount larvae to assess regeneration after the desired time
interval (see Subheading 3.3). We typically assess RB neuron
regeneration 24 h after axotomy. Image the neuron with the
same confocal settings as described under Subheading 3.4.

2. In addition to taking static images of peripheral axons at spe-
cific time points, time-lapse movies of the regeneration process
can be recorded. To record the first 12 h post-injury, start the
movie immediately after axotomy (do not recover animals from
the agarose). To record later phases of regeneration, recover
the larva after axotomy (see Subheading 3.6), and remount it
later (see Note 21). Set up imaging acquisition as described
above, but add additional sections to the z-stack, both above
and below the axon, to accommodate potential drift of the
stage or neurons as the larva continues to grow. Using the
“Time-series” option under the “Acquisition” tab, you can
collect a single movie for up to 12 h, without harming the
animal. We typically collect movie frames at 5-min intervals for
144 cycles (12 h). Using the “Tiles” option allows the record-
ing of several movies within the same time period. To capture
dynamics of an entire peripheral arbor, movies can be made
using a 20× air or water objective. To focus on growth cone
dynamics, use a 40–63× oil objective.
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Fig. 4 Left panel: Cartoon depicting a RB neuron with a single peripheral arbor. The spinal cord is usually at a
deeper focal plane than the peripheral arbor. Upper right panel: A RB neuron with two peripheral arbors. Lower
right panel: A RB neuron with a single peripheral arbor with one significantly longer branch. The Simple Neurite
Tracer plug-in in Fiji was used to trace all images in a z-stack format

3.8 Peripheral Axon

Arbor Tracing

1. Most RB neurons have a single peripheral arbor (Fig. 4, left
panel) which extends from the cell body and leaves the spinal
cord to penetrate the skin, at which point it branches between
epithelial cells, like the arbors of a tree [22, 23]. We compare
arbor sizes pre-axotomy to arbor sizes immediately after axot-
omy and 24 h post-axotomy. For tracing, use the Simple Neur-
ite Tracer (SNT) plug-in in Fiji [27] with the images in a
z-stack format. SNT is part of Fiji’s Neuroanatomy suite (see
Note 22).

3.9 Post-imaging

Processing

1. For presentation and analysis, use ImageJ (Fiji) or other image
processing software to produce maximum projections of the .
czi files. We convert images to gray scale and invert them before
saving them as TIFF images to maximize contrast. Multiple
images of large neurons can be stitched together to create a
complete representation.

4 Notes

1. Remove the crumpled paper towel and orient the flask away
from you before swirling to release pressure. Reinsert the
crumpled paper towel and return the flask to the microwave
for the next 20-s heating cycle.

2. To make the agarose injection mold, a plastic mold is placed on
the gel before it solidifies. For specific dimensions, see [26]. We
use molds with straight ridges to make trenches into our 2%
agarose injection molds. Trenches are used to align the
embryos and secure the chorions in place for ease of injection.
Plastic molds can imprint various shapes onto agarose gels,
including spirals and linear trenches.
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3. Ringer’s solution optimized for zebrafish may also be used to
grow zebrafish embryos [28].

4. PTU crystals form during freezing and may not dissolve
completely once thawed. Heating the solution to 60 °C will
dissolve them. Let the solution cool to room temperature
before use. If making several bottles of E3P, leave one out at
room temperature for use, and store the rest at 4 °C.

5. A white Delrin acetal resin sheet, 5 mm thick, was laser cut to
fashion mounting rings. Alternatively, mounting rings can be
3D printed or cut from other materials. If you plan to treat
mounted larvae with drugs during imaging, you may want to
use rings made with sheets 2 mm in thickness. These shorter
rings will reduce the volume of the imaging chamber and thus
require less medium to fill the chamber. A 22 mm × 22 mm
microscope cover glass may also be used.

6. Other transgenes can be used to label different neuron types
(e.g., [29, 30]).

7. To achieve sparser labeling, and thus maximize the probability
of labeling single neurons, inject the plasmid into the yolk
between the two- and four-cell stages, rather than the
one-cell stage.

8. PTU specifically prevents the formation of the pigment mela-
nin in zebrafish melanophores, which can obstruct neurons
during imaging. Embryos should be switched to
PTU-containing medium before the onset of melanogenesis
in the skin. Alternatively, mutant embryos lacking pigment cells
can be used [31, 32].

9. To dechorionate embryos, use two forceps. Under the light
microscope, being careful not to poke and injure the larva,
pinch and hold the top of the chorion with the first forceps.
Pinch the chorion with the second forceps, close to the first
forceps, and gently pull the forceps apart to rip the chorion and
free the wriggling larvae.

10. The cell body of a tail-innervating neuron may be anywhere in
the caudal spinal cord, but its peripheral arbor typically
arborizes at or posterior to the cloaca. Moreover, a tail-
innervating neuron has an ascending central axon but no des-
cending central axon.

11. A 10 mL syringe, with a Luer-Lok Tip, filled with vacuum
grease can be used to facilitate the application of grease onto
the sides of a mounting ring.

12. A pump pipette offers more control than a bulb for transferring
liquids with a glass Pasteur pipette.
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13. Several larvae can be simultaneously mounted within a ring;
however, to keep track of individual larvae and facilitate rescue,
mount a single larva in a circular ring and a maximum of two
larvae in an oval ring.

14. If you are mounting larvae to record a time-lapse movie, wait
more than 15 min for the agarose to solidify or until wrinkles
can be seen over the surface of the agarose drop with the naked
eye. This extra polymerization time ensures the solidity of the
agarose, preventing the larva from drifting out of z-stack range.

15. To avoid crushing slides and potentially damaging objective
lenses, the first user of the day should calibrate both the stage
and the focus.

16. The “Stage” tab can be used to change the position of the
neuron on the monitor with the mouse instead of using the
manual knob. By clicking on the arrowheads of the “x-posi-
tion” and the “y-position,” the neuron can be moved to the
left and right, or upward and downward, respectively.

17. It can be useful, for presentation purposes, to collect separate
images of the cell body and peripheral axon, since the spinal
cord and the skin are at different focal depths. The images can
then be collaged and stitched together using Fiji or Photoshop
to create a complete representation of the neuron.

18. To see a preview of your image as a maximum projection before
saving your image as a “.czi” file, go to the “Ortho tab,” select
the “Ortho-Display” sub-tab, and select “Maximum Intensity
Projection.”

19. At 813 nm, the two-photon laser beam is out of the visible
spectrum. Although the beam cannot be seen, the damage it
inflicts can. Choose any wavelength to visualize the fluorescent
debris resulting from the two-photon laser damage; if severing
is successful, a burst of light will appear across the screen.

20. It is essential to be patient at this step and switch back to the
“DsRed track” to check for axonal damage after each 0.5%
increase of the two-photon laser (813 nm), whether or not
there is a burst of fluorescence indicating the scattering of
debris. Depending on how a larva is mounted, 5–8% of
two-photon laser power should be sufficient to cut an axon
innervating the skin. As mounting between individual larvae
varies slightly, starting at 5.0% for each larva is important. If
more power is required to cut an axon, remount the larva. If
remounting does not solve the issue, the two-photon laser may
need to be realigned.

21. In our experiments, we observed a slower axon regeneration
rate for larvae that were in tricaine during 12-h movies, in
comparison with freely moving, unanesthetized larvae that
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were remounted after 12 h. While tricaine does not block axon
regeneration, the slowed growth rate could be related to its
effect on a neuron’s electrical activity.

22. Note that a small number of RB neurons have more than one
peripheral arbor; for example, a peripheral axon can branch in
the spinal cord, creating a neuron with two separate peripheral
arbors innervating the skin. We measure total arbor length for
such neurons by adding together the lengths of the two arbors.
The point at which an axon exits the spinal cord is often
detectable as a kink in the axon’s trajectory. Lengths between
branches of peripheral arbors can vary considerably, which can
sometimes make a single arbor appear to be two separate arbors
(Fig. 4, lower right panel).
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Chapter 15

Rapid Testing of Gene Function in Axonal Regeneration After
Spinal Cord Injury Using Larval Zebrafish

Louisa K. Drake, Marcus Keatinge, Themistoklis M. Tsarouchas,
Catherina G. Becker, David A. Lyons, and Thomas Becker

Abstract

Larval zebrafish show axonal regrowth over a complex spinal injury site and recovery of function within days
after injury. Here we describe a simple protocol to disrupt gene function in this model using acute injections
of highly active synthetic gRNAs to rapidly detect loss-of-function phenotypes without the need for
breeding.

Key words Zebrafish larvae, Axon regeneration, CRISPR/Cas9 mutagenesis, Spinal cord injury

1 Introduction

In mammals, spinal cord injuries are permanent and can lead to
lifelong disability. In contrast, anamniotes (fish and salamanders)
undergo complete functional recovery after spinal cord transection.
Axon growth across the lesion site is essential for this recovery [1].

Zebrafish larvae are a useful model for investigating molecular
pathways which promote axonal growth over an injury site (“bridg-
ing”) after spinal cord injury. Whereas adult zebrafish functionally
regenerate their spinal cord in 4–6 weeks [2, 3], 3-day-old larvae
only need 48 h [4]. In addition, since zebrafish larva is transparent,
transgenic reporter lines allow visualization of cell types of interest
in the regenerating spinal cord of live animal. Using larvae also
allows the researcher to observe most regenerative processes before
potential pain sensation develops and larvae become protected
under the law (by 5 days postfertilization in Europe). Experiments
on larvae can thus be considered a relative replacement in the sense
of the 3Rs of humane animal research (reduction, replacement, and
refinement) [5].
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Synthetic CRISPR gRNAs (sCrRNAs) have recently been
shown to be a highly efficient tool to obtain almost complete
somatic gene disruption when these are injected into one-cell
stage zebrafish embryos [6–9]. The resulting phenotypes usually
reflect those obtained in stable mutant lines for the genes of inter-
est. However, additional controls should always be considered
[6]. Raising sCrRNA-injected embryos to generate stable lines is
one of these.

Here we describe combining the advantages of the zebrafish
model with sCrRNA injections into one streamlined testing proto-
col for investigating genes involved in axon bridging after spinal
cord injury. First, sCrRNAs targeting a molecule of interest are
microinjected into the one-cell stage zebrafish embryo and
quality-controlled at 1 day of development using restriction frag-
ment length polymorphism (RFLP) analysis. At 3 days of develop-
ment, the spinal cord of the larva is completely transected. Finally,
the live fish are checked for the presence or absence of an axonal
bridge using a fluorescence microscope at 1 and 2 days post-injury
(or other timepoints of interest). In this way, loss-of-function phe-
notypes can be obtained in a complex in vivo injury situation within
days and inform follow-on analyses of the targeted genes’ functions
in successful spinal cord regeneration.

2 Materials

2.1 CRISPR/Cas9

Microinjections

1. Zebrafish: Tg(Xla.Tubb:DsRed) or other transgenic line allow-
ing visualization of axons in the spinal cord (see Note 1).

2. Dissecting microscope.

3. Microinjector.

4. Micromanipulator.

5. Pasteur pipettes—regular and fine-tip.

6. 90 mm petri dishes.

7. E3 medium: 5 mM NaCl, 0.17 mM KCl, 0.33 mM CaCl2,
0.33 mM MgSO4, 0.1% methylene blue.

8. 0.4% Fast Green FCF dye in H2O.

9. Cas9 nuclease diluted to 7 μM (see Note 2).

10. Synthetic trans-activating CRISPR RNA (tracrRNA) (seeNote
3).

11. Bespoke or pre-designed sCrRNAs targeting genes of interest
(see Subheading 3.1 and Note 13 for design guidance and
Note 3 for storage information).

12. Control sCrRNA with sequence 50- TTACCTCAGTTA
CAATTTAT-30 (see Note 4).

13. Adjustable pipette (1–10 μL) with gel-loading tips.
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14. Needle puller (e.g., Sutter P97).

15. Injection needles: Use needle puller to make injection needles
from borosilicate glass capillaries containing a filament (see
Note 5).

16. No. 5 Watchmaker’s forceps (0.02 0.05 mm tips).

17. Stage micrometer with graduations of 0.01 mm.

18. Mineral oil.

19. Standard microscope slide.

2.2 Quality Control

by Restriction

Fragment Length

Polymorphism

1. 0.2 mL PCR tubes.

2. 50 mM NaOH.

3. 1M Tris–HCl, pH 8.0.

4. 2� Taq polymerase in ready to use mixture (e.g., BioMix Red,
Bioline).

5. Custom primers (10 μM) to amplify region of interest (see
Notes 6 and 15 and Subheading 3.1, step 5).

6. Restriction enzymes corresponding to design of sCrRNAs (see
Subheading 3.1 and Note 13).

7. 100 bp DNA ladder.

8. 1� TAE buffer: 242 g Tris–HCl, 57.1 mL glacial acetic acid,
100 mL 0.5 EDTA solution (pH 8.0). Add distilled H2O up to
1 L. Dilute 1:50 in deionized H2O.

9. Nucleic Acid Stain (e.g., Sigma GelRed).

10. Agarose gel mold.

11. Agarose gel combs.

12. 2% agarose gel prepared on day of use: Dissolve 3 g agarose
powder (molecular grade) in 150 mL 1� TAE buffer and heat
in microwave until clear and bubbling. Let cool for 5 min and
then add 7.5 μL Nucleic Acid Stain. Pour into gel mold with
gel combs in place (see Note 7).

13. Gel tank.

14. Electrophoresis power supply.

15. UV transilluminator (see Note 8).

2.3 Larval Spinal

Cord Lesions

1. Anesthetic: 0.4 g MS-222 in 100 mL PBS (see Note 9).

2. 30 ½ G syringe needle attached to 1 mL syringe to allow for
stability and greater control.

3. Agarose plates prepared on day of use: Add 4 g agarose (any
grade) to 100 mL PBS and then heat in microwave to melt.
Pour approximately 15 mL into lid of 90 mm petri dish, and
allow to set for 20 min at room temperature (or shorter time at
4 �C) (see Note 10).
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4. Fluorescence microscope with filter to visualize DsRed
(~580 nm; or other fluorophore which allows visualization of
axons in your chosen transgenic strain).

3 Methods

3.1 Designing

sCrRNAs (See Note 11)

1. Identify the gene of interest (GOI) from Ensembl genome
browser using the search tool.

2. Copy and paste the sequence of coding exons with some flank-
ing intronic material individually into SnapGene Viewer (see
Note 12).

3. Identify sCrRNA sites (see Note 13 and Fig. 1).

4. Once designed, the sCrRNA can be ordered from a commercial
supplier (see Notes 2 and 14).

5. Design primer pairs to amplify region containing the sCrRNA-
targeted site (see Note 15).

3.2 Microinjection of

CRISPR/Cas9 gRNA

(See Note 16)

1. On the evening before injections, separate male and female
Xla.Tubb:DsRed fish.

2. On the morning of injections, prepare injection mix(es): 1 μL
of each sCrRNA (up to total of 4 μL), 1 μL TracrNA, 1 μL
Cas9, and 1 μL 0.4% Fast Green FCF dye.

Gently pipette up and down to mix using filter tips. Keep
on the mix on ice until loaded into the tip.

3. Transfer 3 μL of injection mix to an injection needle using a
pipette fitted with a gel loading tip (see Note 17).

4. Attach the injection needle to a micromanipulator connected
to the microinjector.

5. Position the needle in the center of the field of view under of
stereomicroscope, and pinch off the tip with fine forceps to
make an opening in pulled needle (see Note 18).

6. Prepare the stage micrometer by adding one drop of mineral oil
(approximately 100 μL) directly onto the micrometer.

7. Use the microinjector to expel a droplet of injection mix from
needle into mineral oil on stage micrometer and measure diam-
eter of droplet. Ideally, droplet should be 15–20 microns in
diameter (see Note 19).

8. Repeat steps 3–7 to prepare needles for the control and any
additional injection mixes if different samples are to be injected
in the same session (see Note 20).

9. After needles are prepared (or shortly before), allow male and
female fish to mix again in a mating tank (see Note 21).
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Fig. 1 Examples of sCrRNA designs. Shown are extracts from the sequences of two different genes in
SnapGene Viewer, tnfrsf1b in (a) and tnfrsf1a in (b). Intronic sequences are shown in lower case and exon
sequences in upper case. For the sake of clarity, only the restriction enzyme sites used in this design are
shown. (a) shows a PAM site in the sense strand. The Cas9 cut site is 3 bp upstream to the NGG (shown as a
red line in the figure). This cut site coincides with the recognition site for Mwol (shown in blue in the figure). (b)
Here, the NGG is present in the antisense strand. Therefore, the Cas9 cut site is 3 bp downstream of CCN
(complement to NGG), which coincides with the recognition site of Bsrl. (c) The sequences of the sCrRNA and
primers which would be ordered based on the designs in (a) and (b)
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10. Collect the recently fertilized embryos (ideally within 20 min
of being laid). Use a Pasteur pipette to line up embryos in a
straight line against a glass slide on a petri dish lid. Use glass
slides to allow embryos to line up in a straight line (see Note
22).

11. Center the line of embryos in the microscope’s field of view, at
the highest magnification (we use 50 ).

12. Use the micromanipulator to move the needle to pierce the
chorion and yolk.

13. Expel one measure of injection mix into yolk.

14. Repeat steps 12 and 13 until the entire line of embryos have
been injected.

15. Return embryos to a dish of E3 medium and keep at 28.5 �C at
a density of 30–40 embryos per 50mL petri dish (seeNote 23).

16. Later the same day, remove embryos which are clearly dead or
in which the dye has not successfully been incorporated into
the embryo cell mass (see Fig. 2a).

17. Remove dead/dying embryos every day and replace E3
medium as necessary.

3.3 Quality Control

Using RFLP for

Injected Larvae (See

Note 24)

1. Select eight sCrRNA-injected and four control-injected
embryos for DNA extraction.

2. Place each individual into a separate PCR tube and remove as
much E3 medium as possible. It is important to not pool
individuals, as some may be better injected than others (see
Note 25).

3. Add 100 μL 50 mM NaOH to each tube and boil at 95 �C for
10 min.

4. Briefly vortex to dissolve the embryos.

5. Neutralize with 10 μL 1 M Tris–HCl. These homogenates are
your DNA samples for the subsequent PCR reaction.

6. Test the success and/or efficiency of sCrRNA injection by
amplifying the selected region using PCR. Prepare the follow-
ing PCR master mix to test the activity of one sCrRNA in all
DNA samples: 100 μL BioMix Red, 41 μL nuclease-free H2O,
18 μL 10 μM forward primer, and 18 μL 10 μM reverse primer
(primers designed in Subheading 3.1, step 5).

7. Add 18 μL of above master mix individually to four empty PCR
tubes.

8. Add 9 μL to another eight empty PCR tubes.

9. Add 2 μL of control-injected DNA to each tube from step 7 to
a total of 20 μL and mix. Each tube should have a different
DNA sample.
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Fig. 2 Injection and RFLP analysis for haCrs. (a) An unsuccessfully injected embryo (left) and a successfully
injected embryo (right) are shown. Arrowhead points to green dye in the cell mass on top of the yolk, indicating
successful injection. Arrow points to bolus of green dye at the bottom of the yolk that has not been transported
into the cell mass. (b–d) Diagrammatic representations of the RFLP assay, in the typical arrangement we use
in the laboratory. Note that each lane represents one embryo. On the left-hand side of each gel is a DNA
ladder. Following this, the PCR product of the undigested samples of four control-injected embryos is run. Next
are the four samples of control-injected embryos that have been digested. Finally, the eight digested samples
of active sCrRNA-injected embryos are loaded. Scale bar in a is 250 μm

10. To the eight tubes from step 8, add 1 μL of sCrRNA-injected
DNA sample and mix, to a total of 10 μL. Each tube should
have a different DNA sample.

11. Load all 12 samples into thermocycler and set program: Heat
to 95 �C for 180 s, 95 �C for 30 s, 55 �C for 30 s (seeNote 26),
and 72 �C for 60 s; repeat steps 2–4 35 times, 72 �C for 300 s;
hold at 4 �C.

12. Once the thermocycler run has finished, transfer 10 μL of each
of the four control-injected PCR products (from step 9) into
four empty tubes. These are the undigested PCR products—set
to the side at room temperature.
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13. With the 12 tubes from steps 8 and 9, use a pipette with filter
tips to add 1 μL of the appropriate restriction enzyme directly
to PCR product, and mix gently.

14. Heat sample to optimal temperature of restriction enzyme for
120 min (see Note 27).

15. Place 2% agarose gel into gel tank and remove comb.

16. Load samples into gel. Start by loading 10 μL of 100 bp DNA
ladder into leftmost well. Continue by adding the entirety
(~10 μL) of the first control-injected undigested sample to
the next well (from step 12). Continue so that all four of the
control-injected undigested samples are loaded into separate
consecutive wells. Next, add the four control-injected digested
samples to the following four wells in the same manner. Finally,
add the eight digested injected samples to the following eight
wells. See Fig. 2 for a visual representation of this setup.

17. Run the gel at 100 V for 60–90 min (see Note 28).

18. View gel using UV lightbox.

19. Compare sizes of bands between control-injected and
sCrRNA-injected samples to determine guide efficiency (see
Notes 29–32 and Fig. 2b–d).

20. Two sCrRNAs with mutation rates of >90%, representing
highly active sCrRNAs (haCRs), are optimal. If none are
found in the initial four sCrRNAs tested, redesign.

3.4 Spinal Cord

Injury of 3-Day

Postfertilization

Larvae

1. Add 0.4% MS-222 to a petri dish with 3-day postfertilization
larvae to a final concentration of 0.01% (we use 1 mL of 0.4%
MS-222 in 40 mL of medium). Leave for 2–3 min until all
larvae stop responding to touch stimuli.

2. Use Pasteur pipette to place anesthetized larva on agar plate (see
Note 33).

3. Place larvae in the center of dissecting microscope field of
vision with light source on. Use the sharpest point of the
syringe needle to fully transect spinal cord (avoiding injury to
the underlying notochord) at the level of the 15th myotome.
Try to use one smooth motion to create the lesion. Ideally the
resultant damage will appear V shaped (see Fig. 3a and Note
34).

4. Displace lesioned fish from agar plate into petri dish with E3
medium (and no anesthetic) (see Note 35).

5. Keep at a density of 30–40 fish per 50 mL petri dish at 28.5 �C.
Remove any fish which have damage to their notochord
(Fig. 3b).
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Fig. 3 Successful injury and repair. All panels show images of larvae sucked to an agarose surface by
minimizing the water film covering the larvae and are imaged under a stereomicroscope as we do in our
routine experiments. Rostral is left and dorsal is up. (a) A 3-day-old larva, shown immediately after successful
lesion. (b) A 4-day-old larva, shown 24 h after lesion. This in an example of a fish whose notochord has been
injured and should therefore be discarded. This is apparent by the bent shape of the larva, as well as the
visible damage to the notochord, which becomes most obvious at some time after injury. (c) and (d) show
lesioned XIaTubb:DsRed transgenic larvae viewed under a fluorescent stereomicroscope. (c) is an example of
a larva with a fresh injury site (boxed) showing complete severance of axon connections (injury at 3 days
postfertilization). (d) A larva at 24 h after injury at 3 days postfertilization shows an axonal bridge across the
lesion site (boxed). (a0–d0) are close-ups of the areas boxed in (a–d), respectively. Scale bar in a is 500 μm
and applies to a and b. Scale bar in a0 is 200 um and applies to a0 and b0. Scale bar in c is 300 μm and applies
to c and d. Scale bar in c0 is 100 μm and applies to c0 and d0

3.5 Bridging Assay

for Regenerative

Success

1. At 24 h post-injury, use a Pasteur pipette to place fish on the
agar plate and remove excess medium.

2. Use a fluorescence microscope at high magnification to deter-
mine whether an axon bridge is present in each fish. Keep a tally
of the number of fish with and without axon bridges. We
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consider an axon bridge to be present when at least one con-
tinuous axon fascicle traverses the lesion site (see Fig. 3c–d for
examples of bridged and unbridged lesion sites and Note 36).

3. Return the fish to the petri dish with E3 medium at 28.5 �C.

4. Repeat step 2 at 48 h post-injury (or other timepoint of
interest), and note down the presence or absence of a bridge
at this timepoint for each group. Compare the frequency of
successful bridging in the injected group to the control group
(see Note 37).

4 Notes

1. The Xla.Tubb:Dsred line was created by [10]. The red fluores-
cing protein DsRed is expressed in all neuronal structures
under the control of the promoter region of the neuron-
specific beta-tubulin gene.

2. For storage of Cas9 at�20 �C, use a buffer which contains 50%
glycerol to dilute (e.g., NEB Diluent Buffer B: 300 mM NaCl,
10 mM Tris–HCl, 0.1 mM EDTA, 1 mM DTT, 500 μg/mL
BSA, 50% glycerol, pH 7.4 at 25 �C).

3. We order unmodified sCrRNAs, purified using HPLC at a
2 nmol concentration from Sigma (Merck KGaA, Darmstadt).
sCrRNAs (including tracrRNA) come as a lyophilized powder
at room temperature. Upon arrival, briefly spin for 2–3 s in a
microcentrifuge; then resuspend sCrRNA/Tracr with 100 μL
of nuclease-free water to achieve a 20 μM concentration.
Gently pipette up and down to mix with a filter tip. If not
injecting straight away, they can be stored aliquoted at 20 �C.

4. This sequence is based on the standard control sequence used
for morpholino studies. We use a control-injected group when-
ever we are using the guides as part of an experiment, but this is
not necessary when just assessing the efficiency of your guides
(here, uninjected embryos can be used instead).

5. We use injection needles with an outer diameter of 1 mm and
an inner diameter of 0.58 mm. To pull the needles, we use the
following settings: heat 580, pull 250, velocity 55, time
100, and air pressure 400.

6. We buy 25 nmole of each primer and keep them frozen as
100 μM stock solutions in nuclease-free water at �20 �C.
Working solutions at 10 μM in nuclease-free water can be
stored at 4 �C or at room temperature for short periods of time.

7. Comb should create at least 18 wells. Comb teeth should be
thin and wide for optimal separation. Square teeth are not
appropriate for restriction digestion.
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8. At minimum, the UV transilluminator needs to allow visualiza-
tion of the different band sizes run on the gel. Ideally, this
would also be fitted with a camera for easy analysis of efficiency,
allowing the user to refer back to previous gels easily (e.g., to
check for a decrease in sCrRNA efficiency).

9. Anesthetic solution can be made in advance and stored at 4 �C
for up to a week.

10. If you allow agar to cool for approximately 5 min before
pouring into petri dish, the agar plate will have fewer bubbles
and will therefore make lesioning easier.

11. Several sCrRNAs must be designed and tested to identify a pair
of highly active sCrRNAs (haCrs) with >90% mutation rate. In
the first instance, we design four sCrRNAs for each gene. We
rarely have to test more than eight individual sCrRNAs to
identify a pair of haCrs.

12. Where possible, initially design four sCrRNAs to four different
exons for the initial sCrRNA activity testing phase. If only a
single exon is present or a small number, design multiple
sCrRNAs to the same exon. Targeting early exons and those
coding for functional regions is optimal. Final exons should be
avoided when possible.

13. sCrRNA sites are made up of a 20 bp “spacer region”
connected to a 3 bp protospacer adjacent motif (PAM). The
spacer region is the DNA sequence which the sCrRNA recog-
nizes and binds to and is 20 nucleotides of redundant sequence
50 to the PAM sequence, in other words 50 N20NGG or 50

CCNN20 if targeting the opposite strand (see Fig. 1). In order
to use RFLP to assay the sCrRNA activity (see Subheading 3.3),
a suitable restriction enzyme site must cross the Cas9 cut, 3 bp
50 of the PAM site (Fig. 1). Suitable restriction enzymes are
those which function fully in the PCR mix of choice. We use
New England Biolabs enzymes and BioMix Red for this rea-
son—we also prefer BSL1/BSTXI and XCM1 as they are
cheap, have large recognition sequences of mostly redundant
sequence, function in BioMix without buffers, and have inbuilt
PAM sites allowing either strand to be targeted.

14. Always check with the manufacturer that the “sense” of your
sCrRNA sequence is correct. The PAM site, although needed
for the Cas9 to function, is not included in the physical
sCrRNA itself.

15. Primers must be designed so that the region of interest can be
amplified and digested and undigested bands can readily be
differentiated from digested ones. We recommend designing
PCR products which are between 150 and 300 bp in length. If
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there are multiple recognition sites for the same enzyme within
the chosen exon, the primers must be designed to amplify a
region including only one of these recognition sites.

16. To identify highly active (haCrs), we initially co-inject four
different guides targeting the same gene of interest, as
designed in Subheading 3.1. We then perform the RFLP
assay as described in Subheading 3.3 to identify two haCrs
for functional gene targeting. Occasionally, further four guides
might need to be designed and co-injected to find two haCrs.
Once two haCrs are identified, we co-inject just those two
guides for the lesion assay to maximize guide efficiency while
minimizing off-target effects.

17. Sometimes this introduces bubbles which block the pulled
needle. To avoid this, place the pipette tips as far into the
glass needle as possible, and gently push the pipette pump.
Expelling the liquid too fast may result in incomplete transfer
of liquid and/or bubbles through the delicate tip.

18. Making an opening of the required size requires practice. For
first-time users, start by pinching off just a small length of
needle and repeat until an opening is created.

19. The time and pressure settings on the microinjector can be
used to fine-tune the droplet size.

20. Adjust pressure/time settings on microinjector to fine-tune
droplet size to ensure equivalent injection volume for each
needle.

21. To increase the likelihood of obtaining high-quality embryos,
mixing of males and females should be timed to coincide with
the beginning of the light phase of the light–dark cycle (we pull
out a tank divider that previously separated males and females
for the preceding night).

22. Excess water should be removed to allow for easier injecting.
Removing the water can be done by allowing it to run under-
neath the glass slide, or alternatively by using a fine-tip pipette.

23. Youmight also like to keep one group of embryos as uninjected
controls, particularly if not using a control-injected group.

24. Here we describe how to perform RFLP for one injected guide.
We perform this method on all designed sCrRNAs targeting a
particular gene of interest (usually four in the first instance).
This allows us to identify two haCrs for functional studies. We
then co-inject these two guides only and use the injected fish
for the lesion experiment and bridging assay. However, we
continue to perform RFLP for each of the two guides on
eight injected fish out of every batch of injections as an internal
control to check for continued sCrRNA efficiency and injec-
tion success.
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25. We usually perform this stage at 1 day postfertilization. Suc-
cessfully injected individuals should have a green hue through-
out their body and yolk sac. Embryos do not need
dechorionating.

26. This program works for the majority of our primer designs.
However, if amplification is unsuccessful, you may want to
adjust this setting based on the melting temperatures (Tm) of
your custom primer pairs (this information is usually provided
by the manufacturer).

27. We use a thermocycler to easily heat to the desired tempera-
ture. Some enzymes only need 60–90 min to undergo com-
plete restriction digestion, but if you are unfamiliar with the
enzyme, it is best to start with 120 min.

28. The length of time the gel is run for depends on specific
dimensions of gel. The important thing is to run the gel long
enough to allow for clear resolution of similar-sized bands but
without running the bands off the gel completely.

29. If the injections have been successful (and guides are highly
efficient), the size of the band(s) in the sCrRNA-injected sam-
ples should be equal to those in the control undigested sample
(if the targeting has been successful, the restriction enzyme
recognition site will no longer be present, so the restriction
digestion will have been unsuccessful). See Fig. 2b for an
example of this.

30. Occasionally, highly active guides will show a smear-like band
at the same height as the undigested controls and may also have
a second band slightly higher than an undigested band. These
show the guide works well and is causing the formation of
heteroduplexes.

31. If guides are inefficient (or not properly injected), the size of
the band(s) in the sCrRNA-injected samples will be equal to
those in the control-digested sample. See Fig. 2d for an exam-
ple of this.

32. Sometimes you will get dual bands—one at the position of the
control undigested and another at the position of the control
digested. This indicates that guides are not 100% efficient. You
can compare the relative intensities of the bands to approxi-
mate efficiencies. See Fig. 2c for an example of this.

33. It is easier to lesion the fish when the agar plate surrounding
the fish is dry (to prevent fish moving under pressure of nee-
dle), so remove as much excess medium as possible using a fine-
tip Pasteur pipette.

34. The difficulty here is fully transecting the spinal cord without
damaging the notochord. This can be made easier for begin-
ners by using the maximum possible magnification (we use
50�), and using a microscope that has a light source
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illuminating the fish from both below and above, in order to be
able to see the notochord boundary clearly. It may also benefit
beginners to begin by lesioning the fish under a fluorescent
microscope (allowing the user to see the axons) to understand
the extent of the lesion necessary to allow complete spinal cord
transection.

35. To remove the fish from the agar plate without causing exces-
sive mechanical strain to the lesion site, we use a Pasteur pipette
to direct a stream of E3medium at the larva on the agar plate to
dislodge it and wash it into the petri dish.

36. It may be worthwhile for beginners to screen for complete
transection soon after lesion is performed (~2 h allows for
optimal visibility of lesion site). This allows users to remove
false positives (e.g., larvae which would otherwise be counted
as bridged at 24 h post-lesion but instead were never
completely transected).

37. In our hands, we routinely see ~40% of larvae with bridges at
24 h post-lesion and ~80% at 48 h post-lesion.
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Chapter 16

Translating Ribosome Affinity Purification (TRAP)
and Bioinformatic RNA-Seq Analysis in Post-metamorphic
Xenopus laevis

Gregg B. Whitworth and Fiona L. Watson

Abstract

Recent technical advances provide the ability to isolate and purify mRNAs from genetically distinct cell
types so as to provide a broader view of gene expression as they relate to gene networks. These tools allow
the genome of organisms undergoing different developmental or diseased states and environmental or
behavioral conditions to be compared. Translating ribosome affinity purification (TRAP), a method using
transgenic animals expressing a ribosomal affinity tag (ribotag) that targets ribosome-bound mRNAs,
allows for the rapid isolation of genetically distinct populations of cells. In this chapter, we provide stepwise
methods for carrying out an updated protocol for using the TRAPmethod in the South African clawed frog
Xenopus laevis. A discussion of the experimental design and necessary controls and their rationale, along
with a description of the bioinformatic steps involved in analyzing the Xenopus laevis translatome using
TRAP and RNA-Seq, is also provided.

Key words TRAP, Expression profiling, Xenopus laevis, RNA-Seq analysis

1 Introduction

The goal of many translational profiling studies is to compare the
transcriptome or translatome of genetically distinct cell types from
organisms undergoing developmental, behavioral, and environ-
mental changes. Early advances for creating cell-type-specific trans-
lational profiles for CNS cells have been difficult due to their highly
complex and heterogeneous organization. The morphologically
indistinct and physical intermixing of heterogeneous tissues has
made their isolation particularly challenging, and the tissue extrac-
tion and processing methods risk changing the profiles themselves
[1, 2]. In addition, the amount of total RNAs present in a cell
includes noncoding RNAs (ncRNAs), ribosomal RNAs (rRNAs),
transfer RNAs (tRNAs), microRNAs (miRNAs), as well as the
mRNAs destined for translation into proteins. The difference
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between the populations of ribosomal-bound and non-ribosomal-
bound RNAs is further complicated by RNAs and ribonucleopro-
teins (RNPs) present in the cell that are tied up in stress granules or
undergoing degeneration [3]. Thus teasing apart the transcrip-
tional profiles based on total cellular RNAs (transcriptome) from
the translational profiles based on mRNAs destined for translation
(translatome) presents additional challenges [3].
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Translating ribosome affinity purification (TRAP), a method
first devised for translational profiling in mice, relies on the use of
TRAP transgenic mouse lines that express cell-type-specific promo-
ters to drive expression of a ribosomal tag that can then be used to
capture and isolate ribosomes and their associated mRNAs
[4, 5]. This method resolves the challenges of needing to
(a) rapidly isolate genetically distinct cell types without the burden
of physically dissociating and isolating them and (b) isolating
actively translating mRNAs from the total RNAs, by using a cell-
type-specific promoter to target a single cell type and by stalling and
capturing only those mRNAs bound to ribosomes. In essence, this
method “TRAPs” mRNAs in their in vivo conditions where previ-
ous methods required lengthy cell purification steps such as
fluorescence-activated cell sorting (FACS) and immunopanning,
processes that would likely change their expression profiles
[1, 2]. The TRAP-extracted or “TRAPed” RNA samples will also
include rRNA and tRNAs, both of which are easily identifiable and
can be excluded from analysis. Because the TRAP method specifi-
cally targets mRNAs bound to tagged ribosomes, this protocol
provides a closer representation of the pool of mRNAs destined
for translation [6].

Specifically, the original TRAP method [4] relies on the use of
transgenic animals that express an enhanced green fluorescent pro-
tein (EGFP) fused to a ribosomal protein (rpl10a or L10a) chosen
for its location on the surface of the large ribosomal subunit. A
linker sequence is introduced between the EGFP and L10a protein
to enhance protein folding and facilitate incorporation of L10a into
the large ribosomal subunit. In this way, the transgene’s EGFP
protein is expressed on the surface of the ribosome, exposed to
the cytoplasm and readily accessible to antibody recognition. The
method hinges on the use of transgenic TRAP animal lines with
cell-type-specific promoters to drive expression of the EGFP-L10a
transgene in distinct populations of cells. In this way, tissues can be
rapidly dissected and homogenized into lysates, and only tagged
ribosomes from the targeted cell type are isolated, thus circumvent-
ing the need for lengthy dissections. Addition of cycloheximide to
the buffers inhibits translation elongation, in essence “TRAPping”
ribosomes in situ on mRNAs. The purified lysates are incubated
with an affinity matrix consisting of anti-EGFP antibodies conju-
gated to biotinylated protein L-coated magnetic beads that bind
the EGFP-L10a ribosomal tag. A simple magnet is then used to



capture these EGFP-tagged ribosomes along with their associated
mRNAs. Sequential washes clear the lysates of proteins, enzymes,
salts, and other reagents from the ribosome–mRNA complexes. At
the final step in the TRAP protocol, mRNAs are purified using
standard commercial RNA isolation procedures. Qualitative and
quantitative assessment of the TRAP-extracted RNAs is crucial to
determine whether these TRAPed RNAs can be used for down-
stream application that includes RNA-Seq, microarrays, and qPCR.
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In this chapter, we provide stepwise protocols for using the
TRAPmethod in the frogXenopus laevis along with a description of
the bioinformatic steps involved in analyzing the translatome for
Xenopus laevis. The latter is made more challenging because of the
allotetraploid nature of the X. laevis genome. While we do not
provide in-depth protocols for generating the transgenic TRAP
frog lines, we do provide an overview of the workflow involved in
validating newly generated TRAP lines [7]. Since our initial studies
[7, 8], several aspects of the original TRAP protocol [4] were
updated primarily as a means to increase the total mRNA quality
and yield and provide results from a side-by-side comparison of
fresh vs. frozen tissue [5]. We also provide a discussion of the
experimental design and necessary controls and highlight challeng-
ing critical procedural steps along with problem-solving methods.

2 Materials

Buffers required for the TRAP assay are provided in this section.
Please note that all reagents must be kept RNase-free and solutions
must be made using RNase-free water. Any glassware and all bench-
tops, pipets, and tube racks are washed with RNase decontamina-
tion solution and rinsed with RNase-free water (seeNotes 1 and 2).
It is practical to prepare a sufficient volume of stocks to repeat
experiments several times using RNase-free tested reagents.

2.1 TRAP Supplies

and Reagents

1. Transgenic TRAP frogs (see Notes 3 and 4).

2. Silicone plates for tissue dissection.

3. Streptavidin-coated magnetic beads (e.g., Dynabeads MyOne
Streptavidin T1, Invitrogen) (see Note 5).

4. Monoclonal anti-green fluorescent protein (anti-GFP) anti-
body (see Note 6).

5. Fluorescence-based RNA quantitation kit (e.g., Quant-iT
RiboGreen RNA assay) (see Note 7).

6. RNA extraction kit with in-column DNase digestion (e.g.,
Absolutely RNA Nanoprep kit; QIAGEN RNEasy) (see
Note 8).
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7. RNA stock: Purify total RNA from a tissue. Dilute RNA to
100 μg/mL using RNase-free water and aliquot into single-use
tubes; store at -80 °C. The RNA will be used to make a
concentration curve for the fluorescence-based RNA quantita-
tion kit. Note: Commercial kits may come with pre-diluted
RNA standards.

8. Certified DNase/RNase-free plasticware (50 mL tubes; 15 mL
tubes; 1.7 mL microfuge tubes; 0.5 mL microfuge tubes).

9. Barrier tips for P1000; P200; P10; P2 (RNase-free).

10. Magnetic particle concentrator (see Note 9).

11. End-over-end microfuge tube rotator.

12. Potter-Elvehjem PTFE Pestle Tissue Grinder and glass holder
(see Note 10).

13. Motorized homogenizer (see Note 10).

14. Large rectangular 9 L ice pan or Styrofoam container to hold
samples and reagents.

15. Refrigerated microcentrifuge.

16. Mini microcentrifuge (e.g., Nanofuge).

17. Instrumentation for assessing RNA quality (e.g., Bioanalyzer
Instrument) (see Note 11).

18. Fluorescence microplate reader (see Note 12).

19. Protease inhibitor cocktail tablets (e.g., Roche cOmplete
ULTRA EDTA-free tablets).

20. Nuclease-free water.

21. DNase I—1500 Kunitz units of RNase-free lyophilized
DNase I.

22. RNase decontamination solution (e.g., RNase AWAY, RNase
ZAP).

23. Ribonuclease inhibitor—a broad-spectrum recombinant
RNase inhibitor sensitive to denaturation; store with enzymes
at-20 °C, preferably in a benchtop cryo-cooler. Add to Tissue
Lysis Buffer immediately prior to use, and swirl gently (do not
vortex!) (e.g., RNaseOUT, RNasin Ribonuclease Inhibitor).

24. Ribonuclease-inhibitor plus—an RNase inhibitor with
increased stability at higher temperature (e.g., SUPERase•In
or RNasin Plus Ribonuclease Inhibitor).

25. 96-well, flat bottom, black, polystyrol plates.

26. Biotinylated protein L: Reconstitute biotinylated protein L to
1 μg/μL in IgG-free 1× PBS. Aliquot into single-use aliquots;
store at -80 °C.
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27. 300 mMDHPC (1,2-diheptanoyl-sn-glycero-3-phosphocho-
line): Prepare 300 mM DHPC stock using RNase-free water.
DHPC is stored in glass ampules or glass vials at -20 °C. Prior
to adding water, warm the DHPC powder to room tempera-
ture. Keep at room temperature, with occasional vortexing for
~30 min to produce a solution. Ensure that sufficient time has
passed to allow for complete hydration to occur. Once DHPC
is fully reconstituted in water, the 300 mM stock can be stored
at 4 °C and used for up to 7 days. Do not store it in plastic (see
Note 13).

28. Cycloheximide stock solution: Prepare a 100 mg/mL stock
of cycloheximide by dissolving 100 mg of cycloheximide in
1 mL of methanol. Store the stock at 4 °C for no more than
1 day. Check color before use—do not use if the solution has
yellowed.

29. DNase I stock solution: Using a nuclease-free syringe, inject
550 μL of RNase-free water into a 1500 Kunitz units vial of
DNase I to dissolve lyophilized DNase I without loss. Mix by
gently inverting vial. Divide into single-use aliquots and store
at -20 °C for up to 9 months (do not refreeze). Thawed
aliquots can be stored at 4 °C up to 6 weeks.

30. Methanol.

31. 100% ethanol: Molecular biology grade.

32. 1 M DTT: Reconstitute dithiothreitol to 1 M in RNase-free
water. Filter-sterilize the solution and store at-20 °C in 1 mL,
single-use aliquots.

33. 1 M glucose: Prepare 50 mL of 1 M glucose in RNase-free
water. Store at room temperature.

34. 2 M KCl: Prepare 50 mL of 2 M KCl in RNase-free water.
Store at room temperature.

35. 1 M HEPES–KOH: Prepare 50 mL of 1 M HEPES–KOH,
pH 7.4, in RNase-free water. Use KOH pellets to bring the
solution to pH 7.4. Store at room temperature.

36. 1 M MgCl2: Prepare 50 mL of 1 M MgCl2 in RNase-free
water. Store at room temperature.

37. 5 M NaCl: Prepare 50 mL of 5 M NaCl in RNase-free water.
Store at room temperature.

38. 10% NP-40: Prepare 50 mL of 10% v/v NP-40 in RNase-free
water. Store at room temperature.

39. IgG-free 10× PBS (RNase-free).

40. PBS–BSA buffer: Using IgG-free 10× PBS, prepare a 1× PBS
containing 3% (weight/volume) IgG and protease-free BSA
using RNase-free water. Make fresh prior to use.
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41. 20× TE (pH 7.5): Prepare a 20 mL solution of 0.2 M Tris–
HCl and 20 mM EDTA. Store at room temperature. For use
with fluorescence-based RNA quantitation kit (some commer-
cial kits supply 20× TE).

2.2 TRAP Buffers

(See Note 14)

42. 10×MMR: 1MNaCl, 20 mMKCl, 10 mMMgSO4, 20 mM
CaCl2, 50 mM HEPES. Adjust pH by dropwise addition of
concentrated 5 NNaOH to achieve pH= 7.4 (modified from
[9]; see Note 15).

43. 0.5× MMR dissection buffer: Dilute 10× MMR to 0.5×
MMR (pH 7.4) with RNase-free water. If the tissue has a
high metabolic rate such as the retina, add glucose to a final
concentration of 35 mM glucose. Immediately prior to use,
add cycloheximide to a final concentration of 100 μg/mL
cycloheximide (see Note 16).

44. Tissue Lysis Buffer: 20 mM HEPES–KOH [pH 7.4],
10 mM MgCl2, 150 mM KCl, and 1% (vol/vol) NP-40.
Store at 4 °C up to several months. Immediately prior to
use, add DTT, cycloheximide, and RNase inhibitor stocks to
yield final concentrations of 0.5 mMDTT, 100 μg/mL cyclo-
heximide, 10 μL/mL of RNase inhibitors, and RNase plus
inhibitors. In addition, add one tablet of protease inhibitors
(EDTA-free) per 10 mLs of Tissue Lysis Buffer (see Note 1).

45. Low-salt buffer: 20 mM HEPES–KOH (pH 7.4), 5 mM
MgCl2, 150 mM KCl, 1% NP-40. Store at 4 °C up to several
months. Immediately prior to use, add DTT and cyclohexi-
mide (final concentrations: 0.5 mM DTT and 100 μg/mL
cycloheximide).

46. High-salt buffer: 20 mM HEPES–KOH (pH 7.4), 10 mM
MgCl2, 350 mM KCl, 1% NP-40. Store at 4 °C up to several
months. Immediately prior to use, add DTT and cyclohexi-
mide (final concentrations: 0.5 mM DTT and 100 μg/mL
cycloheximide).

47. ß-Mercaptoethanol (store at 4 °C after opening).

3 Methods

3.1 Preliminary

Experiments

1. Carry out two sets of pilot experiments (see Note 17) t
establish the magnetic bead to sample tissue ratio (pilot experi-
ment #1; see Note 18) and to determine the RNA yield from
TRAP tissue, reproducibility, nonspecific binding, and the
presence of any potential RNA degradation (pilot experiment
#2; see Note 19).

2. Carry out comparative experiments using Xenopus TRAP lines
(see Note 4).
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3.2 Pre-experiment

Preparations for TRAP

1. Determine the total number of experimental and control sam-
ples (see Note 20).

2. Pre-label three sets of 1.7 mLmicrofuge tubes and three sets of
0.5 mL tubes per sample. Cover tubes with plastic wrap and
place at 4 °C.

3. Place P1000 and P200 RNase-free barrier tips at 4 °C or in
cold room.

4. Place the homogenizer and glass tube in cold room to pre-chill.

5. Aliquot dissection buffer, Tissue Lysis Buffer, and high-salt and
low-salt buffers into 50 mL tubes and place at 4 °C (see
Note 14).

6. Prepare the affinity matrix (proceed to Subheading 3.3) (see
Note 21).

3.3 Preparation of

Affinity Matrix (2.5 h)

(See Note 22)

1. Using the optimized affinity matrix component ratio for your
specific TRAP tissue (see Notes 17 and 18), calculate the total
volume of “affinity matrix” required based on the number of
experimental TRAP IP samples required for the experiment.
Include a no-GFP antibody control sample.

2. On ice, thaw sufficient anti-GFP aliquots equivalent to add
100 μg anti-GFP (see Note 23) to each IP sample.

3. Prepare the affinity matrix using the stepwise diagram outlined
in Fig. 1.

4. Keep the affinity matrix samples on ice while completing the steps
involved in tissue processing (see Subheadings 3.4, 3.5, and 3.6).

3.4 Preparatory

Steps for Tissue

Collection and

Homogenization (See

Notes 10 and 27)

1. Fill two small beakers with dissection buffer with freshly added
cycloheximide (final concentration 100 μg/mL), and place in
ice bucket (see Note 28).

2. Based on the number of samples in the experiment, calculate
the amount of buffer needed, and prepare individual 50 mL
tubes for the dissection buffer, Tissue Lysis Buffer, low-salt
buffer, and high-salt buffers. Place in ice bucket.

3. Add cycloheximide (final concentration 100 ug/mL) to dissec-
tion buffer. Place on ice.

4. Add DTT, cycloheximide, and RNase inhibitors to the Tissue
Lysis Buffer (final concentrations: 0.5 m DTT, 100 μg/mL
cycloheximide, 10 μL/mL of RNase inhibitors, and RNase plus
inhibitors). Add one tablet of protease inhibitors (EDTA-free)
per 10 mL of Tissue Lysis Buffer and place on ice.

5. Add DTT and cycloheximide to the low-salt and high-salt
buffers (final concentrations: 0.5 mM DTT and 100 μg/mL
cycloheximide), and place on ice.

6. Pre-fill the glass homogenizer tube(s) with sufficient ice-cold
Tissue Lysis Buffer for one sample and place in ice bucket.
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Fig. 1 Stepwise diagram showing details of steps required for preparing the affinity matrix. Preparing the
affinity matrix (AM) and control affinity matrix (AM-ct) requires sequentially binding the three affinity matrix
components [Streptavidin MyOne T1 magnetic beads (beads), the biotinylated protein L (BP-L), and 100 μg of
Htz anti-GFP antibody (mAb) lots (50 μg of 19C8 and 50 μg of 19F7)] in three distinct steps (1–3). The relative
ratio of the affinity matrix components needs to be optimized for distinct TRAP-extracted tissues during
preliminary pilot experiments (see Notes 18, 19 and 20). The overall volume of liquid to beads should be the
same as the volume in which beads arrive from manufacturer (see asterisk and Note 24). Handle beads gently;
all resuspension steps are performed by slowly and gently pipetting up and down four times using a P1000 (do
not introduce air bubbles; do not vortex) (1e; 2e; 3d; 3j). Following binding of anti-GFP to the biotinylated
protein L-coated beads (3g), wash the AM (beads–BP-L–mAB) and AM-ct (beads–BP-L) three times with
low-salt buffer (L-S buffer; 3h). After the third and final L-S buffer wash (3h, i), divide the affinity matrix into
pre-labeled tubes corresponding the total number of IP samples, and place individual samples on magnet (3i).
Discard supernatant and resuspend each sample containing either the AM or AM-ct in final 200 μL volume of
L-S buffer (3j). Place samples on ice until sample lysates are ready to be immunoprecipitated (3k). Beads can
be prepared up to 2 weeks prior to use (see Note 22)
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3.5 Tissue Collection

and Homogenization—
Work on Ice/Keep

Samples Cold (See

Notes 10 and 27)

1. Quickly dissect the tissue of interest in ice-cold dissection
buffer with freshly added 100 μg/mL cycloheximide (see
Notes 29 and 30).

2. Use forceps to briefly and sequentially rinse TRAP-extracted
tissue in beakers containing pre-chilled dissection buffer for
2–5 s (see Note 28).

3. Quickly transfer pooled tissue into the glass homogenizer tube
pre-filled with volume of ice-cold Tissue Lysis Buffer for one
sample (see Note 30).

4. Immediately homogenize the tissue for each set of pooled
tissues before dissecting next sample by plunging the Teflon
pestle to the bottom of the tube.

5. Once the plunger is fully immersed, turn on the homogenizer
to 300 rpm, and gradually increase the speed to 900 rpms for
12 strokes (see Note 10).

6. Turn off homogenizer while pestle is submerged and remove
the plunger while keeping the sample on ice.

7. Transfer the homogenized lysate using pre-chilled P1000 bar-
rier tips to a pre-labeled, pre-chilled microfuge tube.

8. Keep homogenized lysates on ice until all the samples have
been sequentially collected and homogenized (see Note 31).

3.6 Lysate

Preparation—Work on

Ice Unless Indicated

1. Centrifuge the homogenized tissue lysates in a refrigerated
centrifuge for 10 min at 2000 × g.

2. Transfer the supernatant (S2) to new pre-labeled microcentri-
fuge tube on ice. While transferring the S2 supernatant, record
the final supernatant volume (see Note 32).

3. Add 1/9 sample volume of 10% NP-40 to S2 for a final sample
concentration of 1% NP-40 and mix gently by inversion.

4. Briefly pulse the sample to the bottom of the tube using a mini
microcentrifuge and return to ice immediately.

5. Add 1/9 sample volume using the 300 mM DHPC stock for a
final sample concentration of 30 mM DHPC. Mix gently by
inversion (see Note 33).

6. Briefly pulse the sample to the bottom of the tube using a mini
microcentrifuge and incubate on ice for 5 min.

7. Centrifuge all samples at 4 °C, 10 min, 20,000 × g.

8. Transfer each supernatant (S20) containing the ribosome–
RNA complex to a new pre-labeled, pre-chilled microcentri-
fuge tube on ice, and proceed with immunopurification.

3.7 Immuno-

purification

1. Add 50–200 μL freshly prepared affinity matrix or matrix con-
trol (see Subheading 3.3, step 4) to corresponding S20
samples.



288 Gregg B. Whitworth and Fiona L. Watson

2. Incubate samples and affinity matrix at 4 °C for 16–18 h (over-
night) with end-over-end mixing.

3. After binding with affinity matrix, place samples on magnet
submerged in ice for 60 s; transfer the supernatant (unbound
fraction) to a new pre-chilled tube on ice, and save until RNA
isolation step (see Note 34).

4. Remove the magnet leaving samples on ice. Resuspend beads
containing the ribosome–RNA complex in 1 mL of high-salt
buffer (0.35 M KCl), and gently pipet up and down four times
using the P1000 pipet.

5. Wash each sample three times by placing tubes on magnet for
60 seconds and resuspending in 1 mL of H-S buffer (see
Note 35).

6. After final wash, place samples on magnet, remove and discard
the supernatant, and proceed to RNA isolation (see
Subheading 3.9).

3.8 Preparatory

Steps for RNA Isolation

(See Note 36)

1. Add 10 μL beta-mercaptoethanol (ß-ME) per 1 mL RLT
buffer; place at room temperature (see Note 37).

2. Add 100% ethanol to the concentrated RPE buffer.

3. Thaw aliquot of DNase I stock solution on ice.

4. Prepare the DNase I–RDD buffer by adding 10 μL DNase I
stock solution with 70 μL RDD buffer for each sample. Mix
gently by gentle tube inversion (do not vortex).

5. Place three new sets of pre-labeled tubes, pre-chilled 0.5 mL
tube in ice bucket.

3.9 RNA Isolation

(See Notes 8 and 36)

1. After the last wash (see Subheading 3.7, step 6), place beads on
magnet at room temp and remove all H-S buffer.

2. Add 350 μL RLT buffer with added ß-ME to each sample and
incubate for 5 min at room temperature (seeNotes 37 and 38).

3. Add 250 μL 100% ethanol to the RLT–beads by pipetting up
and down five times.

4. Place samples on the magnet and carefully remove RLT and
ethanol solution from beads (the supernatant now contains the
eluted RNA–ribosome complex).

5. Transfer the supernatant from each sample to an RNeasy spin
column placed in a 2 mL collection tube.

6. Centrifuge spin columns for 30 s at 8000 × g; discard flow-
through.

7. Add 350 ul of RW1 buffer to the RNeasy spin column. Close
the lid gently, and centrifuge for 15 s at ≥8000 × g to wash the
spin column membrane. Discard the flow-through.
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8. Reuse the collection tube from step 7.

9. Add 80 μL of the DNase I–RDD buffer solution directly to the
column membrane of each spin column, and incubate on the
benchtop (20–30 °C) for 15 min.

10. Add 350 μL RW1 buffer directly to each RNeasy spin column.
Close the lid gently, and centrifuge for 15 s at ≥8000 × g.
Discard the flow-through and collection tube.

11. Place spin column in a new 2 mL collection tube. Wash spin
columns by adding 500 μL RPE buffer, close the spin column
lid gently, and centrifuge for 15 s at ≥8000 × g. Discard the
flow-through.

12. Wash column by adding 500 μL of 80% ethanol, close the spin
column lid gently, and centrifuge for 2 min at ≥8000 × g.
Discard the flow-through.

13. To rid spin columns of any residual ethanol, place the RNeasy
spin column in a new 2 mL collection tube, leave lid open, and
centrifuge at full speed for 5 min. Discard flow-through and
spin column.

14. To elute RNA from spin column, place RNeasy spin columns in
a new 1.5 mL collection tube, and, depending on the expected
yield, add 20–50 μL nuclease-free water. Spin RNeasy columns
for 1 min at 8000 × g.

15. Reapply eluate from step 14 directly to the spin column and
centrifuge RNeasy columns for 1 min at 8000 g. Discard spin
columns (see Note 39).

16. Mix eluted RNA by pipetting up and down several times on ice.

17. Immediately transfer 2 μL of RNA into each of the two sets of
0.5 mL pre-labeled tubes. One set will be used for RNA
quantitation; the other set will be used for assessing quality of
the RNA (see Notes 11 and 40).

18. Flash freeze all samples in liquid nitrogen and store at -80 °C
(see Note 41).

3.10 Assessment of

RNA Quantity (See

Note 42)

1. Allow all RiboGreen Quant-iT to warm to room temp until the
DMSO is thawed.

2. Prepare 20 mLs of 1× TE (1 mL of 20× TE + 19 mL o
nuclease-free water).

3. Prepare aqueous Quant-iT RiboGreen working solution opti-
mized for low-range RNA quantification (see Note 43).

4. Thaw one set of pre-aliquoted 2 μL samples on ice to determine
the concentration of affinity-purified TRAP-extracted RNA.

5. Thaw 1 aliquot of 100 μg/mL RNA stock on ice. Thaw the
100 μg/mL RNA stock sample on ice.
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6. Prepare a standard curve optimized for a low-range standard
curve using serial dilutions of the 100 μg/mL RNA stock to
yield a 100 ng/mL working RNA stock (see Note 43).

7. Once the standard curve is prepared, prepare duplicate wells for
each unknown TRAPed sample by adding the following com-
ponents to each well:

– 99 μL of 1× TE

– 100 μL of low-range Quant-iT solution

– 1 μL of sample

8. Use the software associated with the fluorescence-based scan-
ner to provide a standard curve and results for the unknown
samples.

3.11 Assessment of

RNA Quality (See

Note 11)

1. Send one set of 2 μL aliquots to a university core facility for
analysis using an Agilent Technologies Bioanalyzer.

2. The RNA concentration of affinity-purified TRAP-extracted
samples determined in subheading 3.10 will dictate the range
required for the Bioanalyzer chip selection (see Note 11).

3. Samples with an RNA integrity number (RIN) >8 will yield
viable cDNA libraries of sufficient quality to provide good
RNA-Seq results.

3.12 cDNA Library

Construction and RNA

Sequencing

1. Send samples on dry ice to a suitable facility for cDNA library
construction and RNA sequencing.

3.13 Data Analysis

Overview and Working

Environment

In this section we will review an example workflow for analyzing
RNA-Seq data obtained from TRAP. At each step we will cover
example software solutions or techniques from among the many
available. An overview of the individual steps of this data analysis,
along with associated terminology and file types, can be found in
Fig. 2.

Fig. 2 Schematic diagram of the major stages for data analysis. File formats typically used at each step are
shown above the arrows, possibly optional steps shown in green, and software discussed here are listed at the
bottom of the figure
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In choosing a computing environment to work in, we recom-
mend any popular Linux platform such as Ubuntu or Amazon
Linux (Red Hat) for the smoothest experience. Each of the com-
putationally intensive parts of this workflow is independent and
easily run in parallel for each of your samples on an in-house
high-performance computing cluster or on compute instances
provided by a cloud vendor. For scripting, data wrangling, and
creating visualizations, we recommend R using the RStudio devel-
opment environment (https://rstudio.com/products/rstudio/)
[10], although Python is another popular choice. If you are new
to R, we recommend Garrett Grolemund and Hadley Wickham’sR
for Data Science (https://r4ds.had.co.nz/) as an excellent place to
get started.

3.14 Sequence File

Preparation and

Quality Control

Filtering

If your RNA-Seq vendor is using Illumina sequencing, the input to
this workflow will be sequence reads stored in FASTQ files. These
files contain both the raw sequences obtained through high-
throughput sequencing and quality values for each of the base
calls in those reads. It is important at this initial step to understand
how your RNA-Seq vendor has supplied these files. For example, if
you multiplexed your samples—ran more than one sample in each
sequencing lane using unique adapter sequence for each—the
FASTQ files you are provided may or may not have already been
separated by sample. So, to map sequencing reads to the genome,
we will need to, possibly, do several things: (1) demultiplex FASTQ
files so that there is one FASTQ for each unique TRAP sample,
(2) remove adapter sequences introduced during cDNA library
creation, and (3) filter reads to a standardized quality threshold.

To perform these steps, we recommend using Trimmomatic
[11]. Trimmomatic is a widely used, well-documented solution
that is efficient and has a relatively simple command line interface.
It is also multithreaded, so it can take advantage of high-CPU
count devices or cloud instances. Trimmomatic is provided by the
Usadel lab as a Java “.jar” file (http://www.usadellab.org/cms/?
page=trimmomatic), so you may need to install a Java VM, such as
OpenJDK, in your computing environment to use it. We will run
Trimmomatic on each of our input FASTQ files, providing it (1) an
input file name, (2) an output file, (3) a SE (single-end) or PE
(paired-end) mode setting, (3) information about adapter
sequences to be removed (e.g., “TruSeq2” or “TruSeq3”), and
(4) a number of optional quality control cutoff values. We recom-
mend experimenting with how different combinations of quality
control cutoff settings affect the number of reads that survive the
quality control filter (seeNote 44). Trimmomatic produces log files
from each run that are easily parsed to find the percentage of reads
that were discarded with a particular combination of quality control
settings. We recommend scanning these logs for each of your
samples to ensure that none of your samples have an unusually

https://rstudio.com/products/rstudio/
https://r4ds.had.co.nz/
http://www.usadellab.org/cms/?page=trimmomatic
http://www.usadellab.org/cms/?page=trimmomatic


large number of discarded reads, relative to the others, as this might
be a sign of a technical issue with a sequencing lane which could
introduce bias in read mapping results.
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3.15 Mapping RNA-

Seq Reads to the

Genome

The next step in our data analysis workflow will be to try to map
each of the RNA-Seq reads in our filtered FASTQ files to genomic
loci (unique genes). At this stage of the analysis, we will need to
choose a resource to use for our genomic reference. We could, for
example, align our RNA-Seq reads to a gene model reference, such
as the JGI gene models [12]. Or we could align our samples to a set
of expressed sequence tags, like those in the NCBI EST database
[13]. Although the allotetraploid nature of the X. laevis genome
has long complicated the construction of a high-quality reference
genome, recent advances have significantly improved the resources
available. Importantly, when mapping reads to the newer gene
models (v9.1 and v9.2), a distinction is made between homeolog
pairs that map to large “.L” or small “.S” chromosomes. At present,
we would recommend aligning to the JGI v.9.2 gene models mir-
rored at Xenbase (ftp://ftp.xenbase.org/pub/Genomics/JGI/) as
a first pass, reverting to EST approach only if a particular gene of
interest to your project is not yet present in the gene model set.

One popular software option for performing read alignments is
the Bowtie2 package [14], although there are many others with
performance advantages and disadvantages (see Note 45).
Performing read alignments with Bowtie2 comes in two stages:
(1) first we will prepare a genome reference from our chosen source
(once), and (2) then we will use that reference to align the reads in
each of our filtered FASTQ files. The first step creates a number of
“.bt2” files that contain the genomic index Bowtie2 we will use,
while the second step produces SAM (Sequence Alignment/Map)
files that associate each of our successfully mapped sequencing reads
with symbols in the reference genome (see Note 46). As above, we
recommend scanning log files at this stage to ensure that none of
your samples exhibited unusually low rates of reads mapped to the
reference genome.

With these results in place, we can now estimate levels of gene
expression in each of our samples, counting the number of times we
found a match between an RNA-Seq read and a gene in the refer-
ence genome. Fundamentally, we need to perform two kinds of
normalization to make these counts meaningfully comparable
between genes and samples. The first is to normalize counts to
the coding region length for each gene. The second is to normalize
counts within a sample to the number of total reads for that sample.
A widely used unit for these normalized counts is FPKM: fragments
per kilobase of exon per million reads (see Note 47).

There are numerous software solutions available that take dif-
ferent approaches to performing this normalization and gene

ftp://ftp.xenbase.org/pub/Genomics/JGI/


expression estimation, but we recommend RSEM as a widely used,
well-documented, and mature option (https://github.com/
deweylab/RSEM) (see Note 48) [15].
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3.16 Higher-Order

Analysis

The first question we usually want to ask once we have normalized
gene expression estimates for each of our TRAP samples is which
genes appear to be up- or downregulated when we compare our
experimental groups. There is a daunting variety of software
options and algorithmic approaches to choose from when
performing differential gene expression on RNA-Seq data. This
diversity of options has been extensively reviewed (e.g., [16–20]).
The best choice for any project hinges on the nature of the experi-
mental design, including the number of biological replicates, and
the downstream questions of interest. As a first pass, we recom-
mend considering DESeq2, edgeR, or EBSeq as widely used and
well-maintained software projects with documented strengths and
weaknesses (seeNote 49). We also recommend experimenting with
at least a few algorithmically distinct approaches to ensure that
differential expression estimates for genes of particular interest to
your project are robust across different approaches.

Hierarchical clustering is a popular method for visualizing sets
of up- or downregulated genes in RNA-Seq data. These visualiza-
tions can be created using either FPKM values from gene expres-
sion estimation or log2 ratios generated during differential gene
expression analysis. Hierarchical clusters can be created in R using
the base “heatmap” function. We recommend pairing hierarchical
clustering with other clustering methods that have distinct
strengths and weaknesses, such as k-means clustering. This can be
done using the “kmeans” function in R (see Note 50). Pairwise
distance analysis is a nice way to get a high-level overview of the
relationships between samples. A matrix of distances between each
of your samples can be calculated using a measure like Pearson
correlation (the “cor” function in R), or Euclidean distance. The
“geom_tile” function in the “ggplot2” R package is a good option
for creating visualizations of these distance matrixes [21].

The last popular analysis technique we will touch on here is to
search for Gene Ontology (GO) terms that are overrepresented in a
set of up- or downregulated genes [22]. In GO databases, graphs of
biological terms (e.g., “splicing” or “translation”) are associated
with gene symbols in a model organism’s genome. There are
numerous packages available that will provide an estimation of the
likelihood that terms are overrepresented in a given set of genes,
usually generated by gene expression estimates that suggest a group
of factors are up- or downregulated in response to an experimental
condition. In R, we recommend the “goseq” package [23]. Xenbase
hosts a number of useful files for performing GO analysis. First, the
“GenePagesGoTerms.txt” table associates GO terms with Xenbase
“gene pages.” These are the webpages for each gene in the genome

https://github.com/deweylab/RSEM
https://github.com/deweylab/RSEM


that include, where relevant, gene symbols for both the large (“.L”)
and small (“.S”) homeolog pairs and X. tropicalis gene symbols.
Coupled with the “XenbaseGenepageToGeneIdMapping.txt,” it is
quite easy to generate the input needed to run “goseq” on a
X. laevis gene set.
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4 Notes

1. Inhibiting RNases: RNases are resilient enzymes prevalent in
most tissues and on all surfaces. Presence of RNases can lower
both the yield and the quality of the RNA. Before carrying out
any experiments, clean all surfaces, pipets, and microfuge tube
racks with an RNase decontamination solution (e.g., RNase-
Zap, RNase AWAY), and use certified RNase-free disposable
barrier tips. Keeping samples, buffers, and tips as cold as possi-
ble will also help lower RNase activity. Tissues from older
animals, such as retinas from older frogs, can be highly vascu-
larized. The blood of older animals tends to be more oxidized
and has increased levels of RNases. In such cases, it may be
worth briefly rinsing freshly dissected tissues in two sequential
ice-cold dissecting buffer baths and removing excess liquid
before placing tissue into homogenizer tube containing
ice-cold lysis buffer. Use of pre-cooled barrier pipet tips to
transfer the post-homogenized lysate into pre-chilled, pre-la-
beled microfuge tubes on ice is also advised. SUPERase•In and
RNasin will inhibit RNase A, B, and C. SUPERase•In will also
inhibit RNase 1 and T1. These enzymes need to be handled
gently (do not vortex) and added to buffers immediately prior
to use. While I only used RNasin and had good RNA integrity
(RIN >8) in my TRAP assays, the Heiman Lab [5] recom-
mends adding both RNase inhibitors.

2. If this assay will be performed frequently, commercially avail-
able RNase decontamination solution is available in bulk (5 gal-
lons) and can be used to fill small spray bottle.

3. Use of all animal experiments should be carried out in accor-
dance with procedures approved by the Institutional Animal
Care and Use Committee (IACUC). Published clones and
TRAP transgenic frog lines are available upon request either
from the author [8] or by purchase (available in 2022) through
the National Xenopus Resource (NXR, RRID:SCR_013731,
http://www.mbl.edu/xenopus).

4. Considerations when using established or creating new TRAP
transgenic lines in Xenopus: Relatively few labs have created
transgenic lines for Xenopus laevis owing to their allotetraploid
genome and long life cycle (8–12 months to reach sexual
maturity). However, frogs can lay several hundred embryos at

http://www.mbl.edu/xenopus
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one time making REMI transgenesis and the more novel
CRISPR/Cas methods excellent tools for generating trans-
genic Xenopus laevis lines [24, 25]. Standard amplification
and cloning methods can be used to create the EGFP-L10a
transgene that can subsequently be subcloned into an expres-
sion vector under control of a cell-type-specific promoter.
Xenopus laevis TRAP lines were created using the RPL10a
ORF (Xenbase.org and Open Biosystems, IMAGE: 4684157)
for Xenopus laevis fused to an enhanced green fluorescent
protein (EGFP) by way of a linker made of two tandem copies
of a serine followed by four glycines (SGGGG)2 [7]. The gly-
cine linker was added to enhance protein folding. Our estab-
lished TRAP frog lines are driven by two distinct cell-type-
specific promoters and a third ubiquitously expressed pro-
moter: Xop promoter [26] to drive the EGFP-L10a transgene
in rods Tg(Xop:EGFP-L10a); Isl2b promoter [27] to drive
EGFP-L10a expression in RGCs Tg(islet2b: EGFP-L10a);
and Blbp to drive EGFP-L10a expression in Müller cells Tg
(Blbp: EGFP-L10a) [7]. Both the rod-specific XOP and
RGC-specific islet2b promoters are allowed for cell-type-spe-
cific enrichment of the retina [7]. The islet2b promoter also
drives expression in the Rohon–Beard neurons and the dorsal
root ganglia, two types of spinal sensory neurons, as well as
neurons in the trigeminal ganglia (unpublished). While we
have not isolated TRAPed RNAs from these sensory cells,
their visible expression pattern indicates they could be used
for TRAP experiments. Since the Tg(Blbp: EGFP-L10a) frog
lines showed high levels of expression in retinal pigment epi-
thelial (RPE) layer and progenitor cells along with a low and
ubiquitous expression level in all the major retinal cell types,
this transgenic line is most useful as a non-cell-type-specific
control [7]. Results from our initial experiments showed that
the quantity of RNA isolated and the background noise can
vary between different TRAP transgenic founder lines under-
scoring the importance of carrying out careful analysis of trans-
gene integration and expression analysis for each F0 founder
line [24]. Because embryos from F0 founder lines are hetero-
zygous, tadpoles must be screened for EGFP using a fluores-
cence dissecting microscope. The RPE and chromatophores
can obscure the ability to screen for EGFP using the epifluor-
escent dissecting microscope. Therefore, it is critical to com-
plete screening of tadpoles prior to the appearance of the
darkened RPE (Stage 36). While comparative TRAP experi-
ments could be carried out using progeny from different TRAP
founder (F0) lines, we advise against this approach due to
differences in the EGFP-L10a transgene expression levels
between individual frog lines that may be attributable to trans-
gene integration site and copy number [7]. Given that EGFP-

http://xenbase.org
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L10a expression levels per cell are variable and can impact the
translational profiling of different cell types and contribute to
the experimental variability, we recommend using the F1 prog-
eny from individual established F0 hemizygous founder lines
with single integration [7].

To establish founder TRAP lines, it is necessary to verify
that (a) the EGFP-L10a protein is expressed in the correct
location within the cell, (b) the expression is cell-type-specific,
and (c) TRAPed mRNAs are enriched in the targeted cell types.
To localize the transgene expression pattern within and
between cells, harvest and fix tissue from a single TRAP animal,
cryosection tissues, stain nuclear DNA with DAPI, and image
the sections using confocal microscopy. Results should show a
Nissl-like staining pattern of EGFP-L10a in the cytoplasm as
well as a diffuse staining in the nucleus along with an area of
punctate staining in the nucleolus, the site of ribosomal assem-
bly. To show the EGFP-L10a transgene is cell-type-specific,
co-stain these tissue sections with an antibody marker specific
to the targeted cell type. Likewise, the expression of the trans-
gene for each line should be tested using cell-type-specific
qPCR primers for genes expected to be expressed at low, mid,
and high expression levels. As a measure of non-cell-type-spe-
cific background noise, include qPCR primers for genes not
expected to be expressed in the TRAPed RNA samples from
retina [7]. To show expression of the EGFP-L10a protein
product, harvest tissues from a single TRAP animal, a wild-
type animal (negative control) and, if available, a non-TRAP
GFP transgenic animal (positive control), homogenize tissue in
protein lysis buffer, and run protein samples on a protein gel.
Western blotting using a commercial anti-GFP antibody
should show GFP expression of the correct size for the
non-TRAP GFP sample (~27KD) and for the EGFP-L10a
transgene (~57KD) in appropriate lanes. Finally, to determine
whether TRAPed mRNAs are enriched in the targeted cell type
relative to other cell types present in the tissue lysate, collect
and save the first supernatant removed following sample incu-
bation with the affinity matrix. Using this unbound fraction, it
is possible to estimate the level of mRNA enrichment relative to
the unbound fraction containing nonspecific mRNAs (total
unbound RNA less the TRAPed mRNAs). Comparing the
TRAPed mRNAs to total non-TRAPed mRNAs will also pro-
vide a measure of cell-type-specific enrichment.

5. Streptavidin-coated magnetic beads. The reagents in this step
have changed considerably since the protocol was originally
published [4]. The Magnetic Streptavidin MyOne T1 Dyna-
beads coupled with biotinylated protein L replaces the Dynal
Protein G magnetic beads. The Streptavidin MyOne T1
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Dynabeads consist of 1-μM-diameter supermagnetic beads sur-
rounded by a monolayer of streptavidin, a tetroid molecule that
binds to biotin with high affinity. Biotinylated protein L binds
the IgG constant region without interfering with the mAb
antigen-binding site. The “affinity matrix” is prepared by incu-
bating the protein L-coated MyOne T1 Dynabeads matrix to
the anti-GFP mAb. Because of the affinity of biotin for IgG, it
is critical that all washes be carried out in IgG-free 1× PBS. To
ensure sufficient affinity matrix is present to capture all the
tagged RNA, the following ratio of individual components
provided is recommended [5]: 300 μL streptavidin-coated
magnetic beads: 120 biotinylated protein L: 100 μg anti-GFP
[5]. This ratio is deemed sufficient to capture all tagged ribo-
somes in 50–200 mg of cerebral tissues. However, because the
amount of affinity matrix varies based on factors such as the cell
type and its abundance, the translational state, and the amount
of TRAP-extracted tissue collected, carrying out preliminary
experiments is highly recommended (see Notes 18, 19 and
20). It is worth noting that in a side-by-side comparison of
the protein L-coated Streptavidin MyOne T1 Dynabeads with
the original Protein G Dynabeads, the Protein G Dynabeads
produced a better RNA yield (L. Fague, UC Davis, CA).

6. Anti-GFP monoclonal antibodies are available from the
Memorial Sloan Kettering Monoclonal Antibody Facility Con-
tact Dr. Frances Weis-Garcia (f-weis-garcia@ski.mskcc.org).
Order equal amounts of “bioreactor supernatant” purity:
50 μg HtzGFP_04 (clone19F7) and 50 μg HtzGFP_02
(clone 19C8). It is highly recommended that the antibodies
be obtained directly from Sloan Kettering. If antibodies arrive
frozen, store at -80 °C until ready to aliquot; then thaw on ice
to aliquot. If antibodies arrive thawed, store at 4 °C for a few
days until ready to aliquot or use in experiment. Before aliquot-
ing, spin mAb in refrigerated microcentrifuge at maximum
speed (>13,000 × g) for 10 min, and transfer supernatants
containing the antibody to new tubes on ice. Based on the
concentration of batches, aliquot the volume necessary for
making single-use 50 μg antibody aliquots in 0.5 mL tubes
for each of the two anti-GFP (19C8 and 19F7). Flash freeze by
immersing tubes in liquid nitrogen and storing at -80 °C. As
part of a series of initial control experiments, a side-by-side
comparison of the recommended monoclonal HtzGFP
(50 μg 19F7 and 50 μg 19C8) antibody mixture was per-
formed using two different commercial anti-GFP antibodies
known to work well for Western immunoblots, immunopreci-
pitations (IPs), and/or immunostaining. In our hands, neither
commercial antibodies yielded any significant polysomal
TRAPed RNA isolates. Concentration range of available anti-
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GFP mAb from Sloan Kettering is 0.5–4.5 mg/mL and varies
by batch. Purchasing sufficient amounts of both antibodies
(19F7 and 19C8) to complete any comparative studies is
recommended as our experiments found variability between
different mAb batches. Record mAb batch numbers/concen-
trations for re-ordering.

7. Use of fluorescence-based RNA quantification methods such as
the RiboGreen kit (or similar) provides the best way to quantify
low concentrations of RNA. The columns in most commercial
RNA kits shed silica debris that can scatter light and lead to
inaccurate RNA readings for samples with RNA yields below
~10 ng/μL. Therefore, use of spectrophotometer-based meth-
ods should only be used for RNA concentrations above
10–50 ng/μL. The Bioanalyzer 2100 or 6000 (or similar) can
also assess RNA yield and concentration. However, this value
has not been deemed reliable for RNA quantification.

8. Many different commercial total RNA extraction kits are avail-
able and the instructions for individual kits should be followed.
In the methods section, we provide instructions for the QIA-
GEN micro-RNeasy kit. However, because kit components
and instructions may be updated or changed over time, users
are advised to verify that these instructions are current for their
specific RNA extraction kit.

9. Magnetic particle concentrator. Several labs have made home-
made versions of a magnetic particle concentrator by gluing a
strong magnet to the side of a microfuge tube holder. The
magnet strength needs to be sufficient to quickly pull the
magnetic beads against the side of the microfuge tubes in
~30–60 s. Commercially available versions are available. Since
speed is an important factor in minimizing RNA degradation,
use of a magnetic particle concentrator that can be placed in ice
and accommodate all experimental samples at the same time is
recommended.

10. Tissue homogenization: In our experience, the homogeniza-
tion step was the most important determinant affecting RNA
yield. The method for homogenizing tissue is determined by
the type of tissue to be homogenized. For instance, plant seeds
have a protective case and insects have tough exoskeleton that
is difficult to shear [28]. Cryogenic grinding with a ceramic
pestle and mortar followed by manual grinding using a glass-
on-glass manual homogenizer has been used in Arabidopsis
plant seedlings [29], a multidirectional fast-speed bead grinder
has been used inDrosophila [30], a motor-driven homogenizer
coupled to a PTFE Teflon pestle [4, 5, 8] or coupled to a
sawtooth grinder [31] has been used in mouse tissues, and
both a manual glass-on-glass homogenizer and a motorized
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Teflon–glass homogenizer have been used to grind Xenopus
tissue [7, 8]. Extreme care should be taken at this step because
many of these methods rely on high-speed frequencies that can
heat samples leading to RNase degradation and/or introduce
air leading to protein denaturation [28]. Initially, we used a
glass-on-glass (Wheaton) Potter-Elvehjem manual homoge-
nizer whereby the glass pestle is submerged to the bottom of
the tube and manually twisted as the piston is raised and
lowered for a total of 12 strokes. Twisting the pestle 360°
ensures all sides of the sample become exposed to grinding.
To disrupt the sample effectively, the fit between the mortar
and pestle in glass tissue grinders should be tight so the pestle
can grab and then shear the tissue between the glass pestle and
tube wall [28]. The effectiveness of the grinding was directly
correlated with the fit of the glass pestle in the tube: the tighter
the fit, the better the homogenization of the tissue (out of six
glass Potter-Elvehjem homogenizers we ordered, only one had
an adequate fit). We eventually used a motor-driven homoge-
nizer with a Teflon (PTFE) pestle to mechanically shear the
tissue. To effectively homogenize the tissue, submerge the
PTFE pestle to the bottom of the tube, turn on the homoge-
nizer at ~300 rpm, and then gradually increase the speed to
~900 rpm while plunging the pestle up and down slowly for
12 strokes. On the downstroke, make sure to plunge the pestle
all the way to the bottom of the tube, while on the upstroke,
avoid the air–liquid interface so as not to create air bubbles. To
maintain samples as cold as possible, homogenize the tissue in a
walk-in cold room, and place the glass homogenizer tube on
ice while homogenizing as the grinding generates heat within
the sample. To achieve reproducibility between technical sam-
ples, it was critical to limit the use of one pestle that had a tight
fit to two homogenizer tubes. By working in the cold room, we
could effectively clean the homogenizer tubes and pestle
between samples by submerging the pestle in a cold RNase
decontamination solution (e.g., RNase AWAY), rinsing multi-
ple times with RNase-free water, and carrying out a final rinse
in Tissue Lysis Buffer. It was critical to limit any side-to-side
wobbling, even to the extent of designing an adapter using the
3D printer to limit any side-to-side pestle movement (L. Fague
UC Davis, CA). Attention to the manner in which the tissue is
homogenized combined with technical skills acquired through
experience is likely to be the key to optimizing this step.

11. Qualitative RNA assessment is critical for downstream applica-
tion of cDNA library construction and RNA sequencing. Agi-
lent Technologies Bioanalyzer 2100 or 6000 is optimized to
determine the integrity of extremely low levels of RNA. Results
from the fluorescence-based RNA quantification (Subheading
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3.10) will inform which chip should be used for assessing the
quality: the nano-chip is used to assess the quality of total RNA
in the 25–500 ng/μL range and mRNA in the 25–500 ng/μL
range, while the pico-chip can be used to assess the quality of
total RNA in the 50–5000 pg/μL and mRNA in the
250–5000 pg/μL range. To outsource RNA quality, send
one set of 2 μL aliquots on dry ice to a core facility for analysis
using an Agilent Technologies Bioanalyzer. Each chip can pro-
cess 12 1 μL samples. Bioanalyzer results include a slab gel
analysis, RNA concentration, rRNA ratios, and the RNA integ-
rity number. The RNA integrity number (RIN) is based on an
algorithm designed to assess the highly prevalent ribosomal
28S and 18S RNA peaks relative to other peaks (noise) present
in the samples. A RIN of 10 (highest rating) will typically only
have the two 28S and 18S ribosomal peaks, while a RIN of
3 has multiple additional peaks and indicates the sample may be
degraded. The amount of rRNAs in the samples is much more
prevalent than that of mRNAs, but these rRNAs are subtracted
during the bioinformatic analysis. The RIN was developed to
standardize the interpretation of the results and provides a
reliable tool to assess RNA integrity. Sample RINs for cDNA
library construction and RNA sequencing should be above
8, preferably in the 8.5–10 range.

12. The fluorometric measurement of nucleic acids is based upon
the use of fluorogenic dyes that bind selectively to DNA or
RNA. A commercially available fluorescence microplate reader
is required to allow detection and quantification of small
amounts of low concentrations of RNA.

13. Order powdered form (e.g., Avanti Polar Lipids 07:0 PC) with
a request for special packaging (5 × 50 mg) as the glass ampules
cannot be resealed.

14. Estimate and aliquot the approximate volume of each buffer
required to carry out the experiment in its entirety. RNase
inhibitors, cycloheximide, DDT, and/or protease inhibitors
will be added to the cold aliquoted buffers immediately prior
to use. Keep all buffers ice-cold and work in cold room or if no
walk-in cold room is available, maintain samples and reagents
on ice at all times.

15. Although MMR (Marc’s Modified Ringer’s solution) prepara-
tions often include EDTA, we exclude it here because EDTA
chelates magnesium, an important component of the TRAP
assay.

16. To accommodate the physiological saline of frogs, dissect tis-
sues in 0.5× MMR dissection buffer (see TRAP buffers) with
cycloheximide added fresh to a final concentration of 100 μg/
mL. The cycloheximide stalls polysomes on the mRNA and
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keeps the ribosome–mRNA complexes from dissociating. For
tissues with a high metabolic rate, e.g., retinas, add glucose to a
final concentration of 35 mM to help quench metabolism.
Since blood represents a source of RNases, highly vascularized
tissues should be rinsed sequentially (twice) in dissection buffer
prior to being lysed. Tissue can also be collected and flash
frozen (see Note 29).

17. Early studies reported low RNA yields from TRAP-extracted
tissue. This protocol has been updated to reflect methods
optimized for increased total RNA yield [5]. RNA yields can
vary as a function of (1) promoter activity driving the EGFP-
L10a transgene and number of cells processed, (2) the affinity
matrix to tissue ratio used to tag the EGFP-L10a, (3) the
efficiency of the tissue homogenization step, and (4) RNA
degradation. To optimize the RNA yield, a series of pilot
experiments using the experimental TRAP tissues is recom-
mended. Pilot experiments, discussed below, will inform the
criteria required for designing the comparative TRAP studies,
number of technical replicates, and animal usage.

18. Pilot experiment #1: While maintaining the ratio of individual
components constant, vary the amount of streptavidin-coated
magnetic beads to determine the amount of “affinity matrix
ratio” relative to the TRAP tissue for your planned experi-
ments. Prepare the “affinity matrix” by incubating the
streptavidin-coated magnetic bead matrix to the anti-GFP
mAb. Because of the affinity of biotin for IgG, it is critical
that all washes be carried out in IgG-free 1× PBS. To ensure
sufficient affinity matrix is present to capture all the tagged
RNA in a given tissue, use the following ratio of individual
components [5]: 300 μL streptavidin-coated magnetic beads:
120 biotinylated protein L: 100 μg anti-GFP. This ratio is
deemed sufficient to capture all the tagged ribosomes in
50–200 mg of cerebral tissues [5]. The amount of affinity
matrix per tissue type can vary substantially. For instance,
using the Protein G Dynabeads, we used 100 μL magnetic
beads per sample containing 10 post-metamorphic Xenopus
retinas (2.6 × 106 RGCs) [8] or 14–20 tadpole retinas per
67 μL of beads [7] which represents ten-fold fewer cells yet
only a third less affinity matrix. Given that the scaling is non-
linear, it is important to optimize the affinity matrix to ensure
sufficient affinity matrix exists to capture all the ribosomes and
associated mRNAs in your particular tissue.

Due to the cost of these reagents, an oversaturation of
beads is not typically used. To optimize the affinity ratio relative
to your tagged tissue, prepare the affinity matrix (Subheading
3.3), and vary the amounts of beads by 0.5X and 2X while
maintaining the individual components constant.



Collect and pool sufficient tissue from TRAP animals for
three samples.
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A.

B. Divide sample into three tubes to ensure the amount of
starting material is the same in all three samples.

C. Follow methods for collecting, homogenizing, and proces-
sing TRAP samples (Subheadings 3.4, 3.5 and 3.6). To
immunoprecipitate (Subheading 3.7), add differing affinity
matrix ratios to each sample (see example below). Note: I
starting with smaller tissue sample sizes, use the same com-
ponent ratios but with less volume, e.g., 150 μL beads:
60 μL biotinylated protein L: 50 μg anti-GFP.

• Sample 1 (0.5X): 150 μL beads: 120 biotinylated pro-
tein L: 100 μg anti-GFP

• Sample 2 (1X): 300 μL beads: 120 biotinylated pro-
tein L: 100 μg anti-GFP

• Sample 3 (2X): 600 μL beads: 120 biotinylated pro-
tein L: 100 μg anti-GFP

D. Compare the amount of TRAP-extracted RNA from the
samples to establish the proper ratio components suitable
for TRAP tissue.

19. Pilot experiment #2: To establish the background noise and
reproducibility and between RNA extraction efficiency (tech-
nical replicates) and between individual tissues (biological
replicates), compare the total RNA yield, quality of RNA
(RNA degradation), and homogenization efficiency. Using
the amount of affinity matrix ratio optimized in pilot experi-
ment #1, run a minimum of three experimental IP samples per
tissue type, and include a no antibody matrix-only control to
establish the level of background noise:

A: Technical Replicate: Collect and pool tissues from three
different sets of TRAP animals and homogenize samples.
Divide pooled tissue homogenate into three different
tubes. In parallel, carry out the binding, immunoprecipita-
tion, and RNA extraction protocol of all three samples.
Compare total RNA yields, RNA concentration, rRNA,
and RIN values to inform your planned TRAP experi-
ments. If the RIN value is <8, results from these samples
will provide a measure of technical error and/or RNase
contamination.

B: Biological Replicate: Collect tissues from one set of TRAP
animals and proceed through to the homogenization step;
place on ice. Collect tissues and proceed to homogeniza-
tion step for two additional sets of TRAP animals (do not
pool samples). Compare total RNA yields, RNA concen-
tration, rRNA, and RIN values to inform your planned
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TRAP experiments. If the RIN value is above 8 but there is
significant variability between samples, then variability is
not likely due to RNA degradation but most likely due to
insufficient or inadequate tissue homogenization (seeNote
12). Note: It may be worth waiting to carry out the
biological replicates until an acceptable amount of varia-
bility between the technical replicates is achieved.

C: Nonspecific Control: Tissue from non-transgenic (wild-
type) animals—homogenize and TRAP samples
individually—since these animals do not have a ribotag, a
comparison of these samples with the biological replicates
will provide a measure of the nonspecific background.

D: Matrix-Only Control: Incubate transgenic tissue with a
protein L-coated beads-only control (no anti-GFP)—
homogenize and TRAP samples (if more than one)
individually—this sample will provide a measure of the
background level related to the matrix.

20. The experimental samples refer to the number of samples that
will be immunoprecipitated (also referred to as IP or TRAP-
extracted). The control samples (Ctl) refer to the number of
samples that will be immunoprecipitated with the control
affinity matrix not bound with the anti-GFP antibody. Know-
ing the total number of samples is required for estimating the
volume required for each buffer, preparation of the affinity
matrix, and labeling and pre-chilling the correct number of
tubes.

21. The “affinity matrix” refers to a ratio of three components:
streptavidin-coated magnetic beads coated in biotinylated pro-
tein L and bound with anti-GFP antibody. The control affinity
matrix refers to affinity matrix without addition of the anti-
GFP antibody. To optimize the ratio of individual affinity
matrix components relative to the TRAP-extracted tissue,
carry out pilot experiment #1 (seeNote 19). To help determine
your RNA yield, reproducibility, nonspecific binding, and any
potential RNA degradation, carry out pilot experiment #2 (see
Note 20).

22. Preparing the affinity matrix (AM) and control affinity matrix
(AMctl) takes approximately 2.5 h and can be prepared fresh
prior to collecting and processing the TRAP-extracted or con-
trol tissues. Alternately, with the addition of 0.02% sodium
azide, the affinity matrix can be prepared up to 2 weeks prior
to the experiment and stored at 4 °C. If using pre-prepared
affinity matrix, the affinity matrix must be washed to remove all
traces of sodium azide. This can be done by placing the affinity
matrix on an end-over-end tube rotator at 4 °C overnight.
Immediately prior to use, carry out three sequential washes in
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low-salt buffer (do not vortex!), and aliquot equally by dividing
into the numbers of tubes that correspond to each IP or
control sample (Fig. 1h).

23. If you are using the anti-GFP antibody mixture from Sloan
Kettering as outline in Note 6, use 50 μg 19F7 and
50 μg 19C8.

24. The Dynabeads are packaged by the manufacturer in a set
volume of buffer. It is important to maintain the beads in the
same total volume as when the beads arrive from the manufac-
turers. Calculate the volume of beads needed for each IP
sample and multiply by the number of total IP samples in the
experiment + control. The total volume of liquid to bead ratio
should not be changed even though the ratio of buffers that
make up this volume is maintained according to the optimized
affinity matrix ratio.

25. This step allows the biotinylated protein L to bind to the beads.
The beads should be maintained in a volume approximating
that which is specified by the manufacturer. Each 1 mL of
resuspended beads transferred from the manufacturer’s bottle
into a tube should be washed once in 1 mL of 1× PBS, placed
on magnet, and resuspended in 1 mL of PBS minus the appro-
priate volume of biotinylated protein L. For example, for sam-
ples using an affinity matrix ratio of 300 μL streptavidin-coated
magnetic beads: 120 biotinylated protein L: 100 μg anti-eGFP,
resuspend the 1 mL of beads–streptavidin using 600 μL of 1×
PBS and 400 μL of biotinylated protein L.

26. Binding of the anti-GFP antibody to the biotinylated protein
L-coated beads is carried out in low-salt buffer in a volume that
corresponds to the initial affinity matrix ratio. For example,
using an affinity matrix ratio of 300 μL streptavidin-coated
magnetic beads: 120 biotinylated protein L: 100 μg anti-
GFP, if the combined 100 ug (50 μg 19F7 + 50 μg 19C8) of
GFP antibody = 40 μL, then resuspend the protein L-coated
beads for one sample in 260 μL of low-salt buffer, and add
40 μL of the combined GFP antibody. For the no antibody
control sample, add 300 μL of low-salt buffer.

27. The recommended tissue to lysis buffer ratio is 25–50 mg
tissue: 1 mL lysis buffer [5]. Scale accordingly. For example,
we homogenized ten adult frog retinas in 300 μL of Tissue
Lysis Buffer. The tissue to lysis buffer ratio should be opti-
mized in pilot experiments (see Notes 18 and 20).

28. Rinsing the dissected tissues is particularly important in highly
vascularized tissues from older animals as they can harbor
higher amounts of RNases. Work on ice, fill two small shallow
(5–10 mL) beakers with ice-cold dissection buffer, and add
100 μg/mL cycloheximide (the opening of the beaker should
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be sufficiently wide to allow the forceps holding the tissue to be
fully immersed). To remove RNase contaminants, briefly
immerse tissue in two sequential baths containing ice-cold
dissection buffer with added cycloheximide. Remove excess
liquid by pressing tissue against the edge of the beaker before
placing tissues into the homogenizer tube containing ice-cold
lysis buffer.

29. Tissue collection: Using freshly harvest tissues for TRAP is
optimal. However, a side-by-side comparative analysis showed
that flash freezing tissue in liquid nitrogen, storing it at –80 °C
for several months, and then homogenizing the tissue in Tissue
Lysis Buffer while the tissue is still frozen led to a 46.2% loss in
overall RNA yield [5]. Importantly, since the quality (RIN) of
the TRAPed RNA was sufficient to perform RNA-Seq TRAP
studies, if you plan on freezing tissue, the use of additional
animals may be required [5]. Because of the difference in RNA
yields, it is not recommended to mix frozen and fresh tissues
within a single comparative studies as there may be unantici-
pated artifacts [5].

30. If dissecting retinas, remove the entire eyes rapidly by cutting
the optic nerve quickly and cleanly, and place the whole eyes in
ice-cold dissection buffer with freshly added cycloheximide to a
final concentration of 100 μg/mL. Then transfer individual
eyes to a fresh clean silicone plate, remove and discard the
lens, and cleanly extract the retina from the sclera and retinal
pigment epithelium (RPE).

31. To reduce RNA degradation, collect the tissue for an individual
sample and proceed through the sample homogenization step.
If possible, several individuals can work together in an
assembly-line style where one individual extracts the tissue of
interest from the TRAP animal and another refines the dissec-
tion and brings the tissue to a third individual who carries out
the homogenization step. Ideally, the homogenization step
should be carried out by the same individual and carried out
in the cold room (bring a hat and warm jacket!).

32. The first centrifugation step removes the cellular debris (pellet)
from the ribosomes and associated RNAs. The final volume is
recorded because some sample may become lost during the
homogenization and transfer steps. Recording the volume is
critical as the next two steps will involve adding 1/9 volume of
NP-40 and 1/9 volume of DHPC to the lysate. To account for
any loss of volume and streamline the process, readjust the
volume using tissue lysis buffer so the volume in all samples is
equal.

33. The estimated sample volume for DHPC should include the
volume of NP-40 added at step 3. DHPC is used at low
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concentrations (10–40 mM) as this concentration has been
shown to preserve the native three-dimensional structural con-
formation and activity of solubilized proteins.

34. The unbound fraction consists of the total RNA minus the
RNA–ribosome complex that bound to the affinity matrix.
Save the unbound fraction and either flash freeze, store at -
80 °C, and extract using commercial RNA extraction kits at a
later date or place on ice and isolate the RNA after the IP
samples have been extracted. Note that the total RNA yield
can be quite high, so it is advisable to use RNA extraction kits
with increased binding capacity suitable for higher total RNA
yields (e.g., mini or midi RNeasy kit). If the concentration of
the unbound fraction exceeds 10–50 ng/mL, these samples
can be quantified using standard spectrophotometer-based
RNA quantitation methods.

35. To wash the sample, aspirate/pipet off supernatant and dis-
card, remove magnet, and resuspend beads in 1 mL of high-salt
buffer by gently titrating up and down four times using a
P1000. Be gentle and avoid introducing air bubbles.

36. Here we provide an example of QIAGEN’s RNeasy extraction
kit. However, these steps and the reagents in commercial kits
are frequently updated. Therefore we recommend using the
instructions that come with the kit. The in-column DNase
digestion is necessary to remove any residual DNA. Not digest-
ing the DNA can result in a lower-quality RNA (as measured by
the RIN value).

37. This step will depend on which commercial RNA extraction kit
is used. The QIAGEN RNeasy kit uses a proprietary buffer
(RLT buffer) which contains a high concentration of guanidine
isothiocycanate designed to support the binding of RNA to the
spin column silica membrane. If using other commercial RNA
extraction kits, substitute corresponding buffer. The beta-
mercaptoethanol (ß-ME) irreversibly denature RNases by
reducing disulfide bonds and destroying the native conforma-
tion required for enzyme functionality.

38. Unlike the recommendation in [5], resuspending the beads in
RLT–ß-ME buffer while still in the cold room and then imme-
diately placing at room temperature for the 5 min incubation
did not appear to have any effect. Because ß-ME irreversibly
denatures RNases, extracting the RNA–ribosome complex
from the beads at room temperature will not degrade the RNA.

39. Following the affinity purification of TRAP-extracted RNA,
the yield is low. To increase to total RNA, repeat the elution
using the eluate from first elution (step 14).

40. Collect two aliquots of 2 μL of TRAPed RNA for each sample
because the yield of affinity-purified TRAP-extracted RNA is
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low (do not carry out the RNA quantitation in triplicate). This
will provide two 1 μL replicates for each sample. One set will be
used for RNA quality assessment and generate the RNA RIN,
while the other set will be used for RNA quantitation using a
fluorescence-based RNA quantitation kit.

41. To prevent ice crystals for growing in the sample during the
slow freezing process, we use extra long forceps to immerse
samples in a dewer containing liquid nitrogen until frozen.
Immediately store frozen samples at -80 °C.

42. The concentration of the RNA in the TRAP-extracted samples
tends to be low. Thus, spectrophotometer-based RNA analysis
typically used for quantitation should only be used to quantify
column-purified RNA samples with a yield that exceeds
10–50 ng/μL. Instead, a fluorescence-based RNA quantitation
method should be used to accurately quantify the concentra-
tion and yield of the TRAPed samples. Many commercially
available fluorescence-based kits can be used to detect and
quantify nucleic acids. Because this method utilizes advanced
fluorophores that fluoresce upon binding to RNA, the silica
shed from the columns in the commercial RNA extraction kits
will not interfere with RNA quantitation. We provide the steps
for the RiboGreen Quant-iT kit. If using a different
fluorescence-based quantitation kit, follow the manufacturer’s
instructions.

43. Preparation of the standard curve for low-range RNA
quantitation:

(a) The standard curve should include triplicate samples for
concentrations that will bracket the concentration of
unknown TRAPed RNA samples. Typical range for the
low standards includes the following concentrations:
0 (blank), 1, 2, 5, 15, 25, and 50 ng/mL.

(b) Prepare a 10 mL aliquot of a 1:2000 dilution of Quant-iT
by adding 5 μL Quant-iT RiboGreen solution and
9.95 mL of 1× TE.

(c) Use a known RNA sample available as part of the Ribo-
Green Quant-iT kit or use the RNA stock purified
unbound fraction. Use a spectrophotometer to calculate
the RNA concentration based on the O.D. 260 and
280 absorbance.

(d) For the standard curve, using the 100 μg/mL RNA stock,
prepare a fresh 1 mL RNA working stock with a concen-
tration of 100 ng/mL (1:1000× dilution using 2 serial
dilutions of 1:10).
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44. In mapping reads to the X. laevis genome, we recommend
paying particularly close attention to the “LEADING,”
“TRAILING,” and “MINLEN” settings.

45. Another software solution we recommend considering is STAR
(https://github.com/alexdobin/STAR) [32]. STAR’s partic-
ular strength is in splice-isoform analysis, but its implementa-
tion also has some performance and resource requirement
implications when compared to Bowtie2. When running, Bow-
tie2 reads from genome reference files kept on disk, while
STAR loads its genome reference data into memory. This
means STAR runs can be significantly faster than Bowtie2 but
also requires significantly more memory overhead than Bow-
tie2. This may create constraints depending on the computing
resources available.

46. SAMs (Sequence Alignment/Maps) are flat text files. You can
optionally choose to output results as BAM files, which are
simply the compressed binary equivalent, so much smaller in
size. The Samtools (http://www.htslib.org/) package provides
a variety of useful utility functions for converting between
these formats and viewing or manipulating their contents.

47. FPKM and RPKM, where “Reads” is substituted for “Frag-
ments,” are often used interchangeably. When performing
single-end reads, they are the same value. The difference
comes when performing pair-end reads where a match to a
reference symbol can come from either one or two RNA-Seq
reads. TPM is an alternative, newer, method that is becoming
popular.

48. Although we’ve separated our discussion of performing read
alignments and gene expression estimation here, RSEM pro-
vides convenient command line options for chaining these two
operations together in one step with popular aligners like
Bowtie2 or STAR.

49. In our own experience, DESeq2 and edgeR generally perform
more conservatively, while EBSeq is notable for its flexibility in
handling complex experimental designs.

50. The “RowSideColors” argument to the “heatmap” function
provides an easy way to visualize k-means clusters alongside a
hierarchical cluster.
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Chapter 17

LCM-Seq for Retinal Cell Layer-Specific Responses During
Optic Nerve Regeneration

Wesley Speer and Matthew B. Veldman

Abstract

LCM-seq is a powerful tool for gene expression analysis from individual or groups of cells that can be
spatially isolated. Within the visual system, retinal ganglion cells (RGCs), the cells that connect the eye to
the brain through the optic nerve, reside in the retinal ganglion cell layer of the retina. This well-defined
location provides a unique opportunity to harvest RNA by laser capture microdissection (LCM) from a
highly enriched cell population. Using this method, it is possible to explore transcriptome-wide changes in
gene expression following optic nerve injury. In the zebrafish model, this method can be used to identify
molecular events driving successful optic nerve regeneration in contrast to mammals that fail to regenerate
axons in the central nervous system. Here we provide a method for LCM from the different retinal layers of
zebrafish following optic nerve injury and during the process of optic nerve regeneration. Purified RNA
from this protocol is sufficient for RNA-seq or other downstream analysis.

Key words LCM-seq, Microdissection, Retina, Optic nerve, Regeneration, RNA-seq, Retinal gan-
glion cell layer, Inner nuclear layer, Outer nuclear layer, Zebrafish

1 Introduction

Axon regeneration within the central nervous system of adult
mammals is extremely limited, while anamniotes, fish and frogs,
exhibit a robust regenerative response and can recover lost function
after brain or nerve injury. Given the genetic similarities and differ-
ences between the species, it is likely that understanding the molec-
ular genetic events underlying the pro-regenerative response in
anamniotes will provide insight into the failure of axon regenera-
tion in mammals and suggest ways to overcome this deficit. A
powerful method to identify genome-wide changes in gene expres-
sion during axon regeneration is RNA-seq. Measuring mRNA
abundance in uninjured control samples and regenerating samples
over the complete time course of regeneration can identify differ-
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entially expressed genes and be further bioinformatically analyzed
to discover known and novel signaling pathways that may be med-
iating the regenerative process [1–7].
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When considering RNA-seq experiments, high-quality sample
preparation is key to success. Purified RNA should be intact with
little degradation. Additionally, for the highest experimental sensi-
tivity, samples should be enriched for the cell type of interest. This is
especially relevant for the study of axon regeneration where neuro-
nal somas are distant from the site of injury and commonly inter-
mingled with more abundant interneurons, glia, and other support
cells. Laser capture microdissection (LCM) provides an ideal
method to isolate high-quality RNA from minimally processed
tissue samples with the spatial resolution to enrich for specific
cells of interest [8]. A major advantage of this method is that
samples are acutely dissected and then flash frozen leaving little
time for RNA degradation or changes in mRNA composition that
can accompany other methods of cell purification. LCM coupled to
RNA-seq (LCM-seq) provides a sensitive method to assay changes
in gene expression from spatially defined cell populations. When
applied to models of axon regeneration in vivo, the LCM-seq
method enables gene expression analysis of defined cells at selected
anatomical locations throughout the time course of regeneration.

The visual system provides an ideal system in which to study
CNS axon regeneration. The optic nerve is experimentally accessi-
ble and almost completely composed of axons running from the
retinal ganglion cells (RGCs) of the eye to the brain. The layered
structure of the retina delineates the location of its known cell
types: RGCs and displaced amacrine cells are in the retinal ganglion
cell layer (GCL); amacrine, bipolar, horizontal cells and Muller glia
are in the inner nuclear layer (INL); and photoreceptors are in the
outer nuclear layer (ONL). In whole retina, RGCs only make up
1–2% of the total cell population [9]. However, purification by
LCM of the GCL enriches the sample >50-fold for RGCs. Addi-
tionally, the other layers of the retina can be similarly purified and
processed by LCM-seq to sensitively assay for gene expression
changes in non-RGCs that might support axon regeneration.

We have previously used LCM coupled to microarray analysis
to identify novel genes mediating optic nerve regeneration in the
RGCs of zebrafish [6]. Here we present our updated protocol for
optic nerve crush injury (Subheading 3.1), tissue dissection (Sub-
heading 3.2), cryosectioning (Subheading 3.3), cresyl violet stain-
ing (Subheading 3.4), LCM (Subheading 3.5), and RNA
purification (Subheading 3.6) for the purpose of RNA-seq from
retinal tissue of zebrafish during optic nerve regeneration. This
protocol for tissue preparation should be broadly applicable for
LCM-seq from fresh tissue samples from any species.
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2 Materials

2.1 Zebrafish Optic

Nerve Crush Surgery,

Tissue Dissection, and

Cryosectioning

1. Tricaine-S solution: Dissolve Tricaine-S (MS-222) at a concen-
tration of 0.033% w/v solution in fish system water; bring the
pH to 7.0 using 1 M Tris–HCl pH 9.0.

2. Sponge with groove for holding fish.

3. Dissecting microscope.

4. Two #5 forceps.

5. Vannas spring scissors with 2.5 mm cutting edge.

6. Razor blades.

7. Aluminum foil cups (see Note 1).

8. Optimum cutting temperature (OCT) compound.

9. Dry ice (see Note 2).

10. Cryostat.

11. Low profile disposable cryostat blades.

12. RNase decontamination spray or wash (see Note 3).

13. Carl ZeissTM MembraneSlide: NF 1.0 PEN (D) (see Note 4).

14. Biosafety cabinet with UV lamp.

15. Paintbrush, round size 4 (3/3200).

2.2 Cresyl Violet

Staining

1. RNase-free disposable nitrile gloves.

2. Coplin jars.

3. Paper towels.

4. RNase-free water.

5. 70% ethanol: Prepared by mixing 7 volumes 100% ethanol to
3 volumes RNase-free water.

6. 100% ethanol.

7. 100% xylene (see Note 5).

8. Chemical fume hood.

9. 1% cresyl violet solution: Dissolve solid cresyl violet acetate
powder at a concentration of 1% (w/v) in 50% EtOH at room
temperature with agitation/stirring for several hours to over-
night. Vacuum filter the staining solution to remove undis-
solved powder. Cresyl violet solution can be reused up to
three times.

10. 0.22 μm pore size polyethersulfone vacuum filter (see Note 6).

11. Desiccator jar.

12. Desiccant.
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2.3 Laser Capture

Microdissection

1. Zeiss PALM MicroBeam LCM system (see Note 7).

2. Zeiss AdhesiveCap 200.

2.4 RNA Purification

and Quality Control

1. Vortex mixer.

2. Microcentrifuge.

3. Small sample RNA purification kit (e.g., Takara NucleoSpin
RNA XS kit or equivalent; see Note 8), including RNA purifi-
cation spin column, spin column collection tubes, RA1 buffer,
TCEP, membrane desalting buffer, rDNase, rDNase buffer, A2
buffer, RA3 buffer, and RNase-free water.

4. 1.5 mL nuclease-free collection tube.

5. RNA quality analysis system (e.g., Agilent 4200 TapeStation
System or equivalent; see Note 9).

3 Methods

3.1 Zebrafish Optic

Nerve Crush Surgery

1. Anesthetize adult fish by immersion in Tricaine-S solution (see
Note 10).

2. Place fish on a sponge soaked in fish system water under a
dissecting microscope.

3. Using a #5 forceps, pull the right eye slightly from the orbit,
and cut connective tissue and intraocular muscles with Vannas
spring scissors, thereby exposing the optic nerve.

4. Crush the exposed optic nerve with a #5 forceps for 5 s such
that a clear separation in the myelin is apparent with no bleed-
ing from the ophthalmic artery.

5. Place the right eye back into the orbit. Leave the left eye intact
for use as an uninjured control.

6. Place the fish into an individual tank with fresh aquatic system
water to recover (see Note 11).

7. Allow fish to recover for 1 h before placing tanks back onto the
aquatic facility system.

3.2 Tissue

Dissection

1. On the desired day after optic nerve crush surgery, euthanize
fish by overdosing with Tricaine-S solution (see Note 12).

2. Dissect both eyes from the head. Using #5 forceps and Vannas
spring scissors, gently pull each eye out of the orbit, and cut the
connective tissue, ocular muscles, and optic nerve from dorsal
to ventral to free the eye.

3. Remove the lenses by making a small cut in the cornea using a
razor blade and gently applying downward pressure with for-
ceps until the lens is forced out through the cut.
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4. Place each eye into 1 cm3 aluminum foil cups filled with OCT
compound. These were then placed on a block of dry ice to
rapidly freeze from the bottom up. The frozen eyes were stored
at �80 �C for up to a month before sectioning without loss of
RNA quality (see Note 13).

3.3 Cryosectioning 1. Place the frozen eye into cryostat chamber and allow it to
equilibrate to the temperature of the chamber (set at �20 �C)
for 30 min.

2. Place the number of membrane slides to be activated into a
UV-illuminated biosafety cabinet for 30 min, and then place
into the cryostat chamber to cool to 20 �C.

3. Before sectioning, the specimen disc, blade holder, and sur-
rounding apparatus should be cleaned with RNase decontami-
nation spray followed by 100% ethanol.

4. To mount the eye, remove the aluminum foil from the frozen
tissue block. A layer of OCT media is placed around the base of
the specimen disc, and the frozen block of OCT with the eye is
pressed firmly in place and allowed to freeze onto the disc. The
block should be oriented with dorsal side of the eye up and the
ventral side closest to the specimen disc (Fig. 1a).

5. The specimen disc containing the frozen eye is placed into the
specimen head and locked into place with the anterior eye
facing the blade. The block is trimmed until the black dorsal
surface of the eye appears. From this point we regularly trim the
top 500 μm off the top of the eye to only collect sections from
the central portion of the retina (Fig. 1b).

Fig. 1 Preparing the tissue block for sectioning and sampling the sections on the slide. (a) Mounting the frozen
tissue block on the specimen disc. (b) Orientation of tissue to the cryostat blade during sectioning. (c) Tissue
section sampling on the slide. Every section is mounted on consecutive slides returning to the first slide after
the 8th section to evenly distribute 64 sections across 8 slides equally representing the dorsal to ventral
distribution of sections. Numbers denote section numbers
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6. Set the cryostat to cut 10-μm-thick sections.

7. Cut a section using the glass anti-roll plate to prevent rolling of
the sections.

8. After waiting a few seconds for the section temperature to
stabilize, lift the anti-roll plate, and use a paintbrush if needed
to hold the sections down on the collection plate.

9. To collect the section on the membrane slide, quickly but
carefully place a pre-chilled membrane slide, membrane side
down, very close to the tissue section, touching it if needed so
that it adheres to the slide (see Note 14). Take care not to
damage the membrane (see Note 15).

10. One section is placed onto each slide before returning to the
first slide to add a second section, thereby creating an equal
dorsal–ventral distribution of the retina on each slide. We
commonly collect 64 sections per eye onto 8 slides (Fig. 1c).

11. Wipe the collection plate with an RNase-free wipe after every
few sections. Keep the slides inside the cryostat chamber
throughout the duration of sectioning.

12. Upon completion, transport slides on crushed dry ice and store
at 80 �C until ready for staining and LCM (see Note 16).

3.4 Cresyl Violet

Staining

1. Prepare an RNase-free workstation in a chemical fume hood.
Wear RNase-free nitrile gloves or spray RNase wash solution on
gloves before beginning. Prepare the necessary solutions using
RNase-free water. All solutions, except 1% cresyl violet, should
be made fresh immediately before staining. All glass Coplin jars
should be cleaned with RNase decontamination spray immedi-
ately before staining (see Note 17).

2. Obtain frozen tissue sections on membrane slides from�80 �C
freezer (see Note 18).

3. Submerge slides into 70% ethanol for 2 min at room tempera-
ture. Steps 4–7 should also be performed at room
temperature.

4. Dip slides for 30 s into filtered 1% cresyl violet solution.

5. Remove excess stain by allowing the solution to drip from
slides onto a clean paper towel. This should take about 30 s.

6. Dip slides in 70% ethanol for 30 s.

7. Dip slides in 100% ethanol for 30 s.

8. Dip slides gently in xylene three times.

9. Place slides in fresh xylene for 5 min.

10. Air-dry slides for 1–2 min in fume hood before placing them in
a desiccator jar filled with desiccant. Keep the slides in the
desiccator jar until LCM commences (see Note 19).
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3.5 Laser Capture

Microdissection

The following instructions are a modification of a previously pub-
lished protocol [10] using the PALM Laser-MicroBeam System (see
Note 7).

1. Load a slide onto the stage while wearing RNase-free nitrile
gloves.

2. Adjust the condenser at 10� magnification to locate the
desired location to be sampled within the tissue section.

3. Select higher magnification if desired (we used 20�), and load
the adhesive capped tube, adjusting the cap so that it hovers
just slightly above the tissue section.

4. Center the laser and then outline the region of interest (ROI)
within the field of view. The ROI should be as in focus as
possible, as this will affect the quality of laser cutting. The
size of each ROI should be big enough such that the laser
does not destroy it upon cutting but small enough that it can
be captured easily onto the adhesive cap (see Note 20).

5. Once outlined, turn on the laser and cut each area. Only clearly
defined layers of cells in the GCL, INL, and ONL of the retina
should be collected (Fig. 2).

6. Examine the cap to determine if its position needs to be
changed because of excess tissue in the collection area or
non-adhering ROIs before moving onto the next tissue section
(see Note 21).

7. Once all ROIs are collected from a field of view, move onto the
next tissue section, repeating until all the desired cell area is
collected from each tissue section on the slide. Repeat this
process until the desired area of interest has been captured
from each tissue section from each slide.

8. Carefully remove adhesive cap tube and proceed to the RNA
purification step.

Fig. 2 LCM of defined layers of the retina. (a) Cresyl violet-stained retina section prior to LCM. (b)
LCM-mediated collection of the ganglion cell layer (GCL). (c) LCM-mediated collection of the inner nuclear
layer (INL). (d) LCM-mediated collection of the outer nuclear layer (ONL)
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3.6 RNA Purification In order to extract the small amounts of RNA present in the LCM
sample, we describe our use of a low input RNA purification kit
following the manufacturer’s protocol (e.g., NucleoSpin RNA XS
kit or equivalent; see Note 22).

1. Immediately after removing the adhesive cap tube, add 100 μL
RA1 buffer plus 2 μL TCEP to the tube and close it. Leave the
tube inverted at room temperature while the other samples are
collected (see Note 23).

2. Vortex the sample(s) 2 5 s to homogenize.

3. Adjust RNA binding condition by adding 100 μL of 70%
ethanol to the lysate and mix by pipetting five times. Do not
filter the lysate to increase the final yield, and do not add carrier
RNA since it will contaminate downstream RNA-seq.

4. Bind the RNA to the spin column by pipetting the sample into
the column and centrifuging for 30 s at 11,000 g.

5. Desalt the column by adding 100 μL of membrane desalting
buffer to the column and centrifuging for 30 s at 11,000 g.

6. Digest the contaminating DNA bound to the column using
freshly prepared rDNase reaction mixture. Add 25 μL of the
mixture to the column and incubate for 15 min at room
temperature.

7. Wash the column by adding 100 μL of RA2 buffer to the
column. Incubate for 2 min at room temperature; then centri-
fuge for 30 s at 11,000 g.

8. Place the column into a new collection tube and add 400 μL of
RA3 buffer to the column. Centrifuge for 30 s at 11,000 g.

9. Discard the flow through and replace the column in the
collection tube.

10. Add 200 μL of RA3 buffer to the column and centrifuge 2 min
at 11,000 g to dry the membrane.

11. Place the column in a nuclease-free collection tube (1.5 mL).

12. Elute the RNA by adding 10 μL of RNase-free water to the
column. Centrifuge 30 s at 11,000 g.

13. Keep the purified RNA on ice and store it at 80 �C.

14. RNA quantity and quality should be assessed using a spectro-
photometric or electrophoretic-based system capable of mea-
suring nanogram range samples (see Note 24).

15. High-quality RNA that passes quality control can now be
submitted for RNA sequencing (see Note 25).
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4 Notes

1. Aluminum foil cups are made by wrapping the foil around the
bottom of an electroporation cuvette with a 1 cm2 base or an
object of similar size and shape. Carefully avoid punctures in
the corners of the foil where OCT compound will leak out.

2. Dry ice should always be properly handled with cryo-gloves
and eye protection to prevent cryoinjury.

3. RNase decontamination spray or wash is used to eliminate
RNases from surfaces or containers that will touch your sam-
ples. This will prevent degradation of your RNA sample and
ensure the highest-quality LCM-seq result.

4. If using an LCM system other than the Zeiss PALM Micro-
Beam, this material may be different. Please refer to your
system’s user manual.

5. Xylene is a volatile and toxic chemical. All use should always be
restricted to a chemical fume hood with proper precautions and
personal protective equipment used.

6. We commonly use a tube top 50 mL vacuum filter to filter the
1% cresyl violet solution.

7. We have successfully used the Zeiss PALM MicroBeam LCM
system and report the materials and methods necessary for this
system here. This method can be used for other commercially
available LCM systems but should be adapted according to the
manufacturer’s recommendations.

8. Small sample RNA purification kits are available from multiple
suppliers. We chose the Takara NucleoSpin RNA XS kit since it
was recommended for our downstream sample library
preparation.

9. Several commercial systems are available to analyze small nano-
gram quantities of RNA. We have successfully used the Agilent
Bioanalyzer and TapeStation systems in the past.

10. Fish should quickly (~30 s) lose their righting reflex and tip
onto their side. Their gill movements should slow significantly.
When they are unresponsive to tail pinch with a forceps, they
are sufficiently anesthetized to proceed, usually less than 2 min
in Tricaine-S solution.

11. Fish gill movement should begin as soon as they are placed in
fresh fish water. If not, water can be gently squirted over the
head with a transfer pipette to improve water flow over the gills
to revive the fish. The animal should rapidly regain its righting
ability and begin to swim normally.
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12. The same Tricaine-S solution used for anesthesia can be used
for euthanasia but increase the incubation time to 5 min. When
the animal is unresponsive to tail pinch and gill movements
have stopped, it is ready for dissection.

13. It is critical to freeze the block from the bottom up to prevent
increased internal pressure and cracking. The block should be
completely frozen in less than a minute.

14. Placing a gloved finger on the back of the slide beneath the
location where the tissue section will be placed immediately
before collecting the section onto the slide (but after cutting)
helps the section adhere to the slide due to the temperature
difference. Only slight melting of the tissue onto the slide
should occur before the slide is placed into the�20 �C cryostat
chamber again.

15. Damage to the membrane on the slide allows liquid to get
underneath the membrane during the staining protocol
making drying difficult, if not impossible. The sample needs
to be completely dry for efficient laser cutting of the membrane
in the LCM step. Avoid scratching the membrane slide against
the cryostat blade or cutting surface.

16. Keeping the samples frozen, ideally at �80 �C or on dry ice, is
key to producing highest-quality RNA following purification.

17. Make sure all RNase-washed surfaces and glassware are dry
before adding staining solutions and beginning protocol.

18. Make sure to transport the slides on crushed dry ice and keep
there until fixing in the 70% ethanol step.

19. Having completely dry slides is critical for efficient laser cutting
of the membrane to harvest the tissue samples. Residual mois-
ture will absorb excess heat and prevent the membrane from
cutting.

20. We usually break up retinal layers into five separate fragments
per field of view under the 20� objective to efficiently harvest
them with the laser.

21. Ensure that cut ROIs are on the adhesive cap by surveying the
tissue section at a lower magnification, looking for any cut
sections that may be loose on the slide. Be sure to collect all
loose sections. Sections may have to be cut more than once if
the section is not collected after the first cut with the laser.

22. The small sample RNA purification kit is available from multi-
ple suppliers. We chose the Takara NucleoSpin RNA XS kit
since it was recommended for our downstream sample library
preparation.

23. Samples are stable for several hours at room temperature in
RA1 buffer plus TCEP.
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24. Several commercial systems are available to analyze the quality
and quantity of nanogram quantities of RNA. We have success-
fully used the Agilent Bioanalyzer and TapeStation systems in
the past.

25. Using this protocol, we have obtained high-quality RNA
(RNA integrity numbers >8) from individual eyes (~32 sections
per eye). Average yields per eye are 1.3 ng from the GCL,
4.3 ng from the INL, and 2.8 ng from the ONL. These
amounts are sufficient for RNA-seq following linear amplifica-
tion of the sample.
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Chapter 18

Profiling Dynamic Changes in DNA Accessibility During Axon
Regeneration After Optic Nerve Crush in Adult Zebrafish

Sumona P. Dhara and Ava J. Udvadia

Abstract

A time-course series utilizing assay for transposase-accessible chromatin with high-throughput sequencing
(ATAC-seq) can be used to detect changes in accessibility of DNA regulatory elements such as promoters
and enhancers over the course of regeneration. This chapter describes methods for preparing ATAC-seq
libraries from isolated zebrafish retinal ganglion cells (RGCs) following optic nerve crush at selected post-
injury time points. These methods have been used for identifying dynamic changes in DNA accessibility
that govern successful optic nerve regeneration in zebrafish. This method may be adapted to identify
changes in DNA accessibility that accompany other types of insults to RGCs or to identify changes that
occur over the course of development.

Key words CNS axon regeneration, Chromatin accessibility, Optic nerve regeneration, ATAC-seq,
Zebrafish

1 Introduction

Adult mammals such as mice and humans have a limited ability to
regenerate axonal connections between the retina and the brain
after optic nerve injury. Unlike mammals, severe damage to axons
in teleost fish and urodele amphibians stimulates the re-expression
of regeneration-associated genes and robust axonal regeneration to
fully restore visual function [1–3]. Cis-regulatory DNA elements
such as promoters and enhancers, along with the trans-activating
factors that bind them, play an instructive role in regulating
regeneration-associated gene regulation in response to injury. Pre-
viously, purely computational approaches applied to the identifica-
tion of shared cis-regulatory elements in mammalian peripheral
neurons focused on putative transcription factor binding sites
located within DNA sequences situated 1–5 kb from the transcrip-
tional start site of axon growth-associated genes [4, 5]. Such
approaches considered promoter proximal sequences an arbitrary
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distance from the transcriptional start sites of genes with the
assumption that they would be accessible to transcription factor
binding. They also disregard the role of gene enhancers located
more distal to transcriptional start sites that have been demon-
strated to play prominent roles in mediating gene expression
changes that accompany changes in cell state [6, 7]. ATAC-seq
enables the identification of putative gene promoters and enhancers
based on chromatin accessibility and overcomes both of the afore-
mentioned complications [1].
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Retinal ganglion cells (RGCs) are the sole output neurons of
the eye that convey detected light information to the brain via their
axons that bundle together within the optic nerve. To specifically
evaluate injury-induced changes in chromatin accessibility within
RGCs, we employ the transgenic zebrafish Tg(Tru.gap43:egfp).
Within the retina, these fish express green fluorescent protein
(GFP) specifically in developing and regenerating RGCs
[8]. These transgenic fish allow for the isolation of GFP-positive
RGCs following optic nerve lesion at selected post-injury time
points. The protocol that follows includes detailed instructions
for conducting optic nerve crush on adult zebrafish, retina dissec-
tion, dissociation of retinal tissue, GFP-positive RGC isolation by
fluorescence-activated cell sorting (FACS), and the subsequent
preparation and quality assessment of ATAC-seq libraries.

2 Materials

2.1 Adult Optic Nerve

Crush and Retina

Dissection (See Note 1)

1. Wild-type zebrafish strain (see Note 2).

2. A transgenic reporter fish expressing a fluorescent marker in the
retinal ganglion cells (RGCs) (see Note 3).

3. Molecular biology-grade nuclease-free water.

4. 3.5 cm polystyrene petri dishes.

5. 10 cm polystyrene petri dishes.

6. 0.2 mL DNase-/RNase-free PCR tubes.

7. Round Watchmaker’s forceps.

8. #5 forceps with 0.005 mm × 0.025 mm tips × 2.

9. Micropipette 1000 μL, 10 μL.
10. Fish holder: 7 cm × 5 cm sponge that is 3 cm thick with a 4 cm

45° angle slit and placed on a 10 cm polystyrene petri dish (see
Note 4).

11. Phosphate-buffered saline (PBS) without calcium and magne-
sium: 2.67 mM KCl, 1.76 mM KH2PO4, 136.9 mM NaCl,
8.1 mM Na2HPO4-7H2O in distilled, deionized water. Adjust
pH to 7.2 with 1 N NaOH.
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12. Thermocycler.

13. Dissection microscope with fiber-optic lamp.

14. Tabletop centrifuge with fixed angle rotor for 1.5 mL tubes;
swinging-bucket rotor for 5 mL polystyrene round bottom
tubes.

15. Fishnet.

16. Recovery tank filled with fish system water.

17. Fluorescent microscope with 488 nm channel.

18. 30% Danieau solution: 17.4 mM NaCl, 0.21 mM KCl,
0.12 mM MgSO4 (7H2O), 0.18 mM Ca(NO3)2 (4H2O),
150 mM HEPES in distilled, deionized water. Adjust pH to
7.6 with 1 N NaOH.

19. Anesthetic solution: Dissolve 0.3 g tricaine (MS222) in
600 mL 30% Danieau; adjust pH to 7.2 with sodium bicarbon-
ate. This should be prepared fresh and pre-chilled on ice before
each use.

20. Euthanasia solution: Dissolve 0.5 g tricaine (MS222) in
600 mL 30% Danieau; adjust pH to 7.2 with sodium
bicarbonate.

21. Instrument sterilizer (see Note 5).

22. Dark chamber (see Note 6).

2.2 Retina

Dissociation and Cell

Sorting

1. Twenty-four-well polystyrene plate.

2. 5 mL polystyrene round bottom tube with cell strainer cap,
sterile.

3. 5 mL polystyrene round bottom tube with snap cap, sterile.

4. Cell dissociation solution (e.g., Accumax, Sigma; see Note 7).

5. Quenching buffer: 20% fetal calf serum in Dulbecco’s Modified
Eagle Medium with Nutrient Mixture F-12 (DMEM/F12).
Sterile filter the buffer through a 0.22 μm PVDF filter. Prepare
the buffer fresh for each use.

6. Nutating mixer for 24-well plates or 1.5 mL tubes.

7. 5× protease inhibitor cocktail (PIC) (see Note 8).

8. Cell viability stain (see Note 9).

9. Fluorescent-activated cell sorter equipped with 100 μm nozzle
(see Note 10).

2.3 ATAC-Seq

Library Preparation

and Quality

Assessment

1. Cell lysis buffer: 10 mM Tris–HCl pH 8.1, 10 mM NaCl,
1.5 mM MgCl2, and 0.5% IGEPAL CA-630, 1× PIC in
50 mL nuclease-free water. Add PIC before each use and
store at 4 °C for up to 48 h. Store the cell lysis buffer without
PIC at RT for up to 3 months.
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2. Nuclear lysis buffer: 50 mM Tris–HCl pH 8.1, 5 mM EDTA,
1% SDS, 1× PIC in 50 mL nuclease-free water. Add PIC before
each use and store at 4 °C for up to 48 h. Store the nuclear lysis
buffer without PIC at RT for up to 3 months.

3. DNA elution buffer: 10 mMTris–HCl pH 8.5, 0.1 mM EDTA
in nuclease-free water.

4. 2× tagmentation buffer (e.g., Illumina; see Note 11).

5. Tn5 transposase enzyme 1 U/μL (e.g., Illumina; seeNote 11).

6. DNA clean and concentrator kit (see Note 12).

7. 2× SYBR Green PCR Master Mix.

8. ATAC-seq primers (see Note 13).

9. PCR cleanup kit (see Note 14).

10. Clean, dry, lint-free lab wipe (e.g., Kimwipes).

11. Fluorescent-based double-stranded DNA quantification kit
(e.g., Invitrogen Qubit kit; see Note 15).

12. Kit for chip-based capillary electrophoresis DNA analysis to
detect 5–500 pg/μL concentrations of DNA (e.g., Agilent
High Sensitivity DNA Assay; see Note 16).

13. Real-time PCR detection system (e.g., BioRad CFX96 Touch).

14. Microvolume spectrophotometer (e.g., Nanodrop ND2000).

15. Fluorometric quantitation platform (e.g., Qubit 2.0).

16. Chip-based capillary electrophoresis platform (e.g., Agilent
2100 Bioanalyzer).

3 Method

3.1 Adult Optic Nerve

Crush

1. Presoak the fish holder in the chilled anesthetic solution and
place it on a 10 cm petri dish.

2. Use the fishnet to transfer the adult fish from the tank into the
anesthetic solution until the fish is motionless and does not
respond to touch (see Note 17).

3. Position the anesthetized fish on the anesthetic-soaked fish
holder so that the head and eyes are accessible but the rest of
the body is secure within the slit and the left eye is angled up
under a dissecting microscope (see Note 18 and Fig. 1b).

4. Under the dissecting microscope, gently move the superfine
forceps between the eyeball and socket to loosen the connec-
tive tissue.

5. Gently lift the eyeball out of the socket and expose the optic
nerve with Watchmaker’s round forceps.
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Fig. 1 Schematic of optic nerve crush and retina dissection of adult zebrafish. (a) Adult Fish. (b) Place the fish
in pre-soaked fish holder with the head and left eye. (c) Gently lift the eyeball out of the socket & crush the left
optic nerve. (d) Return the fish in recovery tank. (e) Dissect out the eyeball from the socket & puncture the
cornea. (f) Peel away the sclera & RPE, remove the lens

6. Using light pressure, crush the optic nerve directly behind the
orbit by pinching it between the superfine forceps for 10 s,
taking care to avoid the ophthalmic artery (see Fig. 1c and
Note 19).

7. Gently use the flat edge of your closed forceps to push the eye
back into the socket.

8. Revive the fish by immediately returning it to a recovery tank
containing fish system water (see Note 20 and Fig. 1d). Moni-
tor the fish’s swimming and eating behavior during the post-
injury period (see Note 21).

9. Fish are euthanized between 2 and 12 days post-injury (dpi) to
harvest retinas for RGC isolation using FACS (seeNote 22 and
Fig. 2).
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Fig. 2 Workflow of ATAC-seq library preparation to assess changes in chromatin
accessibility over the course of optic nerve regeneration in zebrafish. Chromatin
extraction from nuclei isolated from purified RGCs of Tg (Tru.gap43:egfp) fish
after optic nerve injury. For constructing ATAC-seq libraries, 50,000 RGCs were
isolated using fluorescent-activated cell sorting (FACS). The transposition and
library preparation were performed using Nextera Tn5 transposase kit. Libraries
were sequenced at UWBC—Madison genomic center. Three biological repli-
cates were sequenced per time point (except for 7 dpi, one replicate sample was
below the cutoff criteria and therefore omitted from full sequencing and
subsequent data analysis)

3.2 Retina Dissection 1. At least 2 h prior to dissection, place the tank of operated fish in
the dark chamber (see Note 23).

2. Place the fish in euthanasia solution until the fish stops moving
its gills (see Note 24).

3. Prior to retina dissection, place the fish on a glass slide, and
quickly examine the left and right eyes of the surgery fish under
fluorescence microscope with 488 nm channel to verify GFP
expression in the operated eye (see Note 25).
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4. Once fully euthanized, place the fish onto an anesthetic-soaked
fish holder under the dissecting microscope with the left eye
facing upward.

5. Release the connective tissue surrounding the eyeball and
remove the eye from the socket with a superfine forceps.

6. Disconnect the eye from the optic nerve by severing it with a
Watchmaker’s forceps, and transfer the eye to a 3.5 cm petri
dish filled with ice-cold PBS.

7. Using the superfine forceps, puncture the cornea to expose the
lens (Fig. 1e).

8. Peel away the sclera, the retinal pigmented epithelium (RPE),
and other supporting tissues around the eyecup (Fig. 1f).

9. Remove the lens from the retina by carefully pinching it out
from the retinal cup and discard it.

10. Transfer the translucent retina cup to a second 3.5 cm petri
dish filled with ice-cold PBS to rinse off any remaining vitreous
fluid (Fig. 1g).

11. Repeat steps 4–9 for the right eye which will serve as the
uninjured control (label accordingly).

12. Keep the dissected retinas on ice-cold PBS until proceeding to
dissociation step (see Note 26).

3.3 Retina

Dissociation into

Single-Cell

Suspensions

1. Transfer each dissected retina into one well of a 24-well plate
filled with 500 μL cell dissociation solution.

2. Gently rock on a nutating mixer for 70 min at room
temperature.

3. After 70 min in cell dissociation solution, add 500 μL quench-
ing buffer.

4. Gently triturate samples with a 1000 μL micropipette at least
ten times while avoiding foaming (see Note 27).

5. Remove larger, undigested tissue fragments with a 10 μL
micropipette (see Note 28).

6. Transfer the cell suspension to a 1.5 mL tube and avoid
foaming.

7. Centrifuge the cell suspension in a fixed angle rotor at 300× g
for 3 min at 4 °C.

8. Pipette off and discard the supernatant without disturbing the
cell pellet.

9. Resuspend the cell pellet in 500 μL of fresh quenching buffer.

10. Keep the samples on ice until you have six retinas ready to pool.

11. Pool the cell suspensions from six retinas by passing the sus-
pension through a 5 mL polystyrene round bottom tube with a
cell strainer cap. Repeat for each of the injury time points and
uninjured control.
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3.4 Fluorescence-

Activated Cell Sorting

(FACS) of GFP-Positive

RGCs

1. Centrifuge in a swinging-bucket rotor at 200× g for 3 min at 4 °
C. Remove the quenching buffer supernatant with a pipette to
a final volume of ~250 μL. Keep the tube on ice until you are
ready for cell sorting.

2. Add 10 μL of diluted cell viability stain to each sample prior to
FACS analysis.

3. Begin the FACS session by analyzing dissociated retinal cells
from wild-type fish (EK) to set up the gates (it is not necessary
to collect cells used for this step). Create an experiment file, set
wild-type sample on the sample station, and run.

4. Plot forward scatter-height (FSC-H) vs. FL2-H (Fig. 3a) and
set the gate for live cells using the freehand gating tool against
cell viability stain as Gate 1.

Fig. 3 Gating strategy for GFP+ retinal ganglion cells (RGCs) represented by flow cytometry plots. Gates were set
based on negative samples (EK). Gating strategies were defined such as cell size (forward scatter, FSC-H)
(a) vs. granularity (side scatter, SSC-A) (b) to exclude cellular debris and clumps or doublets of cells that may give
erroneous fluorescent readings. Fluorescence scatter is used to separate cells according to the GFP fluorescence
intensity by setting Gate 3 for GFP-negative (c) and Gate 4 for GFP-positive cell populations (d). The resultant plots
show a positive correlation between fluorescence intensity of GFP+ retinal ganglion cells and post-injury time
points. This is illustrated by injury-induced GFP expression at 0 days post-injury (dpi) from the uninjured right eye
control (e, g) and injured left eyes from the same fish at 2 dpi and 7 dpi, respectively (f, h)
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5. Set Gate 2 (Fig. 3b) to exclude cell aggregates or doublets and
include single-cell populations in the side scatter-height
(SSC-H) plot.

6. Set Gate 3 to exclude cells that are negative for GFP (Fig. 3c).

7. Place the dissociated cell suspension from the uninjured con-
trol (0 dpi) and/or post-injury time points on the sample
station and run. Set Gate 4 to include GFP-positive, live
RGCs (Fig. 3d).

8. After setting up the gates, put 4 mL of cold quenching buffer
into the collection tube and place it on the sample
collection port.

9. Collect sorted cells from GFP-positive fractions into the col-
lection tube (see representative data in Fig. 3e–h andNote 29).

10. Perform “Clean Flow Cell” procedure three times between
each sample (see Note 30).

11. Transfer the collection tube with at least 50,000 sorted
GFP-positive cells on ice. Proceed immediately to nuclear
isolation.

3.5 Nuclear Isolation

and Transposase

Reaction

1. Pellet the collected cells in a swinging-bucket rotor of a centri-
fuge at 200× g for 3 min at 4 °C. Carefully remove the super-
natant with a pipette and discard.

2. Resuspend the pellet in 100 μL of ice-cold cell lysis buffer and
transfer to a 1.5 mL microcentrifuge tube.

3. Microcentrifuge samples at 300× g for 3 min at 4 °C.

4. Remove supernatant with a micropipette and resuspend in
50 μL ice-cold nuclear lysis buffer.

5. Microcentrifuge immediately at 500× g for 10 min at 4 °C and
discard the supernatant. Keep the remaining nuclear pellet on
ice while you prepare the transposition reaction mix.

6. Gently resuspend the cell pellet in transposition reaction mix:
25 μL 2× tagmentation buffer, 2.5 μLTn5 transposase enzyme,
and 22.5 μL nuclease-free water.

7. Transfer the contents to 0.2 mL PCR tubes and incubate the
transposition reaction at 37 °C for 30min in a thermocycler (see
Note 31).

8. Purify the transposed DNA using a clean and concentrator kit
(Zymo).

3.5.1 Transposed DNA

Cleanup

1. Mix the transposed DNA from step 8 with 5 volumes of
binding buffer in a 1.5 mL tube. Proceed to step 2.

2. Transfer the sample to the center of a spin column (supplied by
the manufacturer) without touching the walls of the column.
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3. Microcentrifuge at 10,000× g for 1 min at room temperature.

4. Wash twice with wash buffer by spinning at 10,000× g for
1 min at room temperature and discard the flow-through.

5. Add 15 μL DNA elution buffer to the center of the column;
allow to sit at room temperature for 5 min.

6. Microcentrifuge at 10,000× g for 30 s at room temperature.

7. Store transposed samples at -20 °C for up to 6 months or
proceed directly to library amplification (see Subheading 3.6).

3.6 Library

Amplification

1. Set up amplification reactions in DNase-/RNase-free 0.2 mL
tubes.

2. Library amplification reaction conditions are as follows (50 μL
final reaction volume): 25 μL 2× SYBR Green PCR Master
Mix, 10 μL nuclease-free water, 2.5 μL Universal Primer Ad1
(25 μM), 2.5 μL barcoded customized PCR primer (see Table 1
[1]) (25 μM), and 10 μL transposed DNA from Subheading
3.5.1, step 7.

3. Partially amplify ATAC-seq libraries using a thermocycler
(5 min at 72 °C, 30 s at 98 °C followed by four cycles of 10 s
at 98 °C/30 s at 63 °C/1 min at 72 °C, and final hold at 4 °C).

4. Set up a side reaction using 5 μL of partially amplified library
from step 3 to perform real-time PCR to determine how many
additional PCR cycles are needed.

5. Perform real-time PCR (10 μL reaction volume): 5.5 μL 2×
SYBR Green Master Mix, 0.25 μL Universal Primer Ad1 (Nex-
tera) (25 μM), 0.25 μL barcoded customized PCR primer (see
Table 1 [1]) (25 μM), and 5 μL 4× partially amplified trans-
posed DNA from step 4.

6. The transposed DNA samples can be quantified using a real-
time PCR detection system (30 s at 98 °C followed by 19 cycles
of 10 s at 98 °C/30 s at 63 °C/1min at 72 °C, and final hold at
4 °C).

7. In order to prevent overamplification of samples, calculate the
number of additional PCR cycles needed for each sample, by
calculating the number of cycles that corresponds to ¼ maxi-
mum fluorescent intensity (round to the nearest cycle number)
(see Fig. 4 and Note 32).

8. Continue amplification on the remaining 45 μL of the partially
amplified library from step 3 for the appropriate number (n) of
cycles.

9. Purify the fully amplified library using a PCR cleanup kit
(QIAquick).
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Table 1
Sequences for custom primers used in generating ATAC-seq libraries for multiplex short-read
sequencing

Primer
2 options

1 CAAGCAGAAGACGGCATACGAGATTCGCCTTAGTCTCG
TGGGCTCGGAGATGT

Ad2.1_TAAGGCGA

2 CAAGCAGAAGACGGCATACGAGATTTCTGCCTGTCTCG
TGGGCTCGGAGATGT

Ad2.3_AGGCAGAA

3 CAAGCAGAAGACGGCATACGAGATGTAGAGAGGTCTCG
TGGGCTCGGAGATGT

Ad2.7_CTCTCTAC

4 CAAGCAGAAGACGGCATACGAGATCAGCCTCGGTCTCG
TGGGCTCGGAGATGT

Ad2.10_CGAGGCTG

5 CAAGCAGAAGACGGCATACGAGATTGCCTCTTGTCTCG
TGGGCTCGGAGATGT

Ad2.11_AAGAGGCA

6 CAAGCAGAAGACGGCATACGAGATTCCTCTACGTCTCG
TGGGCTCGGAGATGT

Ad2.12_GTAGAGGA

7 CAAGCAGAAGACGGCATACGAGATGCTCAGGAGTCTCG
TGGGCTCGGAGATGT

Ad2.4_TCCTGAGC

8 CAAGCAGAAGACGGCATACGAGATAGGAGTCCGTCTCG
TGGGCTCGGAGATGT

Ad2.5_GGACTCCT

9 CAAGCAGAAGACGGCATACGAGATCATGCCTAGTCTCG
TGGGCTCGGAGATGT

Ad2.6_TAGGCATG

10 CAAGCAGAAGACGGCATACGAGATCCTCTCTGGTCTCG
TGGGCTCGGAGATGT

Ad2.8_CAGAGAGG

11 CAAGCAGAAGACGGCATACGAGATAGCGTAGCGTCTCG
TGGGCTCGGAGATGT

Ad2.9_GCTACGCT

12 CAAGCAGAAGACGGCATACGAGATATCACGACGTCTCG
TGGGCTCGGAGATGT

Ad2.13_GTCGTGAT

13 CAAGCAGAAGACGGCATACGAGATACAGTGGTGTCTCG
TGGGCTCGGAGATGT

Ad2.14_ACCACTGT

14 CAAGCAGAAGACGGCATACGAGATCAGATCCAGTCTCG
TGGGCTCGGAGATGT

Ad2.15_TGGATCTG

3.6.1 ATAC-Seq Library

Cleanup

1. Mix the amplified library with 5 volumes of the Buffer PB and
transfer it in the provided silica membrane-based column.

2. Microcentrifuge at 10,000× g for 1 min at room temperature
and discard the flow-through.

3. Add 25 μL DNA elution buffer to the center of the column;
there is dead volume of 2 μL; adjust accordingly.

4. Allow to stand at room temperature for 1 min.
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Fig. 4 Calculation of the number of cycles needed for ATAC-seq library
amplification. qPCR amplification curves for three different ATAC-seq libraries
are shown in green. A non-template control (NTC) is shown as the lower green
line. The purple line indicates maximum fluorescence (2000 RFU), the red line
indicates one 1/4 fluorescence (2000/4 = 500), and the blue line indicates the
number of cycles. In this example, the sample furthest to the right underwent
12 additional cycles. X-axis, cycle number. Y-axis, relative fluorescence units
(RFU)

5. Microcentrifuge at 10,000× g for 1 min at room temperature.

6. Aliquot 3 μL of the purified ATAC-seq library to use for quality
assessment (Subheading 3.7).

7. Store the remainder of the purified ATAC-seq library at-80 °C
until ready for sequencing.

3.7 Library Quality

Control

1. Determine sample purity by measuring the A260/A280 of the
samples on a microvolume spectrophotometer (see Note 33).

3.7.1 NanoDrop

Directions

1. Clean the upper and lower surfaces of the pedestal of micro-
volume spectrophotometer with nuclease-free water on a clean,
dry, lint-free lab wipe.

2. Open the NanoDrop software and select the Nucleic Acid
application. Use a 10 μL micropipette to perform a blank
measurement by dispensing 1 μL of DNA elution buffer onto
the lower optical pedestal surface. Lower the lever arm and
select “Blank” in the Nucleic Acid application.

3. Clean both optical surfaces with a clean, dry, lint-free lab wipe
after blank measurement.

4. Dispense 1 μL of purified ATAC-seq library sample from Sub-
heading 3.6.1, step 6, onto the lower optical pedestal.
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5. Close the lever arm and select “Measure” in the application
software. The software automatically calculates the DNA con-
centration and purity ratios with a spectral image to assess
sample quality.

6. Assess the total DNA concentration of ATAC libraries on a
fluorometric quantitation platform (see Note 34).

3.7.2 Fluorometric

Quantitation Platform

Directions

1. Set up the required number of Qubit assay tubes for samples
and two standards.

2. Prepare the Qubit working solution by diluting the Qubit
dsDNA HS reagent in Qubit buffer (1:2).

3. Add Qubit working solution to each assay and standard tube.

4. Add the corresponding volume of samples and standard DNA
to make the final volume 200 μL.

5. Mix by vortexing and incubate at room temperature for 2 min.

6. Read the standards to calibrate the fluorometric quantitation
platform (Qubit 2.0) followed by reading the samples.

7. Assess the nucleosomal laddering using a chip-based capillary
electrophoresis platform (see Note 35).

3.7.3 Size Selection

Using Chip-Based Capillary

Electrophoresis Platform

Directions

1. Briefly, mix the gel–dye mix by adding the dye concentrate to
gel matrix.

2. Put 9 μL of the gel–dye mix into the marked wells of (DNA)
chip placed on a priming station (supplier provided).

3. Pipette the marker in sample and ladder wells followed by the
addition of HS DNA ladder.

4. Finally, add 1 μL of sample in the wells.

5. Vortex for 1 min and run the chip on Agilent 2100 platform.

6. Use the libraries with appropriate nucleosomal patterning and
electropherogram trace for high-throughput sequencing (see
representative result, Fig. 5).

7. Good-quality samples are ready for sending out to a sequenc-
ing center.

8. Estimate the sequencing depth by running a small-scale MiSeq
run, and omit any samples that were below the cutoff criteria
before running the full-genome sequencing.

9. Each remaining indexed library is subsequently sequenced on
four lanes of the Illumina HiSeq2000 device with pair-end
50 bp sequencing to obtain approximately 25 million reads/
sample.
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Fig. 5 An ideal ATAC-seq library quality analysis obtained with Bioanalyzer. (a)
Electropherogram trace. (b) Nucleosomal pattering. The band sizes correspond
to the expected nucleosomal pattern (200 bp ) obtained by chromatin tagmenta-
tion of regenerating RGCs. FU fluorescence units, bp base pair

4 Notes

1. Use detergent- and bleach-free beakers for making solutions
that encounter zebrafish, i.e., soap should never be used on any
zebrafish equipment.

2. We use the Ekkwill (EK) wild-type fish. Typically, two (unin-
jured/naı̈ve) retinas from one fish are used to set the gates on
the cell sorter.

3. This method can be used for any transgenic animal. Here, we
use the transgenic strain Tg(Tru.gap43:egfp) that expresses
green fluorescent protein (GFP) under the regulation of the
fugu GAP-43 promoter/enhancer in the RGCs in the EK
background. We use 6 retinas from 6 transgenic animals
(1 injured eye/fish) for a post-injury time point to acquire
50,000 cells for preparation of ATAC-seq libraries.

4. We use spongy packing material of medium stiffness rather
than sponges used for cleaning, which may be impregnated
with detergents. The sponge should be stiff enough to firmly
hold the fish in place without crushing it. The sponge should
be thoroughly rinsed with deionized water and autoclave in a
13 × 25 cm sterilization pouch.

5. Use heat for sterilizing forceps in between surgeries on differ-
ent animals to avoid any cross-contamination between the
animals. Alternatively, have a pair of autoclaved forceps for
each animal. We use the BactiZapper MicroSterilizer (Bench-
mark Scientific); however, several options exist for small instru-
ment heat sterilization. We set the BactiZapper to 400 °F for
10 min prior to starting the surgeries. Forceps are placed in the
cylindrical sterilization area for 5 s and then placed on a
prepared sterile area to cool for 10 s before use.
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6. A light-tight inverted cardboard box placed over the fish tank
serves as the dark chamber.

7. There are several commercially available cell dissociation solu-
tions that may be used to dissociate dissected retinas to a single-
cell state for subsequent fluorescence-activated cell sorting
(FACS). The volume of dissociation solution and dissociation
times described in this protocol were optimized using Accumax
(Sigma). We conducted a series of retina dissociations varying
the volume of dissociation solution and the incubation time.
We analyzed cell dissociation under the different conditions
using flow cytometry to determine the conditions that max-
imized single-cell suspension in the shortest period of time
while minimizing the rate of cell death. We recommend simi-
larly optimizing the dissociation parameters for the dissociation
solution of your choice.

8. We use a commercially available protease inhibitor cocktail,
Pierce™ Protease Inhibitor Tablets, EDTA-free (Thermo-
Fisher A32965) containing aprotinin, bestatin, E64, leupeptin,
and pepstatin A. To make a 5× solution, dissolve one tablet in
10 mL distilled, deionized water and vortex intermittently.
Store 1 mL aliquots of the 5× PIC at -20 °C. Dilute 5× PIC
in cell lysis and nuclear lysis buffer to make a final concentration
of 1×.

9. Because cell dissociation can damage cells, we use a fluorescent
stain that cannot enter live cells, but easily permeates compro-
mised cells. This allows us to gate on the live cells and avoid
dead or dying cells during the cell sorting steps. There are many
fluorescent counterstains that are impermeable to live cells that
can be used. We use SYTOX Green nucleic acid stain, 5 mM in
DMSO (ThermoFisher) diluted 1/80 in quenching buffer.

10. The optimal nozzle size may differ depending on the type of
cells you are sorting. We tested the 30, 70, and 100 μm nozzles
on the Becton Dickinson FACS Aria™ III sorter and deter-
mined that the best cell viability was achieved using the 100 μm
nozzle.

11. 2× tagmentation buffer is provided with the Tn5 transposase
enzyme and is available through multiple suppliers. Our expe-
rience is with the Nextera DNA Library Prep Kit
(FC-121-1030).

12. Kits for purifying and concentrating microscale DNA samples
are available through a variety of suppliers. This protocol is
written based on our experience with the Zymo Chromatin
Immunoprecipitation (ChIP) DNA Clean & Concentrator
(D5201). Alternatively, you may use standard method of
phenol–chloroform extraction with ethanol precipitation.
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13. A primer Ad1: AATGATACGGCGACCACCGAGATCTA
CACTCGTCGGCAGCGTCAGATGTG along with custo-
mized PCR indexed primer is used for subsequent multiplex
sequencing (see Table 1). Care should be taken to ensure that
each sample is indexed appropriately for multiplex sequencing.
The indexing strategy includes hyperactive (Tn5) transposase
enzyme that catalyzes in vitro DNA fragmentation and adaptor
insertion simultaneously of Primer 1 and any one of the avail-
able Primer 2 per sample. This unique dual indexing enables
running multiple samples across four lanes of Illumina
sequencing chip and post-sequencing deconvolution.

14. Kits for purifying amplified PCR samples are available through
a variety of suppliers. This protocol is written based on our
experience with the QIAquick PCR Purification Kit.

15. Kits optimized for quantifying double-stranded (ds) DNA
samples using fluorometric quantitation platform (e.g., Qubit
2.0) are available through a variety of suppliers (e.g., Lumip-
robe QuDye assay kit, Invitrogen Qubit kit). Two measure-
ment ranges of the DNA quantification kits include broad
range (100 pg/μL to 1000 ng/μL) and high sensitive
(HS) range (10 pg/uL to 100 ng/uL). This protocol is written
based on our experience with the Invitrogen Qubit dsDNAHS
kit measuring DNA concentration of the prepared ATAC-seq
libraries.

16. A proprietary kit for the separation-based sizing and quantifi-
cation of dsDNA using the chip-based capillary electrophoresis
platform (e.g., Agilent 2100 Bioanalyzer) uses Agilent DNA
kits and reagents. Depending on the quantification and size
range, the Bioanalyzer DNA kits are available in two different
varieties, for example, DNA 12000 kit (25–50 ng/μL sensitiv-
ity, size range 100–12,000 bp) and DNAHS kit (0.5–4 ng/μL
sensitivity, 50–7000 bp size range). This protocol is written
based on our experience with the Agilent HS DNA kit.

17. Be attentive after putting the fish in anesthesia solution; fish
not responding to touch happens quickly, approximately
within 15 s. Prolonged exposure to anesthesia can result in
increased recovery time or death.

18. To standardize our procedure, we always perform surgeries on
the left eye. The damage is done unilaterally leaving the right
nerve as a naı̈ve control. Optic nerve crush of both eyes may be
possible if the procedure is approved by your Institutional
Animal Care and Use Committee (IACUC) guidelines and
regulations.

19. Optic nerve crush with the superfine forceps results in breaking
the axonal connection within the nerve without disrupting the
meningeal nerve sheath.
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20. Fish normally start swimming within a few seconds upon their
return to water. Fish that do not immediately revive upon
returning to the water will be aided by irrigating their gills
with system water using a transfer pipette.

21. Observe fish to ensure they are swimming properly before their
tanks are returned to the recirculating rack system. Any fish
that show eye bleeding, gill inflammation, or erratic swimming
patterns during the post-surgery observation period are sacri-
ficed promptly. Subsequently monitor the fish daily until the
experiment is terminated.

22. You may use the following regeneration timeline in choosing
time points. At 2 dpi, regenerating axons have crossed the
original site of injury. At 4 dpi, regenerating axons are crossing
the chiasm. At 7 dpi, regenerating axons have reached the optic
tectum. At 12 dpi, regenerating axons are undergoing
synaptogenesis.

23. Dark adaptation reduces the interaction between RPE and
photoreceptor cells, thereby facilitating the easy removal of
the RPE from the retina.

24. Overdose with tricaine (MS222) by prolonged immersion in
the euthanasia solution for at least 10 min. Following cessation
of opercular movement, dissect out the eye, and dispose of fish
carcasses in accordance with the requirements of handling and
euthanizing animals of the institutional ethics committee of
your respective research institute.

25. When using Tg(Tru.gap43:egfp), GFP is robustly induced in
response to optic nerve injury and can be easily visualized
through the lens of intact animals. Bright green fluorescence
can be observed in operated eyes compared to naı̈ve eyes,
making this a quick verification step for optic nerve injury
prior to retina dissection. Discard any animals that do not
display induced GFP expression in the left eye compared to
the right eye. This step is only applicable when using transgenic
strains like Tg(Tru.gap43:egfp) in which the GFP fluorescence
is induced upon regeneration and not in animals that display
constitutive GFP expression in RGCs.

26. We try to minimize the time between retina dissection and cell
dissociation by moving samples to the dissociation steps after
dissecting retinas from three fish. It takes us less than 2 min to
dissect out three retinas from left injured eyes and three retinas
from right uninjured eyes. We then move all six retinas to the
dissociation steps (see Subheading 3.3) before dissecting retinas
from the next three fish.

27. Visualize the pieces of retina under a dissecting microscope
while pipetting up and down with a 1000 μL pipette set to
500 μL.
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28. Take care to only remove the undigested tissue and not the
solution with dissociated cells.

29. A typical sort of a 250 μL sample takes 10–15 min, thereby
limiting the time during which transcriptional changes in the
isolated cells could occur in the nuclei.

30. Between samples, we typically perform a quick cleaning of the
flow cell with distilled water. This clears the fluidics lines and
helps decrease the occurrence of clogs during sample sorting.

31. Disable the lid heating. Preheat the block and pause it until you
are ready to load the transposed samples.

32. If two samples have similar cycle threshold (Ct) values but
differ in fluorescent intensities, calculate the cycle number
using the sample with lower fluorescent intensity.

33. Purity can be determined by the A260/A280 ratio. A ratio of
≥1.8 is generally acceptable.

34. Typically, a pool of six retinas yields 10–25 ng/μL
transposed DNA.

35. An Agilent Bioanalyzer or similar instrument can be used to
check the size and integrity. Alternatively, perform gel-based
size selection if chip-based electrophoresis platform is
unavailable.
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Chapter 19

Quantitative Proteomics of Nervous System Regeneration:
From Sample Preparation to Functional Data Analyses

Dasfne Lee-Liu and Liangliang Sun

Abstract

Mammals have a limited regenerative capacity, especially of the central nervous system. Consequently, any
traumatic injury or neurodegenerative disease results in irreversible damage. An important approach to
finding strategies to promote regeneration in mammals has been the study of regenerative organisms like
Xenopus, the axolotl, and teleost fish. High-throughput technologies like RNA-Seq and quantitative
proteomics are starting to provide valuable insight into the molecular mechanisms that drive nervous
system regeneration in these organisms. In this chapter, we present a detailed protocol for performing
iTRAQ proteomics that can be applied to the analysis of nervous system samples, using Xenopus laevis as an
example. The quantitative proteomics protocol and directions for performing functional enrichment data
analyses of gene lists (e.g., differentially abundant proteins from a proteomic study, or any type of high-
throughput analysis) are aimed at the general bench biologist and do not require previous programming
knowledge.

Key words Quantitative proteomics, Spinal cord regeneration, Nervous system, iTRAQ, Xenopus,
Non-model organisms, Functional enrichment analysis, Axon regeneration, Data analysis,
Bioinformatics

1 Introduction

Most mammals are unable to regenerate their central nervous
system, which results in irreversible functional loss after both trau-
matic events and neurodegenerative disease. As opposed to mam-
mals, amphibians and teleost fish have a remarkable capacity for
functional regeneration after traumatic injury to the nervous sys-
tem (e.g., spinal cord injury) [1, 2]. The mechanisms that drive
central nervous system regeneration in these nonmammalian
organisms are starting to be elucidated, and high-throughput tech-
nologies are playing a key role in this process [3]. Quantitative
proteomics allows obtaining a global profile of all the proteins
present in a nervous system sample [4]. We used this technique
onXenopus laevis, which has a high capacity to regenerate the spinal
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cord during larval stages (highest at stages (st) 49–51) and gradu-
ally loses this capacity during metamorphosis, where the larva trans-
forms into a juvenile non-regenerative froglet (st 66). In this
chapter, we present a detailed protocol to perform iTRAQ proteo-
mics of nervous system samples, using, as an example, our previous
quantitative proteomics analysis of spinal cord samples after sham
and spinal cord injury surgery, comparing samples from regenera-
tive (stages (st) 49–51) and non-regenerative (st 66) X. laevis, to
identify the proteins that show differential abundance changes in
response to injury [5]. The differences in regenerative and
non-regenerative proteomes provide an extensive database of can-
didate proteins and biological processes and pathways that are
starting to help elucidate the mechanisms that explain why
X. laevis larvae regenerate, in contrast to the non-regenerative
froglet, leading ultimately to an understanding of how to activate
the regenerative program in a non-regenerative model. This proto-
col should be generally applicable to quantitative proteomics of any
nervous system sample. We included a description of sample obten-
tion, protein extraction, and labeling with iTRAQ reagents, fol-
lowed by reversed-phase liquid chromatography (RPLC)–
electrospray ionization (ESI)–tandem mass spectrometry analysis.
Then, we describe how to analyze raw data from the mass spec-
trometer to determine differential protein abundance. Finally, we
included a section on functional data analysis of differentially abun-
dant proteins, including functional enrichment of gene ontology,
biological pathways, and protein–protein interaction, among
others. These tools can be applied to any type of gene list originat-
ing from proteomics, transcriptomics, or any high-throughput
analysis. The tools we included in this chapter are aimed at the
bench biologist, and do not require previous programming knowl-
edge. We hope this chapter will be a useful guideline to anyone
planning an experiment of quantitative proteomics of the nervous
system and provide tools to extract the most significant information
from the global proteomic landscape.
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2 Materials

2.1 Acquisition of

Tissue Samples

1. Liquid nitrogen and an appropriate tabletop container (e.g.,
small vacuum flask).

2. Floating foam microfuge tube rack that fits inside tabletop
liquid nitrogen container.

3. Dissection instruments (e.g., iridectomy scissors and fine for-
ceps; see Note 1).

4. 10× Barth’s stock solution: 88 mM sodium chloride, 1 mM
potassium chloride, 2.4 mM sodium bicarbonate, 10 mM
HEPES, 0.82 mMmagnesium sulfate, 3.3 mM calcium nitrate,
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0.41 mM calcium chloride, pH 7.6. In a large beaker, dissolve
52 g NaCl, 0.75 g KCl, 2 g NaHCO3, and 23.8 g HEPES in
800 mL of deionized water. Then, add 2 g MgSO4·7H2O,
0.8 g Ca(NO3)2·4H2O, and 0.6 g CaCl2·2H2O, and mix
until dissolved. Adjust the pH to 7.6 with 10 M NaOH, and
complete the volume to 1 L. Transfer the solution to an appro-
priate autoclavable bottle, autoclave, and store at 4 °C.

5. 0.1× Barth’s: Dilute 10 mL of 10× Barth’s stock solution in
deionized water to a final volume of 1 L for 0.1× working
solution. Use immediately and discard the remaining solution.

6. Glass Petri dish with lid for anesthetizing animals and to use as
dissecting surface.

7. Stock anesthetic solution: 1% (w/v) ethyl 3-aminobenzoate
methanesulfonate (MS-222). Dissolve 0.5 g MS-222 in
50 mL deionized water and store at 4 °C in a dark bottle.

8. Anesthetic solution: Measure 2 mL of the stock anesthetic
solution and bring the volume up to 100 mL using 0.1×
Barth’s solution. Use immediately and discard the remaining
solution.

2.2 Protein

Extraction

(See Note 2 before starting the remaining steps in the Materials
section.)

1. Tris–HCl buffer: 100 mM Tris–HCl solution in deionized
water, pH 7.6. Dissolve 1.6 g Tris hydrochloride in 100 mL
deionized water. Use concentrated HCl to adjust pH to 7.6.

2. Lysis buffer: 2% (w/v) sodium dodecyl sulfate (SDS), 100 mM
Tris–HCl, and 5× cOmplete Protease Inhibitor Cocktail
(Roche; see Note 3), pH 7.6. Weigh 200 mg SDS per 10 mL
Tris–HCl buffer, dissolve, and then add one tablet of the
protease inhibitor cocktail, and dissolve completely. The pH
does not need to be further adjusted when using the previously
prepared pH 7.6 Tris–HCl buffer.

3. Microcentrifuge, room temperature, minimum 10,000× g.

4. Probe sonifier, 200 W, line voltage 115 V, amplitude control
10–100% of power supply output voltage, operation at room
temperature.

5. 100 mM ammonium bicarbonate: 100 mM ammonium bicar-
bonate in deionized water, pH 8. Prepare the required volume
of 100 mM ammonium bicarbonate by dissolving the salt in
deionized water. The resulting pH will be 8 and no further
adjustment is needed.

6. 100 mM DTT: 100 mM dithiothreitol, 100 mM ammonium
bicarbonate. Dissolve 1.6 mg DTT in 100 μL ammonium
bicarbonate solution. Sonicate for 1 min to dissolve.
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7. 100 mM IAA: 100 mM iodoacetamide (IAA), 100 mM ammo-
nium bicarbonate. Dissolve 1.8 mg IAA in 100 μL 100 mM
ammonium bicarbonate. Sonicate for 1 min to dissolve.

8. Thermoregulated water bath.

9. 80% ACN/0.1% formic acid solution. 80% (v/v) acetonitrile
and 0.1% (v/v) formic acid. Mix 100 μL formic acid with
80 mL pure acetonitrile and complete the volume to 100 mL
using deionized water.

10. 0.1% formic acid solution. 0.1% (v/v) formic acid. Use 100 μL
formic acid per 100 mL of deionized water.

2.3 Cleanup and

Tryptic Digestion

1. 8M urea solution: 8M urea, 100mM ammonium bicarbonate,
pH 8. Dissolve 4.8 g urea in approximately 6 mL of 100 mM
ammonium bicarbonate and complete the volume to 10 mL.

2. 30 kDa molecular weight cutoff centrifugal filter unit (e.g.,
Microcon®, Merck, #11750403; see Note 4).

3. TPCK-treated trypsin: 1 mg/mL L-(tosylamido-2-phenyl)
ethyl chloromethyl ketone (TPCK)-treated trypsin (Sigma-
Aldrich, #4370285; see Note 4). Dissolve 1 mg TPCK-treated
trypsin in 1 mL 100 mM ammonium bicarbonate.

4. Concentrated formic acid.

5. C18 solid phase extraction (SPE) columns (e.g., Waters,
#WAT023590; see Note 4).

6. Vortexer.

7. Vacuum concentrator.

2.4 iTRAQ 8-Plex

Labeling

1. iTRAQ 8-plex labeling kit (e.g., AB Sciex, #4390811; seeNote
4).

2. 2% ACN solution: Dilute 2 mL of pure acetonitrile in deio-
nized water, for a final volume of 100 mL. Increase volumes
proportionately as needed.

3. 0.5% formic acid/2% ACN solution: 0.5% (v/v) formic acid,
2% (v/v) acetonitrile. Dilute 500 μL formic acid in 100 mL of
2% ACN solution. Increase volumes proportionately as needed.

2.5 Strong Cation-

Exchange

Fractionation of iTRAQ

Labeled Peptides

1. HPLC system (e.g., Waters Alliance; see Note 4).

2. Zorbax 300-SCX separation column (2.1 mm i.d. × 150 mm
length, 5 μm particles) (e.g., Agilent, #883700-714; see Note
4).

3. SCX trap column (4.6 mm i.d. × 12.5 mm length) (Agilent,
#820950-904; see Note 4).

4. SCX buffer A: 8 mM KH2PO4, 20% acetonitrile, pH 2.8.
Dissolve 1.1 g KH2PO4 in 400 mL deionized water, and adjust
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the pH to 2.8 using concentrated phosphoric acid (concen-
trated), followed by 100 mL of acetonitrile, for a final volume
of 500 mL.

5. SCX buffer B: 0.8MKCl in SCX buffer A, pH 2.8. Dissolve 6 g
KCl in 100 mL SCX buffer A.

6. 0.1% formic acid/2% ACN solution: 0.1% (v/v) formic acid,
2% (v/v) acetonitrile. Dilute 100 μL formic acid in 100 mL of
2% acetonitrile solution. Increase volumes proportionately as
needed.

2.6 Reversed-Phase

Liquid

Chromatography

(RPLC)–Electrospray
Ionization (ESI)–
Tandem Mass

Spectrometry (MS/MS)

Analysis

1. Ultrahigh performance liquid chromatography system (e.g.,
nanoACQUITY UltraPerformance LC®, Waters, Milford)
(see Note 5).

2. RPLC buffer A: 0.1% (v/v) formic acid in HPLC-grade water.

3. RPLC buffer B: 0.1% (v/v) formic acid in pure acetonitrile.

4. Peptide BEH C18 reversed-phase column: 100 um × 100 mm,
1.7-um-diameter particle, column temperature 40 °C (e.g.,
Waters, #186008802; see Note 4).

5. Capillary tip for electrospray (e.g., New Objective, PicoTip
Nanospray Emitters, SilicaTip™; see Note 4).

6. Quadrupole ion trap mass spectrometer (e.g., Q-Exactive HF,
Thermo Fisher Scientific, Waltham; see Note 4).

2.7 Software

Packages for

Identification,

Quantification,

Differential Abundance

Analysis, and

Functional Analysis of

Proteins

1. MaxQuant software (see Note 6).

2. Perseus software (see Note 7).

3. g:Profiler (see Note 8).

4. Cytoscape, with stringApp installed (see Note 9).

5. DAVID Bioinformatics Resources (see Note 10).

6. BioVenn (see Note 11).

3 Methods

3.1 Acquisition of

Tissue Samples

1. Before starting the dissection, prepare a small appropriate con-
tainer of liquid nitrogen to keep on your bench (e.g., a small
vacuum flask) and a small floating foam microfuge tube rack
that fits inside this container. This will allow you to flash freeze
the dissected tissue, as well as pool tissues of the same experi-
mental condition into a single microfuge tube (see Fig. 1 for a
workflow summary from acquisition of tissue samples to pro-
tein identification and quantification and differential protein
abundance analysis).
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Fig. 1 Workflow summary of the protocol (part I). (a) Summary of acquisition of tissue samples, from tissue
dissection to flash freezing them in liquid nitrogen. (b) iTRAQ labeling protocol of peptides, from protein
extraction to iTRAQ 8-plex labeling. (c) Schematic design of the SCX–RPLC–ESI–MS/MS (strong cation
exchange–reversed-phase liquid chromatography–electrospray ionization–tandem mass spectrometry). (d)
Protein identification and quantification and differential protein abundance analysis, performed using Max-
Quant and Perseus

2. For Xenopus laevis stage 49–51 larvae (regenerative stage),
anesthetize animals by completely submerging them in a Petri
dish containing anesthetic solution for 1–2 min (verify anes-
thesia by lightly touching the tail using forceps—there should
be no movement response). Euthanize animals by using
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iridectomy scissors to decapitate the animal at the hindbrain–
spinal cord junction, and proceed to dissect the tissue or tissue
segment of interest as described in step 4, below (seeNote 12).

3. For X. laevis stage 66 froglets (non-regenerative stage), anes-
thetize animals by completely submerging in anesthetic solu-
tion, also in a Petri dish (covered, to keep froglets from
jumping out), for 5–10 min. Verify anesthesia by lightly touch-
ing the hind limbs and ensure lack of response. Euthanize
animals by making a cut at the hindbrain–spinal cord junction.

4. Immediately after euthanizing animals, proceed to dissect the
tissue or tissue segment of interest (e.g., spinal cord segment or
brain region). Stage 49–51 larvae can be dissected on an
inverted Petri dish, keeping the tissue always submerged in a
large drop of anesthetic solution (see Note 13). Stage 66 frog-
lets can also be dissected on an inverted Petri dish, taking care
to frequently wet the tissue during dissection with anesthetic
solution to preserve tissue integrity. As soon as it is possible,
continue the dissection by submerging the tissue completely in
a large drop of anesthetic solution.

5. Keep a drop of 0.1× Barth’s without anesthetic separately on
the same dissecting dish, so that once you isolate the tissue or
segment of interest, you can quickly submerge it into the
anesthetic-free drop and then remove as much liquid from
the tissue by sliding it away from the drop. Perform the follow-
ing processes as quickly as possible. Transfer the tissue into a
1.5 mL microfuge tube by adhering it to the wall of the tube.
Close the tube, place it on the floating rack, and handle using
large forceps to submerge into the liquid nitrogen container for
flash freezing (see Note 14 for pooling samples).

6. Samples can be stored at -80 °C until used.

3.2 Protein

Extraction

1. Keep the samples on ice and let them thaw. Pulse spin tubes in a
microcentrifuge to keep the samples at the bottom of the
microfuge tubes.

2. Resuspend the tissue samples in an appropriate volume of lysis
buffer (seeNote 15). Then homogenize the samples in the lysis
buffer on ice for 1 min using a handheld homogenizer.

3. Sonicate samples for 10 min on ice using a sonifier and then
keep samples on ice for 1 additional hour (see Note 16).

4. Centrifuge samples at 15,000× g for 10 min.

5. Carefully transfer the supernatant to a new tube. Set aside a
small aliquot (check the requirements for the bicinchoninic
acid (BCA) assay kit already in your laboratory to determine
the volume you will need) to determine protein concentration
using the BCA assay according to the manufacturer’s
procedure.
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6. Transfer the required amount of protein (usual range:
10–100 μg) to a new tube and denature samples at 90 °C for
15 min (see Note 17).

7. Add 2 μL of 100 mM DTT per 100 μg protein solution for
protein reduction and incubate at 60 °C in a water bath for 1 h.
Adjust the volume of 100 mM DTT proportionally according
to the mass of proteins in the sample.

8. Add 5 μL of 100 mM IAA per 100 μg protein solution for
protein alkylation and incubate at room temperature for
30 min in the dark. Adjust the volume of 100 mM IAA pro-
portionally according to the mass of proteins in the sample.

3.3 Cleanup and

Tryptic Digestion

1. Mix 8 M urea solution with each protein solution (v/v 1:1) via
gentle vortexing. Load the mixture onto the filter membrane
integrated in the Microcon® 30 kDa filter unit. Centrifuge at
14,000× g for 15 min and discard the flow-through.

2. To remove the SDS, wash the membrane by adding 200 μL of
8 M urea solution, centrifuge at 14,000× g for 15 min, and
discard the flow-through. Repeat for a total of five times.

3. Then, to remove the urea, add 200 μL of 100 mM ammonium
bicarbonate, centrifuge at 14,000× g for 15 min, and discard
the flow-through. Repeat once more.

4. Add 50 μL of 100 mM ammonium bicarbonate onto the
membrane, and vortex gently to resuspend the proteins.

5. Add 3.3 μL of TPCK-treated trypsin onto the membrane that
held the 100 μg proteins and incubate overnight at 37 °C. The
protein-to-trypsin ratio should be 30:1 (w/w). The amount of
trypsin should be adjusted proportionally to the amount of
protein on the membrane.

6. Centrifuge each filter unit at 18,000× g for 15 min and collect
the flow-through, which now contains the peptides.

7. Add an additional 50 μL of 100 mM ammonium bicarbonate
onto the membrane. Centrifuge at 18,000× g for 15 min to
collect the flow-through and pool it with the one obtained in
step 6.

8. Add concentrated formic acid to obtain a final formic acid
concentration of 0.5% (v/v) to acidify the sample.

9. To desalt the samples, first activate required C18 SPE columns
using 3 mL of 80% ACN/0.1% formic acid solution.

10. Equilibrate the column using 0.1% formic acid solution.

11. Load each sample to the C18 SPE column, and wash it using
3 mL 0.1% formic acid solution to desalt it.

12. Elute the analyte from the column using 1.5 mL of 80%
ACN/0.1% formic acid solution.
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3.4 iTRAQ 8-Plex

Labeling

1. Add the appropriate volume of dissolution buffer (seeNote 18)
included in the iTRAQ 8-plex labeling kit (AB Sciex, Foster
City) to the lyophilized sample to resuspend the sample.

2. Add the corresponding iTRAQ reagent (see Note 18) and
incubate at room temperature for 2 h. Label each sample with
a different channel of the iTRAQ 8-plex reagent.

3. Block excess iTRAQ reagent with 100 μL Tris–HCl buffer in
each tube.

4. Combine the eight samples labeled with different iTRAQ
8-plex channels and lyophilize the pooled samples.

5. Redissolve the samples in formic acid solution via vortexing and
sonication to obtain a final 0.5–1 mg/mL protein concentra-
tion. Desalt the peptide samples in C18 SPE columns and
lyophilize them (see Note 19).

6. Redissolve the samples in 0.5% formic acid/ACN solution for a
final 0.5–1 mg/mL peptide concentration if possible.

3.5 Strong Cation-

Exchange

Fractionation of iTRAQ

Labeled Peptides

7. For this step, use an HPLC system with the mobile phase flow
rate at 0.3 mL/min and the Zorbax 300-SCX separation col-
umn (see Notes 4 and 20).

8. Generate the mobile phase gradient using the SCX buffers A
and B.

9. Load samples onto the SCX column, followed by 20 min wash-
ing with 100% SCX buffer A to remove the excess iTRAQ
reagent.

10. Separate peptides by a 60 min linear gradient from 100% SCX
buffer A to 100% SCX buffer B.

11. Collect an appropriate number of fractions per sample (see
Note 21) during the 60 min gradient separation. Lyophilize
the fractions and redissolve them in 0.1% formic acid/ACN
solution. Desalt each fraction and lyophilize it. Redissolve
each fraction in an appropriate volume of 0.1% formic acid/
ACN solution for MS analysis.

3.6 Reversed-Phase

Liquid

Chromatography

(RPLC)–Electrospray
Ionization (ESI)–
Tandem Mass

Spectrometry (MS/MS)

Analysis

1. For this step, use an appropriate ultra performance liquid chro-
matography (UPLC) system.

2. Use the following buffers as mobile phases for gradient separa-
tion: RPLC buffer A and RPLC buffer B.

3. Automatically load peptides onto a commercial C18 reversed-
phase column (Waters, 100 μm × 100 mm, 1.7-μm-diameter
particle, BEH130C18, column temperature 40 °C; seeNote 4)
with 2% buffer B for 14 min at a flow rate of 0.7 μL/min,
followed by a three-step gradient separation: 1 min from 2% to
8% RPLC buffer B and flow rate from 0.7 μL/min to 0.6 μL/
min, 84 min to 28% RPLC buffer B at a flow rate of 0.6 μL/
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min, and 1 min to 80% RPLC buffer B and flow rate from
0.6 μL/min to 0.7 μL/min and maintained at 80% RPLC
buffer B for 5 min with a flow rate of 0.7 μL/min. Equilibrate
the column for 14 min with 2% B at a flow rate of 0.7 μL/min
before analyzing the next sample.

4. Pump eluted peptides from the C18 column through a capil-
lary tip for electrospray, which are then analyzed by a
Q-Exactive HF mass spectrometer (see Note 4). Load the
appropriate volume of peptides onto the column (seeNote 22).

5. Perform data acquisition using a TopN data-dependent acqui-
sition (DDA) method. The MS and MS/MS parameters
depend on the mass spectrometer used (see Note 23).

3.7 Protein

Identification and

Quantification

1. Analyze the raw files with MaxQuant software [6] (seeNote 24
on how to install).

2. Load the raw data files by going to the “Raw data” tab and
pressing “Load.”

3. Select or upload the protein reference database for your model
organism. In our experiment, we used the protein reference
database (see Note 25) from the X. laevis genome v7.1 for
database searching.

4. Go to the “Group-specific parameters” tab for this and the next
two steps. First, select the “Modifications” button, and add the
appropriate modifications for your experiment. For example,
we selected the following as variable modifications: acetyl (pro-
tein N-term), deamidation (NQ), and oxidation (M). We set
carbamidomethyl (C) as a fixed modification.

5. Select the “Digestion” button and choose the enzyme(s) you
used (e.g., we selected “Trypsin”).

6. Select the “Type” button, and below, the first scroll down
menu will be set as “Standard.” For iTRAQ 8-plex labeling
quantification, change it to “Reporter ionMS2,” and then click
on the “8plex iTRAQ button,” which by default will contain
the following labels: iTRAQ 8plex-Lys 113–121 and iTRAQ
8plex-Nterm 113–121. Set other iTRAQ related parameters as
follows: reporter mass tolerance as 0.01 Da and filter by pre-
cursor intensity fraction (PIF) with minimal reporter PIF as
0.75. We left the remaining parameters as default settings.

7. Download the protein reference database for your model
organism as a FASTA file (see Note 25). Then, in the “Global
parameters” tab in MaxQuant, select “Sequences,” and next to
“Fasta files,” select “Add” to load your protein reference
database.

8. The X. laevis genome v7.1 reference database contained
54,130 protein sequences at the time, and we used the
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following parameters, which you can set in the “Global para-
meters” tab! “MS/MS analyzer”: set the “maximum number
of allowed missed cleavages for database search” at two; “mass
tolerance for parent ions” at 20 ppm for the first search and
4.5 ppm for the main search; and “mass tolerance for fragment
ions” at 20 ppm. The common contaminants were included in
the database for search (see Note 26).

9. In “Global parameters” ! “Identification,” leave the para-
meters at default values, which should filter the database
searching results with false discovery rates (FDRs) less than
1% on both peptide and protein levels.

3.8 Differential

Protein Abundance

Analysis

1. Load the export file of MaxQuant software into the Perseus [7]
software, and filter the data to remove the proteins identified
from reverse database and contaminant proteins.

2. In the following steps, we will describe what we did for our
experiment, which should be adapted accordingly to your own
experimental design.

3. For our experiment, we had three experimental conditions:
uncut (duplicate), sham surgery (triplicate), and spinal cord
transection (triplicate). We averaged the reporter ion intensity
of the biological duplicate of uncut samples for both regenera-
tive and non-regenerative stages.

4. We then normalized the reporter ion intensity of transected
and sham-operated samples to the averaged uncut samples for
both stages to get the protein abundance ratios compared with
uncut samples.

5. This was followed by bias correction for protein quantitation
results in Perseus with the “divide” function. We corrected the
median protein ratio in each biological condition (biological
triplicates of transected and sham-operated) to unity and
applied this factor to all quantitation results in each
corresponding biological condition.

6. Differential abundance analyses were then performed in Per-
seus to compare the protein expression in transected and sham-
operated samples using the “Two-sample tests” function.
Select Welch’s t-test in “Test,” using S0 = 0, Side = Both,
and “p-value” in the “Use for truncation” option, with a 0.05
threshold. Remaining parameters were kept at default.

7. Once you obtain the results of your differential abundance
analysis, you can filter the proteins having significant changes
at your desired p-value or corrected p-value (usually <0.05)
and with the additional fold-change filter you determine (see
Note 27).
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3.9 Finding the

Human or Mouse

Ortholog of Your Gene

List Using an Ortholog

Converter Tool (See

Note 28)

1. Access the g:Profiler website at https://biit.cs.ut.ee/gprofiler/
gost. It will automatically load on the g:GOSt functional
profiling tab (see Note 29).

2. Click on the “g:Orth Orthology search” tab.

3. Copy and paste your gene list directly (each term can be sepa-
rated by a white space or new line to be identified as a separate
term, and queries are case-insensitive).

4. Select your origin species in the “Organism” drop-down menu
in the “Options” section on the right. Below, in “Target,”
select “Homo sapiens” or “Mus musculus.” In “Numeric IDs
treated as,” leave it at default, unless you are using WikiGene
accession numbers.

5. Click “Run query.”

6. The results will appear on a table underneath, and you can click
“Export to CSV” to download the results in a file you can open
in Microsoft Excel (see Note 30).

7. After obtaining your human or mouse orthologs, you can
continue with the functional enrichment analyses.

3.10 Finding the

Human or Mouse

Ortholog by

Transforming Your

Identifiers to Their

Official Gene Symbols

(See Note 31)

1. Access DAVID Bioinformatics Resources at https://david.
ncifcrf.gov/home.jsp.

2. Click on “Start analysis” in the top menu.

3. Click on the “Upload” tab, and then copy and paste your gene
list in the “A: Paste a list” box.

4. In “Step 2: Select Identifier,” select the identifier in which your
list is.

5. In “Step 3: List Type,” select “Gene list.”

6. Click on “Submit list.”

7. In the resulting window, click on the “Gene ID conversion
tool.”

8. In the next window, select “OFFICIAL_GENE_SYMBOL” in
the drop-down menu.

9. Type the name of your species in the “For species” box and
select it when it appears among the options. Then click “Sub-
mit to conversion tool.”

10. A pop-up window with the results will appear. Right-click on
the “Download File” link, and click on the “Download linked
file” option (if using macOS, or equivalent option in your
operating system).

11. You can open this file in MS Excel, where the “To” column will
contain your gene list in official gene symbol format (see Note
32). You can then proceed to use this gene list in any mouse or
human search engine. Most gene symbols will be the same
across species (see Notes 33 and 34).

https://biit.cs.ut.ee/gprofiler/gost
https://biit.cs.ut.ee/gprofiler/gost
https://david.ncifcrf.gov/home.jsp
https://david.ncifcrf.gov/home.jsp
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3.11 Obtaining All

Functional

Annotations for Your

Gene Sets

1. Upload your gene list of interest as indicated in
Subheading 3.10.

2. Click the “Functional Annotation Tool” link or go to the drop-
downmenu at “Shortcut to DAVID tools” and click on “Func-
tional Annotation.”

3. Select the annotation type(s) you want to download by check-
ing on the boxes below “Annotation Summary Results” by
pressing the plus (+) buttons and checking the desired boxes.

4. Click on the “Functional Annotation Table” button and a new
window will pop up. In this window, on the top right, you can
download the data as a .txt file. This can be opened in MS
Excel, and for each gene, it will have a different column with all
the information you selected in the previous step.

3.12 Functional

Enrichment Using the

g:Profiler Tool (See

Note 35)

1. Choose your gene list of interest to analyze that has already
been transformed to human or mouse orthologs. These may
be, for example, the upregulated proteins in your experimental
condition, or all differentially abundant proteins in response to
your experimental stimulus, depending on the kind of conclu-
sion you would like to obtain from your data.

2. Access the g:Profiler website at https://biit.cs.ut.ee/gprofiler/
gost. It will automatically load on the g:GOSt functional
profiling tab.

3. You may copy and paste your gene list directly (each term may
be separated by a white space or new line to be identified as a
separate term, and queries are case-insensitive).

4. Next to the input space, there is an “Options” section, where
you can select the organism. We recommend leaving the rest of
the parameters as default.

5. If there are ambiguous query genes, a yellow box will appear
before the results, where you can manually select the ID that
corresponds to your gene and then press “Rerun query” to
include the ambiguous IDs.

6. The output will appear in three different tabs. The “Results”
tab is a summarized display of the results represented in a
Manhattan plot that shows the enrichment results, with the
adjusted p-value on the Y-axis, and the different functional
terms, grouped and color-coded by database. Scrolling above
the circles on the plot will display the details of each term and
clicking on them will select them to be displayed on a table
below the plot. You may export the plot with the table below as
a PNG file.

7. The “Detailed Results” tab will contain all enriched functional
terms in descending adjusted p-value, separated by database.
The top box allows you to filter your results for specific search

https://biit.cs.ut.ee/gprofiler/gost
https://biit.cs.ut.ee/gprofiler/gost
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terms, e.g., type “mitochondria” to find all functional terms
with the wordmitochondria in them, and then export them as a
CSV file that can be opened in MS Excel or any worksheet
reader. Using the default values and no filter, the resulting CSV
file will contain a list of all functional terms with their associated
adjusted p-value and genes.

8. The “Query info” tab contains the query parameters and the
original identifiers that were included in the analysis (and the
ones that were not found in the database).

3.13 Cytoscape and

STRING Protein–
Protein Network

1. Download and install Cytoscape with the stringApp (see Note
36).

2. Use your human or mouse ortholog gene list in official gene
symbol format. We have noticed that this identifier is best
recognized by the STRING database.

3. Go to File Import Network from Public Databases.

4. In the pop-up window, at Data Source, select “STRING: pro-
tein query.” In species, select the species you converted your
list to (Homo sapiens or Mus musculus), and in the box enter
your official gene symbol list, separating each ID by a new line.

5. Select the “Load enrichment data box” so that the stringApp
can perform a functional enrichment analysis that can be com-
plementary to the one performed using g:Profiler. Leave
remaining parameters as default.

6. The displayed STRING network can be customized using
either the “STRING” panel at the right or the “Style” tab at
the left. To use the latter, you need to uncheck all the options in
the “STRING” panel at the right first. For example, a useful
addition is to color each node in the network according to the
fold change. To achieve this, generate an Excel file with two
columns: the first containing the official gene symbol ortholog
in your gene list and the second containing the fold change.
You can then export this file as a .txt file. Make sure that both
columns have a name (e.g., “Gene_symbol” and
“Fold_change”).

7. In the node table (bottom part of Cytoscape), press the
“Import Table from File. . .” button, select your file, and in
the pop-up window, in “Key Column for Network,” select
“query term,” and uncheck the “Case Sensitive Key Values”
box. Leave remaining parameters as default and click “OK.”
Your node table should now have an extra column named
“Fold_change” (or whichever name you used).

8. Then, in the “Style” tab, you can select “Fill color,” and in
“Column,” select the “Fold_change” column. In “Mapping
type,” select “Continuous Mapping,” and double-click the
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color scale to customize it as desired. While this example was
for introducing fold-change values, you may use it to introduce
any additional column and customize any of the other criteria
in the network (e.g., label size, node shape, size, etc.).

9. The resulting network can be exported in File ! Export !
Network to image.

3.14 Generating

Venn Diagrams

1. Access BioVenn at https://www.biovenn.nl (see Note 37).

2. Edit the “Title” and “Subtitle” boxes as desired.

3. Enter the names of each set or list into the “x title,” “y title,”
and “z title” boxes. You can modify the format on the options
at the right.

4. Copy and paste each ID list into the “ID Set X/Y/Z” boxes, or
upload file with IDs by pressing the “Choose file” button. You
can choose the color of each set in the options at the right. If
you only have two sets, leave the third one blank.

5. Check the box “print numbers” if you want to the resulting
Venn diagram to contain this information, which can be in
absolute numbers (“absolute nrs”) or “percentages.”

6. You may also modify the image size in the “image width/
height” boxes below.

7. Press Embedded SVG to obtain an embedded image in the
white panel at the right where the text and numbers can be
dragged and positioned. The “Embedded PNG” will result in
an unmodifiable image that can be downloaded, and the
“SVG/PNG only” buttons will open a new window with the
image.

8. Underneath the main panel, there is a “Current Image Statis-
tics” panel, where you can press the numbers to obtain (in a
pop-up window) a list of the identifiers found in each area of
the Venn diagram. For example, x-y total overlap will give you a
list of the intersection between sets X and Y.

9. In the pop-up window, you can right-click “File with IDs” to
download a .txt file with the identifiers in that list.

4 Notes

1. Gather dissection tools suitable for your specific preparation.
For example, for Xenopus spinal cord dissections, fine forceps
and iridectomy scissors are required.

2. Reagents used for Subheading 2.2 onward should be HPLC
grade.

https://www.biovenn.nl
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3. We have listed Roche’s cOmplete Protease Inhibitor Cocktail
because it is the only one we have used and the composition is
proprietary of the manufacturer. You are welcome to use
another one that has worked for you.

4. We have included the brand and supplier details here because
we have not tried using other brands in our experiments.
However, this does not mean the experiment will not work
with other brands or vendors.

5. We list this equipment in particular because it is the one we
used for our experiment, but you may try a similar system with
the following characteristics: stable nanoliters per minute flow
rate that can be used at a high pressure (i.e., 8000 psi), which
will allow high-resolution separation.

6. MaxQuant software (https://www.maxquant.org/maxquant/
) [6] allows analysis of raw data obtained when performing
mass spectrometry-based proteomics. It is used to map the
generated spectra against a reference peptide database using
Andromeda, the included peptide database search engine.

7. Once peptide and protein abundance has been determined
using MaxQuant, Perseus software (https://www.maxquant.
org/perseus/) [7] allows performing statistical analyses to
determine differential protein abundance.

8. g:Profiler (https://biit.cs.ut.ee/gprofiler/gost) [8, 9] is
web-accessible program that includes (1) a functional enrich-
ment analysis tool (g:GOSt); (2) a gene ID conversion tool that
allows converting between different gene and protein identi-
fiers (g:Convert); (3) a tool to find orthologs between organ-
isms based on information from the Ensembl database (g:
Orth); and (4) a tool that maps human single nucleotide poly-
morphism (SNP) rs codes to gene names (g:SNPense).

9. Cytoscape (https://cytoscape.org) [10] is a bioinformatics
package that allows biological network visualization and data
integration and has various apps that have been developed to
perform further analyses, such as the stringApp [11], which
integrates the STRING database. STRING is a comprehensive
database that integrates information on different levels of
protein–protein association, ranging from direct or physical
interactions to indirect or functional interactions that are spe-
cific and biologically meaningful [12]. STRING has an online
platform that allows performing analyses, but we will describe
how to use the tool in Cytoscape, using the stringApp [11],
which contains more functionalities.

10. DAVID Bioinformatics Resources (https://david.ncifcrf.gov/
home.jsp) [13, 14] is also a web-accessible program containing
a powerful set of functional annotation tools, including an ID
converter. The only caveat is that annotations are not updated

https://www.maxquant.org/maxquant/
https://www.maxquant.org/perseus/
https://www.maxquant.org/perseus/
https://biit.cs.ut.ee/gprofiler/gost
https://cytoscape.org
https://david.ncifcrf.gov/home.jsp
https://david.ncifcrf.gov/home.jsp
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as frequently as g:Profiler (at least for Gene Ontology annota-
tions; see https://david.ncifcrf.gov/content.jsp?file=release.
html for details on the version history of the database). This is
why we recommend using g:Profiler for gene ontology enrich-
ment analyses. However, for those working on Xenopus laevis,
it does present the advantage that the genes from this species
are very well annotated, allowing identifier conversion for
X. laevis. In addition, it contains a very useful tool that the
other databases do not: the generation of a functional annota-
tion table containing all functional annotations in the database
for each gene.

11. Venn diagrams are a useful tool when working with any -omics
type of data. You may want to find the intersection between
differentially expressed genes across different conditions, or
when faced with very long lists of enriched functional cate-
gories, finding which are different across experimental condi-
tions can provide valuable information. Here we describe how
to use BioVenn (https://www.biovenn.nl) [15], which gener-
ates area-proportional Venn diagrams.

12. Here, we describe the protocol for euthanasia and tissue dis-
section for X. laevis stage 49–51 larvae and stage 66 froglets,
but the anesthetic solution, protocol, and dissection instru-
mentation should be optimized for the model organism you
are using. MS-222 is the anesthetic routinely used forX. laevis,
and 0.1× Barth’s solution is the medium used for animal
growth and maintenance while also providing buffering for
the pH change caused by MS-222. See Edwards-Faret et al.
(2017) [16] for more details on X. laevis spinal cord regenera-
tion protocols.

13. For X. laevis, dissection of any region of the central nervous
system takes 3–5 min per animal, for which the complete
procedure can be performed at room temperature. If the dis-
section will take longer, it is recommended to perform the
dissection on ice, using a previously chilled dissection solution.

14. To pool samples from different animals of the same experimen-
tal condition into a single microfuge tube, place the first sample
in the tube, transfer tube to the floating rack, and quickly
submerge it in your liquid nitrogen container. Leave tube and
rack inside the container during the dissection of the following
sample. Once you have obtained it, retrieve the floating rack
holding the tube with the previous sample using large forceps,
and take it out of the liquid nitrogen. Introduce the new
sample, close the tube, and return to the rack for flash freezing
again. Repeat this procedure as many times as needed. The
samples can be placed on any part inside the tube, because the
tube will be centrifuged before lysis.

https://david.ncifcrf.gov/content.jsp?file=release.html
https://david.ncifcrf.gov/content.jsp?file=release.html
https://www.biovenn.nl
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15. In our experiment, we pooled 5 stage 49–51 X. laevis caudal
spinal cord segments, obtaining 6 μg protein per spinal cord for
a total of 30 μg protein, which were lysed in 100 μL of lysis
buffer. For stage 66 X. laevis froglets, we pooled 3 spinal cord
segments per sample, obtaining 20 μg protein per spinal cord,
for a total of 60 μg protein, which were lysed in 150 μL of lysis
buffer. Therefore, we recommend a range of 3–4 μg protein per
10 μL of lysis buffer. The volume of the lysis buffer is depen-
dent on the estimated protein mass in the sample. It is advisable
to keep the protein concentration as high as possible by
keeping the volume of lysis buffer as low as possible, and, if
needed, samples can be readily diluted afterward.

16. Sonication time can vary depending on the samples, but usually
10 min is enough. Use approximately 70% of the amplitude
and set it to 50 on–off cycles.

17. The required protein quantity per sample depends on the
iTRAQ reagent. Usually, 10–100 μg protein per sample is
sufficient for iTRAQ labeling. When labeling eight different
samples in one iTRAQ 8-plex experiment, it is important to
label the same protein quantity across all samples, to reduce
variations during sample preparation.

18. Pay special attention to the volume of dissolution buffer used
for resuspending the peptides. You need to consider two
things. First, make sure the final peptide concentration is in
0.5–1 mg/mL range during the iTRAQ labeling. Second,
make sure the final organic solvent (i.e., ethanol) concentration
is higher than 60%. The ethanol is used to solubilize the
iTRAQ reagents. Typically, for 100 μg peptides, use 35 μL of
dissolution buffer to dissolve the peptides, and add 70 μL of
the iTRAQ reagent in ethanol. See Table 1 for guidance.

19. Do not dry the peptide samples completely (i.e., do not “over-
dry” them), as this will make it extremely difficult to redissolve
them later.

20. There are several options for the SCX column for fractionation.
Choose an appropriate flow rate based on the manufacturer’s
instructions. If necessary, add an additional SCX trap column
before the separation column for protection.

21. The number of fractions collected for LC–MS analysis can vary,
mostly depending on the available MS time. More fractions in
general will produce more protein quantification. When
re-dissolving the labeled peptides in 0.1% (v/v) formic acid in
2% acetonitrile for LC–MS analysis, aim for a peptide concen-
tration between 0.5 and 1 mg/mL.

22. The peptide sample volume loaded onto the C18 column for
LC–MS analysis is dependent on protein concentration:
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Table 1
Reagent ratios for iTRAQ labeling

Peptide quantity range (μg) Dissolution buffer volume (μL) iTRAQ labeling reagent volume (μL)

100 35 70

20 10 20

10 5 10

peptide amount loaded onto the column should be close to
1 μg. For example, if the peptide concentration is 0.5 mg/mL,
the injection volume should be 2 μL.

23. For our experiment, we used the following parameters (con-
sidering we used the Q-Exactive HF mass spectrometer): The
electrospray voltage was set at 2 kV and the ion transfer tube
temperature at 300 °C. The S-Lens RF level was 60.00. We
acquired full MS scans in the Orbitrap mass analyzer over m/z
350–1800 range with a resolution of 60,000 (m/z 200) and
the number of microscans set to 1. The target value was 3.00E
+06. For MS/MS scans, the 12 (for stage 66 X. laevis froglets)
or 5 (for stage 49–51 X. laevis larvae) most intense peaks with
charge state ≥2 were sequentially isolated and further fragmen-
ted in the higher-energy-collisional-dissociation (HCD) cell
following one full MS scan. The isolation window was set at
1.2 m/z. The normalized collision energy was 30%, and tan-
dem mass spectra were acquired in the Orbitrap mass analyzer
with a resolution of 60,000 (m/z 200). The fixed first mass was
m/z 100.0. The target value was 1.00E+05 and maximum
injection time was 110 ms (for stage 66 froglets) or 200 ms
(for stage 49–51 larvae). The number of microscans was 1 and
the ion selection threshold was 1.0E+05 counts. Dynamic
exclusion was set at 60 s.

24. To download the MaxQuant software, you need to visit the
https://www.maxquant.org/ website, press the “Download”
button, and enter your data. You will shortly receive an e-mail
containing a download link. Once you have downloaded the
file, decompress it, open the folder, and run the software
directly by double-clicking the MaxQuant icon. In the same
website, you can select Perseus and request the download link
by entering your data. Like with MaxQuant, you will shortly
receive an e-mail with the download link. MaxQuant and Per-
seus do not require installation. Once you download them,
double-click on the MaxQuant or Perseus icon and the pro-
gram will load directly.

25. For Xenopus (both X. laevis and X. tropicalis), the protein
reference databases are available at Xenbase [17] (http://
www.xenbase.org/), in the “Genomes” tab ! “Download

https://www.maxquant.org/
http://www.xenbase.org/
http://www.xenbase.org/
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Xenopus Genomes” ! “Sequences.” There is a list of options
which include the Xenbase protein database as well as the one
fromNCBI, both of which can be downloaded as a FASTA file.
For other species, you may download the databases directly
from RefSeq at the NCBI site https://www.ncbi.nlm.nih.gov/
refseq/.

26. These parameters are usually the default ones, since the raw file
from the mass spectrometer contains the details from the mass
analysis, and MaxQuant reads them and sets the parameters.

27. At this step you will have obtained a list of the proteins that
change their abundance in your experimental conditions, e.g.,
in response to spinal cord injury. It is of great interest to
determine whether they are related to each other in functional
groups. For example, they may participate in similar biological
processes or signaling pathways, or they could belong to a
group of proteins that are functionally connected. In Subhead-
ings 3.10, 3.11, 3.12, 3.13, and 3.14, we provide a set of tools
that can be used to perform functional analysis of any gene list.
These tools are freely available and user-friendly for the bench
biologist and do not require previous programming knowledge
(see Fig. 2 for a workflow summary on the use of these tools).

28. Functional annotation databases have the highest amount of
information for mouse and human, for which it is convenient
to convert your gene list into mouse or human orthologs
before performing functional enrichment analyses.

29. While g:Profiler is a comprehensive database, it does not con-
tain data for Xenopus laevis. Please see Subheading 3.10 for
alternatives to find mouse or human orthologs for X. laevis.

30. For some identifiers, you will obtain more than one ortholog.
This will require manual curation of the list according to the
gene symbol or gene description to obtain the desired final list.
Please note that it is possible that the database will not find
orthologs for all your genes. It is important to take note of
which ones do not appear, and see if you can manually find the
ortholog, for example, directly at the NCBI website.

31. For less annotated organisms, using the method in Subheading
3.10 can yield a low number of orthologs. Also, there are some
organisms, like X. laevis, that are not included in the g:Profiler
database. For this and other cases, an alternative is to convert
your gene list identifiers into the official gene symbol (e.g., the
official gene symbol for uncoupling protein 2 is ucp2). To
achieve this, you can use the DAVID Bioinformatics Resources
website [13].

32. If you are using X. laevis, the resulting official gene symbols
will contain information on the homeolog of the gene (short or
long chromosome, e.g., cfb.L corresponds to the L homeolog

https://www.ncbi.nlm.nih.gov/refseq/
https://www.ncbi.nlm.nih.gov/refseq/
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Fig. 2 Workflow summary of the protocol (part II). Schematic workflow of the functional analyses that can be
performed once differential abundance gene or protein lists are obtained. These include, if needed, finding the
human or mouse ortholog for better functional annotation (a), different types of functional analyses, including
obtaining all functional annotation available per gene, functional enrichment analysis, and STRING protein–
protein association network representation of results (b). Resulting functional analysis terms may be further
compared among samples using Venn diagrams (c)

of the cfb (complement factor B)). Since this information will
interfere when using the gene list in a mouse or human data-
base, an easy way to remove it without requiring programming
is the following: In MS Excel, generate a new spreadsheet, and
go to File ! Import. In the pop-up window, select “Text file”
and click on “Import.” On the next window, make sure the
“Delimited” option is selected, and then click “Next.” In the
“Delimiters options,” select “Other” and in the box type a
period (“.”). Click “Finish.” The resulting table will have a
column with all your gene symbols without the .L or .S that
you can now use as input in any mouse or human database
search engine.

33. While we recommended above to perform your analysis using
human or mouse orthologs, it is possible to use your original
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gene list in the species you are working with (if available in
the g:Profiler database). You can perform both analyses and
compare the results, to see which one delivers better
information.

34. Another option for finding human or mouse orthologs for
X. laevis is available in the Xenbase website. Access it at
http://www.xenbase.org, and then go to Download!Down-
load Xenbase data. In the “Data Reports” section, click on the
“+” button next to “Orthology,” where you can download files
with the orthologs between Xenopus genes and human and
mouse, among others.

35. g:Profiler is one of the gene ontology enrichment tools recom-
mended by the Gene Ontology Consortium because its anno-
tations are up to date with the original consortium database
and analysis results include the version of the gene ontology
database being used at the time. It provides annotation from
databases from the following categories: (1) Gene Ontology
[18, 19], (2) biological pathways (KEGG [20, 21], Reactome
[22], WikiPathways [23]), (3) regulatory motifs in DNA
(TRANSFAC [24], miRTarBase [25]), (4) protein databases
(Human Protein Atlas [26], CORUM [27]), and (5) Human
Phenotype Ontology [28].

36. Download Cytoscape for your operating system from the link,
https://cytoscape.org, and install it. Then, open Cytoscape,
and go to Apps ! App Manager, and in the search box, type
“stringApp.” Select it and press “Install.”

37. BioVenn allows you to obtain area-proportional Venn diagrams
for up to three lists. Input lists can be made of gene or protein
identifiers, gene ontologies, KEGG pathways, or any element
separated by a new line. Please note that the analysis is case-
sensitive.
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Chapter 20

Live Cell Imaging of Dynamic Processes in Adult Zebrafish
Retinal Cross-Section Cultures

Manuela Lahne and David R. Hyde

Abstract

Following retinal injury, zebrafish possess the remarkable capacity to endogenously regenerate lost retinal
neurons from Müller glia-derived neuronal progenitor cells. Additionally, neuronal cell types that are
undamaged and persist in the injured retina are also produced. Thus, the zebrafish retina is an excellent
system to study the integration of all neuronal cell types into an existing neuronal circuit. The few studies
that examined axonal/dendritic outgrowth and the establishment of synaptic contacts by regenerated
neurons predominantly utilized fixed tissue samples. We recently established a flatmount culture model
to monitor Müller glia nuclear migration in real time by two-photon microscopy. However, in retinal
flatmounts, z-stacks of the entire retinal z-dimension have to be acquired to image cells that extend through
parts or the entirety of the neural retina, such as bipolar cells andMüller glia, respectively. Cellular processes
with fast kinetics might thus be missed. Therefore, we generated a retinal cross-section culture from light-
damaged zebrafish to image the entire Müller glia in one z-plane. Isolated dorsal retinal hemispheres were
cut into two dorsal quarters and mounted with the cross-section view facing the coverslips of culture dishes,
which allowed monitoring Müller glia nuclear migration using confocal microscopy. Confocal imaging of
cross-section cultures is ultimately also applicable to live cell imaging of axon/dendrite formation of
regenerated bipolar cells, while the flatmount culture model will be more suitable to monitor axon
outgrowth of ganglion cells.

Key words Zebrafish, Retina, Regeneration, Confocal microscopy, Live cell imaging, Retinal slice
culture, Interkinetic nuclear migration

1 Introduction

The zebrafish offers a unique opportunity to study both the regen-
eration of retinal neurons produced from Müller glia-derived neu-
ronal progenitors and the concomitant outgrowth and integration
of axons into an existing neuronal network [1–4]. A few studies
investigated the reestablishment of dendritic and axonal projections
and the reinnervation patterns after killing specific cell types using a
genetic cell ablation approach, ouabain to injure inner retinal

Ava J. Udvadia and James B. Antczak (eds.), Axon Regeneration: Methods and Protocols,
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neurons, or intense light to damage photoreceptors [1, 4–7]. The
dendritic and/or axonal/synaptic patterning were predominantly
investigated using immunohistochemical approaches, except for
Yoshimatsu et al. (2016; [1]), who employed two-photon live cell
imaging of zebrafish larvae to examine whether surviving H3 hori-
zontal cells adapted their innervation pattern following UV cone
photoreceptor ablation. Larval zebrafish lend themselves to moni-
toring reinnervation of neurons or axon regeneration in vivo [1, 8].
However, larval fish retinas rapidly grow and remodel their axons
and dendrites [9, 10]. Thus, it is unclear whether developmentally
expressed factors contribute to a regenerative response in larval fish.
In contrast to larval fish, in vivo retinal imaging approaches in adult
zebrafish are currently limited to spectral domain optical coherence
tomography (SD-OCT) or confocal scanning laser ophthalmo-
scopy (cSLO; [11–15]). While SD-OCT can detect aberrations
within the different retinal layers following retinal damage, this
technique cannot resolve details at a cellular level [11, 12, 15]. In
contrast, cellular structures, such as microglial or Müller glial pro-
cesses, and cell bodies, as well as cones and blood vessels, could be
visualized in vivo in fluorescent reporter-expressing transgenic zeb-
rafish lines using cSLO [14, 15]. Unfortunately, both SD-OCT and
cSLO require anesthetized fish to be mounted without being
immersed in water, and thus, these techniques are only viable to
perform short-term imaging over a period of less than 10 min
(including anesthetizing and mounting; [15]). However, the
same fish can be revived and reimaged on consecutive days to
obtain snapshots of cells/cellular structures over an extended
period [11, 15].
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Culturing adult zebrafish retinal flatmounts in tissue culture
inserts immersed in six-well plates established that adult zebrafish
retinal tissue can be maintained ex vivo [16]. However, retinal
explants mounted in culture inserts are not amenable to confo-
cal/multiphoton live cell imaging. We recently developed an
approach to culture flatmounted dorsal retinal explants from adult
zebrafish on glass bottom dishes and established conditions to
perform two-photon microscopy. Using this approach, we moni-
tored the migration ofMüller glia nuclei along the apicobasal axis in
phase with the cell cycle (interkinetic nuclear migration) following
light damage-induced photoreceptor injury [17, 18]. However,
imaging of retinal flatmounts has some limitations: (1) light scat-
tering occurs in deeper layers, which requires adjusting laser/gain
intensities, or imaging is prevented when using dim-fluorescing
transgenic lines and (2) cellular processes with fast dynamics, such
as calcium signaling events, might be missed in Müller glia, which
extend throughout the entire thickness of the retina. Therefore,
this requires imaging of the entire z-stack, which consequently
takes several minutes depending on image settings. In contrast, a



retinal cross-section view would allow imaging of Müller glia in one
z-plane, thereby reducing the acquisition time and enabling imag-
ing of cellular processes with faster kinetics. Acute retinal slices from
different species have been employed for patch clamp and short
imaging experiments [19–24]. Recently, a retinal slice culture
model from postnatal mice was also developed to facilitate live cell
imaging [25]. Thus, we developed an approach to produce a retinal
cross-section preparation using a scalpel blade [19, 26] to cut a
dorsal retinal hemisphere mounted in agarose into two quarters,
which were subsequently mounted with the cross-section view
facing the bottom of a glass culture dish or a coverslip of a
two-well chamber. We utilized this culture system to monitor inter-
kinetic nuclear migration in retinal cross-sections from light-
damaged Tg[gfap:nGFP]mi2004; Tg[her4.3:dRFP]knu2 double
transgenic zebrafish (35-h light damage) using a confocal micro-
scope equipped with 488 and 561 nm lasers and a Perfect Focus
System to prevent focal drift. While multiphoton microscopy has
the advantage of reduced photobleaching/phototoxicity and an
extended z-imaging range, we chose the confocal microscope for
several reasons: (1) an ability to image different fluorescent repor-
ters including RFP, which is not efficiently possible on all multi-
photon systems, (2) the ability to employ the Perfect Focus
System (PFS) to overcome drift issues, which utilizes a 870 nm
infrared laser, thus preventing imaging using 910 nm laser light as
previously published [17, 18], and (3) the general availability/
pricing of confocal microscopes versus multiphoton microscopes.
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The establishment of culture and imaging conditions for both
retinal flatmounts and slices not only enables investigating the
mechanisms underlying interkinetic nuclear migration but also
provides options to examine different newly generated neurons
live during retinal regeneration. The imaging approaches will be
amenable to examining axonal and dendritic outgrowth in the
regenerating zebrafish retina if suitable transgenic lines, for exam-
ple, those required for cell type specification, are employed [7]. As
an example, axonal outgrowth of ganglion cells and their fascicula-
tion could be assessed in retinal flatmount cultures from Tg[atoh7:
GFP]rw21 zebrafish [7], as imaging of only a few z-planes or a
relatively small z-stack might be required. In contrast, retinal slice
cultures may be better suited to investigate bipolar cell behavior, as
these cells expand from the outer plexiform layer to the different
strata of the inner plexiform layer. While exact conditions to exam-
ine axonal/dendritic outgrowth will have to be established, the
development of imaging capabilities provides promising avenues
to examine neuronal behavior live in the regenerating retina in
the future.
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2 Materials

2.1 Chemicals/

Solutions

1. 70% ethanol in double distilled water. Use the 70% ethanol to
sterilize the tissue culture hood and to subsequently spray the
wrapped serological pipettes, syringes, syringe filters, tubes,
etc. before transferring the tools into the tissue culture hood.

2. System water: Aquarium salt (e.g., Crystal Sea, Marinemix)
dissolved in reverse osmosis (RO) purified water—conductiv-
ity, 500–800 μS/cm. Adjust pH to 6.8–7.2 with sodium bicar-
bonate powder.

3. 0.2% 2-phenoxyethanol in system water.

4. 1 M CaCl2: Prepare 10 mL of 1 M CaCl2 in double distilled
water. Sterilize the outside of the 15 mL conical tube contain-
ing the 1 M CaCl2, before transferring it into the sterile tissue
culture hood. Use a 0.2 μm pore-size syringe filter attached to a
10 mL syringe to sterilize the 1.0 M CaCl2 solution, transfer-
ring it to a new sterile 15 mL conical tube. Store at 4 °C
until use.

5. 1 M MgCl2: Prepare 10 mL of 1 M MgCl2 in double distilled
water and sterilize as described for CaCl2 under Subheading
2.1, item 4. Store at 4 °C until use.

6. HBSS (CM): In the sterilized tissue culture hood, add sterile
CaCl2 and sterile MgCl2 at a final concentration of 1 mM each
to 1× Hank’s balanced salt solution (HBSS) without calcium,
magnesium, and phenol red. Store at 4 °C until use.

7. Culture medium: 50% 1× minimum essential medium (1×
MEM) without phenol red, 25% HBSS (CM), 25% heat-
inactivated horse serum, 10 units/mL penicillin, and 10 μg/
mL streptomycin (see Note 1).

8. 1% low melting point agarose: On the day of culturing, prepare
a 1% agarose solution by melting 0.1 g low melting point
agarose in 10 mL of 1× MEM without phenol red using a
microwave. Make sure that the agarose is fully transparent
and that all agarose particles have melted (see Note 2).

2.2 Dissection Tools/

Equipment

1. Binocular dissection microscope equipped with a dual goose-
neck light source.

2. #5 forceps (e.g., Dumont).

3. Tweezers #5B, 11 cm, 45-degree-angled, 0.05 × 0.01 mm tips
(e.g., Dumont).

4. 1× McPherson-Vannas scissors, 7 cm, curved, 3 mm blade.

5. Carbon Steel Scalpel Blades, number 10, sterile (see Note 3).

6. Scalpel handle.
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7. Chattaway spatula.

8. Lid of a 100 × 15 mm Petri dish (see Note 4).

9. 100 mL beaker.

10. Plastic spoon.

11. Paper towel.

2.3 Culturing 1. Glass bottom cell culture dishes (e.g., FluoroDishes, 35 mm,
23 mm well) or TC-treated, sterile cell imaging cover glasses
with two chambers.

2. Tissue culture hood.

3. Tissue culture incubator set at 32 °C, 5% CO2/air
environment.

4. Serological pipettes (5 mL, 10 mL, 25 mL; sterile, single
wrapped).

5. Pipette controller.

6. 1 mL pipette.

7. 200 μL pipette.

8. 10 μL pipette.

9. Sterile 1 mL pipette tips.

10. Sterile 200 μL pipette tips.

11. Sterile 10 μL pipette tips.

2.4 Confocal

Microscopy

1. Confocal microscope equipped with 488 and 561 nm lasers
and corresponding excitation and emission filters.

2. Heat and gas adjustable equilibration slide chamber with the
option to exchange inserts.

3. Insert for round culture dishes or cover glass chambers.

4. Extra dishes/cover glass chambers to fill all the positions of the
holder to prevent gas from escaping into the room.

5. Type A refractive index oil (see Note 5).

3 Methods

3.1 Light Damage

Paradigm

1. Place transgenic albino zebrafish into an environment devoid of
light for 14 days. The number of fish to be dark-adapted
depends on the number of cultures required for the experiment
and the technical skills of the experimenter. We typically use
two to three fish. Maintain the temperature at 28.5 °C accord-
ing to standard housing conditions [27] and continue normal
feeding protocols (see Notes 6 and 7).
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2. Place a tank with system water between two fluorescent lights
(2800 lux [2, 17, 28]) to equilibrate the water temperature to
reach 31–33 °C.

3. Transfer the dark-adapted transgenic albino zebrafish into the
prewarmed tank and expose the zebrafish to constant intense
light for 35 h (see Note 8).

4. Regularly monitor the zebrafish and ensure that the tempera-
ture is maintained at 31–33 °C.

3.2 Preparations on

the Day of Culturing

1. Sterilize the tissue culture hood with 70% ethanol. Subse-
quently, sterilize the components/tools that are transferred
into the tissue culture hood (e.g., bottles containing MEM
and HBSS, pipettes, sterile pipette tips, etc.) also with 70%
ethanol (see Note 9).

2. Let the solutions used for culturing acclimate to room
temperature.

3.3 Retinal Isolation,

Mounting, and

Culturing

1. Euthanize one light-damaged transgenic zebrafish in a beaker
containing 0.2% 2-phenoxyethanol (see Note 10).

2. Transfer the zebrafish onto a dry paper towel with a plastic
spoon, positioning the fish in a lateral view with one eye acces-
sible. Using a stereomicroscope, place the angled tips of the
curved pair of forceps (#5, 45° angle) at the nasal and temporal
sides of the eye, push them into the socket behind the eye, and
cut the optic nerve to remove the eye. Transfer the eye onto the
lid of a 100 mm Petri dish (see Note 11).

3. Under the stereomicroscope, position the eye with the pupil
facing the bottom of the Petri dish lid, so that the optic nerve at
the back of the eye can be accessed (Fig. 1a, b).

4. Cut the optic nerve close to the back of the eye with a pair of
McPherson-Vannas scissors while holding/stabilizing the eye
with a straight pair of #5 forceps (Fig. 1b, c). Use McPherson-
Vannas scissors to remove excessive connective tissue covering
the sclera.

5. With the back of the eye still facing upward, hold the eye
between its dorsal and ventral sides using a pair of #5 forceps.
To obtain the dorsal side of the eye, make an incision with the
McPherson-Vannas scissors at the optic stalk, inserting one
blade into the lamina cribrosa, and cut the eye (sclera + retina)
along both the nasal and temporal axes of the eye (dotted line,
Fig. 1c).

6. Using one pair of #5 forceps, hold the dorsal side of the retina
at the cut edge where the cornea connects the ventral and
dorsal retina. Place a second pair of #5 forceps on the ventral
side and pull both hemispheres apart. Discard the ventral side
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Fig. 1 Schematic of retinal isolation and preparation of retinal slice culture. (a, f) Arrows indicate the
orientation of the eye/retina. (b–e, g) The zebrafish eye (blue, b–d)/retina (brown, e, g) is oriented with the
front of the eye downward (top row) or viewing the back of the eye with the optic nerve (yellow arrowhead,
bottom row). The optic nerve (ON, b) is cut, which reveals the lamina cribrosa/optic stalk (white disc, c). The
ventral hemisphere is removed by cutting along the nasal and temporal axis (dotted line, c, bottom row),
revealing the dorsal hemisphere with the lens visible (d). Subsequently, the dorsal retina is separated from the
sclera (e) and lens (g) and flatmounted in agarose (h). The dorsal hemisphere is cut into two dorsal quarters
from the dorsal margin toward the optic stalk (h, dotted line = cut side “a”). The agarose containing one
dorsal quarter is cut into a rectangular shape (i, dotted lines = cut sides “b–d”) and the residual agarose is
removed (j). The agarose block containing a dorsal quarter is lifted with a Chattaway spatula (“S” next to the



and continue with the dorsal hemisphere (Fig. ). Alterna-
tively, the cornea can be cut to remove the ventral hemisphere
(see Note 12).
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7. Hold the lens with a pair of #5 forceps to stabilize the attached
retinal tissue in one place while removing the sclera with
another set of #5 forceps (Fig. 1d, e).

8. Carefully, without inflicting retinal damage, cut behind the lens
with the McPherson-Vannas scissors to separate the lens from
the retina (Fig. 1e–g). If the lens separated from the retina
during an earlier dissection step, use one pair of straight #5
forceps to hold the retina at the cut edge, while the sclera is
carefully pulled away with a second pair of straight #5 forceps.

9. Flatten the dorsal retina on the Petri dish lid and add
300–500 μL of warm melted 1% low melting point agarose
around and on top of the retina. It is ok that the retina lifts, as it
is ideally positioned in the middle and center of the agarose,
horizontally aligning with the bottom of the Petri dish lid
(Fig. 1h). To position the retina within the agarose, use a pair
of curved #5 forceps (45° angle), place the blades of the curved
forceps at the nasal and temporal edges of the dorsal hemi-
sphere, and carefully move the retina. If the retina remains at
the bottom of the Petri dish, carefully lift the retina with the
tips of the curved #5 forceps. While the agarose sets, the retina
might need to be repositioned several times to remain in a
horizontal position relative to the Petri dish lid. The pair of
curved forceps may have to be held in position until the agarose
begins setting (see Notes 13–16).

10. While the agarose properly sets, isolate the retina of the oppo-
site eye andmount it in the way described for the first retina (see
Note 17).

11. Once the retina of the second eye has been isolated and
mounted, the agarose is typically well set and ready for cutting
(see Note 18).

12. Perform one cut using a rounded #10 scalpel blade, from the
dorsal margin of the retina toward the optic stalk, splitting the
dorsal hemisphere into two quarters (see Fig. 1h, dotted line

Fig. 1 (continued) arrow indicates the position of the spatula at cut site “d,” j), while a pair of forceps
indicated by an arrow that is labeled with “F” (j) is used to stabilize the agarose block at cut side “c.” The
agarose block is transferred to a tissue culture glass bottom dish and turned 90° to mount, so that the cut side
of the retina (“a”) faces the cover glass (k). A small amount of agarose is added to attach the agarose block to
the cover glass (l). Subsequently, agarose is added to the entire bottom of the culture dish and once set,
culture medium is added (m). (n, o) Mounting suggestion for cover glass chambers when multiple retinal
slices/agarose blocks are imaged during one time-lapse experiment. Letters in panels k, l, and n correspond
to the cut sides indicated by the labeled dotted lines in h and i
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labeled with “a”; [19, 26]). Ensure that you initially position
the blade at an angle of at least 45° in relation to the agarose
block and roll its rounded edge downward to the bottom of the
dish, thereby carefully cutting the agarose and the tissue (see
Fig. 1h, dotted line, and Notes 19–21).

13. For the first agarose half containing the retina, cut a rectangu-
lar/square agarose block (see Fig. 1i, dotted lines “b–d,” and
Notes 22 and 23).

14. Remove the cut agarose pieces lacking retinal tissue to access
the agarose block containing a dorsal retinal quarter. Slide the
bent side of the Chattaway spatula underneath the agarose
block (cut side “d”; Fig. 1i, j) while pushing the agarose against
the sides of the #5 forceps positioned at cut side “c” (Fig. 1i, j)
for stabilization.

15. Lift the agarose block and transfer it to the culture dish, turn-
ing the agarose block 90°, so that the retinal cross section faces
the bottom of the cover glass of the culture dish (Fig. 1k) or
the coverslip of the two-well culture chamber for use on an
inverted microscope. A pair of forceps can be used to push the
agarose block off the spatula and to adjust the position of the
block (see Notes 24 and 25).

16. Add 10 μL of 1% agarose around the bottom of the agarose
block to stabilize the position of the block. Repeat this several
times to seal the bottom of the entire agarose block (see Fig. 1l
and Note 26).

17. Once the agarose is set, cover the entire glass bottom culture
dish or cover glass well chamber with 1% low melting point
agarose. Let the agarose solidify and then carefully add 1.5 mL
of culture medium (see Fig. 1m and Notes 27–29).

18. Transfer the retinal slice culture into an incubator with a 5%
CO2/air supply, which is set at 32 °C. Maintain the retinal slice
culture in the incubator for 12 h to allow the retina to adapt to
the culture conditions and to recover from the isolation (see
Note 30).

19. Repeat steps 13–17 for the second dorsal retinal quarter and
steps 12–17 for the opposite eye (see Note 31).

3.4 Imaging

Interkinetic Nuclear

Migration with an

Inverted Confocal

Microscope (See

Note 32)

1. Insert the correct holder for either Petri dishes (glass bottom
dishes) or slides (cover glass chambers) into the environmental
chamber. To prevent gas leakage into the room, insert empty
Petri dishes or cover glass chambers into the corresponding
holder, while the chamber equilibrates to achieve a 5% CO2/air
atmosphere prior to imaging. Set the temperature to 32 °C.

2. Turn on the confocal microscopy system and, if the Perfect
Focus System (PFS) is employed, move the dichroic mirror



slider (located next to the objective turret) to the “IN” posi-
tion. Open the NIS-Elements image acquisition software and
within it the “TiPad,” “A1 Compact GUI,” “ND acquisition,”
“Scan Area,” and “LUT” windows, which are required to set
up timelapse imaging of z-stacks.
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3. In the “SETTING” field within the “A1 Compact GUI” win-
dow, select the correct filter combinations according to the
fluorescent proteins expressed in the retinal sections or fluores-
cent probes employed. For example, for retinal slice cultures
from Tg[gfap:nGFP]mi2004; Tg[her4.3:dRFP]knu2 double
transgenic zebrafish, select the 405/488/561 for the first
dichroic mirror, and choose the 525/50 and 595/50 band-
pass filters to acquire GFP and RFP fluorescence, respectively.

4. Set up the software for initial screening for adequate retinal
slice cultures as follows: 512 × 512 images and a scan speed of
1 frame/second. Select “NORMAL” in the “A1 compact
GUI” to image without averaging. Choose “CHANNEL
SERIES” in the “A1 Compact GUI” to avoid bleed through
between the different channels imaged (see Note 33).

5. After equilibration of the environmental chamber is completed,
add refractive index liquid onto the 40× plan-fluor oil immer-
sion objective (N.A. 1.3) (see Notes 34 and 35).

6. Exchange the empty glass bottom dish/cover glass chambers in
the equilibrated environmental chamber with those containing
retinal slice cultures. Ideally, orient the glass bottom dishes, so
that retinal slices are ultimately positioned either vertically or
horizontally within the image field of view. Move the stage to
coarsely position the agarose block containing the retinal slice
into the light path using bright-field light. Subsequently, fluo-
rescent light will more easily enable focusing on cells of interest
within the retinal slice.

7. Initially, view the retinal slice through the eyepieces using epi-
fluorescent light to briefly assess its overall integrity (see Note
36). Determine whether (1) the cells look healthy (see Note
37), (2) the slice is cut at the correct angle (see Note 38),
(3) the surface of the slice is even (see Note 39), and (4) cells
fluoresce according to the expected brightness (seeNote 40). If
the integrity of the slice is not satisfactory, move to a different
retinal slice to assess its integrity.

8. Once an adequate retinal slice has been identified, scan a
512 × 512 image at a scan speed of 1 frame/second, and
roughly adjust the laser power, gain (HV), and pinhole within
the “A1 Compact GUI.” Confirm that the integrity of the
retinal slice is satisfactory while focusing at different z-levels
according to the criteria given under Subheading 3.4, step 7,
and Notes 37–40.
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9. To overcome focal drift during long-term imaging, the Perfect
Focus System (PFS) can be employed. The PFS utilizes an
870 nm laser to maintain the focal position in relation to a
reference plane, which corresponds to the refractive index
boundary at the interface of the coverslip and the medium in
which the specimen is immersed. However, the PFS has a
limited working range and, therefore, it needs to be checked
whether the mounted retinal slice is in the PFS range (seeNote
41). Ensure that the PFS dichroic mirror is in the “IN” posi-
tion. Focus the specimen close to the surface of the coverslip
and then press the “ON” button at the front of the Nikon
Eclipse Ti microscope. This might change the level at which the
retinal slice is focused. Using the PFS offset controller (see
Note 42), refocus if necessary, on the surface of the sample,
and then assess the z-range that the slice can be imaged. If the
tissue is out of the PFS range, check whether it works for a
different retinal slice culture (see Note 43).

10. Once an adequate retinal slice is identified, reduce the frame
size to 512 × 256 in the “Scan Area” window, choosing the
“BAND SCAN AREA” function, which allows the width or
height to be adjusted. If the retinal section is positioned at a
diagonal or vertical angle, rotate (function located in the “Scan
Area” window) the frame so that the maximal amount of the
retinal cross section is imaged; however, image rotation may
result in a smaller field of view that can be imaged (see Notes
44–46).

11. Adjust the laser power, gain, and pinhole settings. Utilize the
“PIXEL SATURATION” function located in the “LUT” win-
dow to prevent over- and undersaturation of pixel intensities.
Set different colors for over- and undersaturated pixels, which
will only show in the image when pixels are either over- or
undersaturated, respectively (seeNote 47). For information on
laser power, gain, and pinhole settings used for monitoring
interkinetic nuclear migration, see legends of Figs. 2 and 3.

12. To set up the z-stack limits, choose the “Z” tab in the “ND
acquisition” window and click the “RESET” button. When
using the PFS, choose either the “SYMMETRIC” or “ASYM-
METRIC” function in the “Z” tab. For the “SYMMETRIC”
function, focus on the z-plane that resembles the center posi-
tion of the z-stack in the region that you want to acquire, and
click the “HOME” button and then the “RELATIVE” button
(see Note 48). Set the range in the left “RANGE” field in the
“Z” tab and choose the “STEP” size (seeNotes 49 and 50). To
check that the z-levels are satisfactory, double-click on the
fields with the numbers next to the “VOLUME VIEW” in
the “Z” tab, which correspond to the top, middle, and bottom
focal planes of the z-stack (see Note 51).



378 Manuela Lahne and David R. Hyde

Fig. 2 Retinal slice culture from light-damaged Tg[gfap:nGFP]mi2004; Tg
[her4.3:dRFP]knu2 double transgenic zebrafish. (a, c) Expression of GFP in
Müller glia nuclei from the gfap promoter and (b, c) a subset of these Müller
glia express her4.3-driven RFP in retinal slice cultures prepared at 35 h of light
treatment and cultured for 12 h. Images were acquired by confocal microscopy
using a 40× oil objective and the following settings: 488 nm laser power, 0.5; HV
(gain), 110; 561 nm laser power, 0.7; HV (gain), 121; pinhole, 3 airy units. Yellow
arrows indicate the cell undergoing interkinetic nuclear migration displayed in
Fig. 3. GCL ganglion cell layer, INL inner nuclear layer, ONL outer nuclear layer.
Scale bar, 20 μm

13. Optional: Apply z-intensity correction to overcome pixel
intensity loss in deeper z-layers (for instructions see Subheading
3.5 and Note 52).

14. In the “ND acquisition” window, select the “TIME” tab.
Choose the “DURATION” and “INTERVAL” according to
your experiment (see Notes 53 and 54).

15. If acquiring timelapse images of z-stacks in multiple positions,
check the “XY POS” tab in the “ND acquisition” window.
Initially, clear all previous positions (red “X”). Move to the
XY position of interest and use the “+ ADD” button to set the
first position. Subsequently, move to the next position of inter-
est and push the “+ ADD” button again. If the position
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Fig. 3 Confocal time-lapse imaging of Müller glia nuclei in a retinal slice culture. Müller glia interkinetic
nuclear migration (yellow arrows) was monitored in a retinal slice culture from Tg[gfap:nGFP]mi2004; Tg
[her4.3:dRFP]knu2 double transgenic zebrafish light-damaged for 35 h and subsequently cultured for 12 h
before imaging. The yellow arrows mark the Müller glia nucleus that is undergoing mitosis to produce two
neuronal progenitor cell nuclei. Note: Nuclear envelope breakdown, i.e., the onset of mitosis, begins based on
the distribution of GFP throughout the cytoplasm, while the Müller glia is still located in the INL (16 min).
However, the subsequent division into two neuronal progenitor cell nuclei occurs in the ONL (48 min), and
these newly arising nuclei return to the basal INL (112 min). Live cell imaging was performed by confocal
microscopy using a 40× oil objective (NA, 1.3), a 488 nm laser with the power set to 0.5 and the HV (gain) at
110, and the pinhole set to 3 airy units. INL inner nuclear layer, ONL outer nuclear layer. Scale bar, 20 μm

requires adjusting, move to the desired position and click the
arrow in the table column “POINT NAME” for the selected
position (see Note 55).

16. In the “A1 Compact GUI,” switch from “NORMAL” to line
averaging twice (button: “ 2x”) (see Note 56).

17. Double-check that all the subwindows in the “ND acquisition”
window are ticked (e.g., timelapse, z-stack, etc.) before starting
the acquisition by clicking the “RUN NOW” button in the
“ND acquisition” window. If the “z-intensity correction”
function is employed, then click the “RUN z-CORREC-
TION” in the “ND acquisition” window instead.

18. Regularly monitor the sample as it is being imaged. If the
power and gain levels require adjusting due to photobleaching,
repeat step 11, or if z-intensity correction was applied, see
Subheading 3.5, steps 3–5.
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19. If the image plane shifts horizontally, pause or stop the image
acquisition and refocus on the region of interest. Test if the
z-position also needs to be readjusted (see Subheading 3.4, step
12). Importantly, as long as “RELATIVE z-CORRECTION”
was set up initially, laser power and gain do not require read-
justing in the “z-intensity correction” window, except if the
sample was extensively photobleached.

3.5 Z-Intensity

Correction to

Overcome Pixel

Intensity Loss in

Deeper Z-Layers (See

Note 52)

1. Open the “z-intensity correction” window by right-clicking
into the software background. Choose “ACQUISITION
CONTROLS” and then “z-intensity correction.”

2. First, the z-stack range needs to be imported or set. As the
z-stack limits were set up according to the instructions under
Subheading 3.4, step 12, choose “FROM ND” within the “z-
intensity correction” window, which will transfer the z-stack
data for the top, middle, and bottom planes. Note: Additional
planes can be added according to need.

3. In the table of the “z-intensity correction” window, click on the
bottom focal plane, which corresponds to the topmost layer
and thus the brightest layer. In the “A1 Compact GUI” win-
dow, choose the laser intensity and gain according to the
desirable brightness, keeping in mind to maintain the laser
power as low as possible to avoid photobleaching and
phototoxicity.

4. Confirm the adjusted values for the chosen focal plane by
clicking the “ARROW” next to the “z-VALUES” in the “z-
intensity correction” window. The new values are displayed in
the table under “DEVICE SETTINGS” within the “z-inten-
sity correction” window.

5. Increase the laser power and gain for the middle and top planes
and if applicable for those that were added.

6. Choose “RELATIVE INTENSITY CORRECTION” in the
“z-intensity correction” window.

4 Notes

1. Phenol red autofluoresces and thereby adversely affects imag-
ing by decreasing the signal to noise ratio [29]. Additionally,
phenol red can modulate cell signaling pathways [30, 31].

2. Do not prepare large volumes of agarose as ion concentrations
change due to fluid evaporation following repeated reheating.
Additionally, larger volumes will take longer to cool to a usable
temperature. A water bath set at 37–40 °C can be used to
maintain the melted low melting point agarose at a constant
temperature.
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3. It is important that the blade has a rounded tip to improve the
manipulations.

4. Both the lid and the bottom of the Petri dish can be used;
however, because the lid has a smaller lip, the dissection tools
can be held at a shallower angle.

5. Type B refractive index oil (e.g., from Cargill) is useful for
imaging multiple positions.

6. Zebrafish in an albino background are used as photoreceptors
are reliably damaged and die following exposure to constant
intense light [2, 32]. Photoreceptor cells are more vulnerable
in response to constant intense light exposure following dark-
adapting zebrafish.

7. Transgenic zebrafish should be chosen according to the
research question. For example, to image interkinetic nuclear
migration, Tg[gfap:nGFP]mi2004; Tg[her4.3:dRFP]knu2
double transgenic zebrafish were used that express GFP in the
nuclei of all Müller glia and RFP in the cytoplasm of a subset of
reprogrammed Müller glia. Nuclear expression of GFP allows
tracking the nuclei in phase with the cell cycle, while the
cytoplasmic localization of RFP allows the visualization of the
entire Müller glia and gives an outline of the cross-section view.

8. The 35-h timepoint was chosen because the first Müller glia
commence interkinetic nuclear migration at this time [17]. The
timepoint, as well as the damage paradigm, can be adjusted
according to the research question being investigated.

9. For culturing retinal explants, we expect that the experimenter
possesses basic knowledge and experience in sterile culturing
techniques and, therefore, we do not describe exact details of
sterilization procedures in this protocol.

10. Euthanize only one fish at the time to obtain the most viable
retinal slice cultures.

11. We do not transfer the eye into fluid to reduce the possibility
that (1) fluid pockets develop when the dorsal retina is
mounted in agarose and (2) fluid mixes with the agarose in
localized areas, thereby locally reducing the agarose concentra-
tion. Both can affect successful cutting/slicing of the retina.

12. Only the dorsal hemisphere is kept because exposure to con-
stant intense light damages the dorsal retina, while the ventral
side remains predominantly intact [32, 33]. However, other
damage paradigms such as exposure to NMDA or ouabain do
not cause localized cell death, and consequently, the entire
retina could be utilized for experiments (Hyde lab, unpub-
lished observation).

13. Do not position the retina at the bottom of the lid or at the top
of the agarose, as it will likely be pulled out of the agarose while
slicing or transferring the retinal slice/agarose block into the
culture dish.
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14. If the agarose concentration is below 1%, the agarose is too soft
and the retina pulls out of the agarose during slicing. Similarly,
when the agarose concentration is too high, the agarose
becomes too firm, and the pressure applied during slicing
might damage the retina or also push it out of the agarose. It
is possible to go up to 1.1% or 1.2% to stabilize the retina
during slicing.

15. If the agarose is too fluid, i.e., too hot, then it will spread out,
and the agarose mount becomes thin, which will make it more
difficult to maintain an upright position of the agarose block
(thickness ~0.4–0.7 cm) during mounting, which is described
under Subheading 3.3, step 15.

16. If the retina is not positioned horizontally in regard to the
nasal–temporal axis, the slice will be cut at an angle. In contrast,
it is not as critical that the axis from the dorsal margin to the
optic nerve head is aligned horizontally to the lid, as the
agarose block can be rotated during mounting to position it
within the culture dish.

17. If the isolation of the first retina takes a long time, the second
eye might start to deteriorate, and it will be difficult to dissect
the retina and to obtain usable slice cultures.

18. Make sure that the agarose does not dry out too much if the
isolation procedure of the second retina takes too long.

19. For each experimental day, use a new scalpel blade. If many
slice preparations are produced during one session, it might be
advisable to change the scalpel blade.

20. The cut surface (cut side “a”; Fig. 1h) needs to be straight to
obtain a cross-section view of the retina that is not at an angle.

21. Only cut the dorsal hemisphere once, as the retinal section is
often pulled out of the agarose when cutting multiple (two to
three) times.

22. The inside height of the culture dish has to be considered. For
example, the height of the FluoroDish rim is 7.8 mm. Thus,
the width between cut sides “a” and “b” (Fig. 1h, i) should be
between 5 and 7mm, as this represents the axis that is mounted
upright. Additionally, when cutting sides “c” and “d” of the
agarose block (Fig. 1i), it is advisable to not cut it too thin as
the block might not be stable when turned upright.

23. If an upright microscope is used, cut side “b” (Fig. 1i) is the
side that is mounted onto the coverslip and therefore has to be
cut straight to ensure that the retinal cross section is not
mounted at an angle.

24. The agarose block should not be adjusted too much by sliding
it across the coverslip as that might render the position of the
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retinal explant surface or pull the retina out of the agarose
block.

25. When using an upright microscope, retinal slice cultures
should only be mounted in culture dishes and not in coverslip
chambers as the water dipping objective will not fit into the
wells of the coverslip chambers and thereby prevent focusing
on the tissue. Furthermore, the agarose blocks should be
mounted in the middle of the culture dish to avoid the objec-
tive hitting the rim of the culture dish. Additionally, when cut
“b” (Fig. 1i, dotted line b) is performed, two aspects have to be
considered: (1) the height of the agarose block, i.e., the dis-
tance between cut sides “a” and “b” (Fig. 1h, i), in relation to
the height of the culture dish to ensure that the retina can be
covered with culture medium (see Subheading 3.3, step 17)
and (2) the water dipping objective will displace some fluid
when focusing on the sample, which could lead to fluid over-
flow if the fluid level is too high.

26. The agarose should not be too fluid/hot as it will run under
the agarose block and that will reduce the visibility while imag-
ing and decrease the range that can be used for imaging with
the Perfect Focus System (PFS) function.

27. If the agarose did not properly solidify, then the addition of
culture medium will rupture the agarose layer or lift the entire
layer, rendering the culture unusable for imaging as pieces will
float and thereby prevent maintaining the focal plane while
imaging. Similarly, make sure that the agarose does not
dry out.

28. The height of the culture dish needs to be considered when
cutting the agarose mount in position “b” (Fig. 1i, dotted line
“b”) to ensure that the retina is covered once culture medium
is added.

29. Carefully add culture medium to the mounted retinal slices,
which face away from the coverslip for use on an upright
microscope. Avoid adding fluid directly onto the slice as the
force might dislodge the retinal slice.

30. The temperature of 32 °C was chosen as zebrafish are main-
tained at this temperature during the light treatment.

31. Multiple agarose blocks containing a retinal slice preparation
can be mounted in one glass bottom dish. For example, the
two slice blocks from one dorsal retina if not even the four slice
blocks from one fish can be mounted in one glass bottom dish.
This however depends on how fast and careful the experi-
menter works. It is important that enough space is left between
individual slice blocks so that they are not tipped over or slide
together when adding 1% low melting point agarose with the
10 μL pipette. If multiple blocks are mounted, steps 17 and 18
under Subheading 3.3 will have to be omitted until the last
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agarose block has been mounted. Reduce the amount of aga-
rose added to cover the entire dish according to the number of
slice blocks.

32. To image interkinetic nuclear migration of Müller glia/neuro-
nal progenitor cells in retinal slice cultures from light-damaged
Tg[gfap:nGFP]mi2004; Tg[her4.3:dRFP]knu2 double trans-
genic zebrafish (Figs. 2 and 3), we used a Nikon A1R confocal
microscope equipped with a 40× plan-fluor oil immersion
objective and 488 and 561 nm lasers to acquire GFP and
RFP, respectively. The functions employed in these experi-
ments are common to other current confocal microscopes,
though they may be named differently.

33. If there is no bleed through between two different channels,
then the “CHANNEL SERIES” function is not required,
which allows faster imaging if necessary, as both channels are
acquired simultaneously. The ability to acquire light emitted
from two spectrally different fluorophores simultaneously is an
advantage when capturing processes with faster kinetics. Note:
For the images presented in Figs. 2 and 3, we did not apply
“CHANNEL SERIES.”

34. When alternating the imaging position to monitor multiple
retinal slices at the same time, the use of higher viscosity
refractive index oil (e.g., Type B refractive index oil, Cargill)
should be considered to avoid separation of the oil between the
objective and the cover glass while the XY position repeatedly
changes between different slice preparations during timelapse
imaging. It is advisable to test whether the use of the higher
viscosity refractive index oil causes chromatic or focal aberra-
tions in conjunction with the objective of choice on the experi-
menter’s microscope.

35. To reduce the possibility that the oil separates between the
objective and the coverslip, the slices should be positioned as
close as possible while considering the potential problems
described in Note 31. When using coverslip chambers with
two compartments, it is advisable to mount the slice/agarose
blocks next to the chamber divider so that both slice cultures
are positioned as close as possible (Fig. 1n, o).

36. Checking slice cultures for their overall integrity should be
performed as quickly as possible to avoid photobleaching.

37. The loss of basal processes in retinal explants from undamaged
or light-damaged Tg[gfap:EGFP]nt11 (not used here) or Tg
[her4.3:dRFP]knu2 indicates that Müller glia might be
unhealthy.

38. Indicators of slice cultures at an inappropriate angle are (1) the
appearance of short interrupted Müller glial basal processes
that cannot be scanned in the same focal plane, (2) Müller
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glial processes surrounding more than one row of ganglion
cells in the same focal plane, and (3) thickened ONL (not
applicable for light-damaged retinas).

39. Accumulation of agarose under the agarose block during
mounting can lead to the sample being mounted at an angle.
This might, however, only become visible when scanning mul-
tiple z-planes and it will have to be assessed whether the retinal
slice is acceptable for imaging.

40. Accumulation of agarose under the agarose block during
mounting can lead to samples fluorescing dimly.

41. If multiple retinal slice cultures are imaged simultaneously, it
needs to be checked that all of them are in PFS range.

42. The microscope focus controls are not working when the PFS
is switched “ON.”

43. If the PFS “ON” button flickers on and off, adjust the focal
level with the microscope focal control wheel until the PFS
locks in and the button stays on continuously. At that point,
only the external PFS offset controller works.

44. Typically, if the retina is cut at an optimal angle, the cross
section of the retina will fit into the 512 × 256 frame.

45. Imaging the retinal slice at 512 × 256 will enable faster image
acquisition.

46. If culture dishes are used, the position of the dish can be
rotated within the environmental chamber to obtain an opti-
mal angle that allows imaging the maximal image field of view.
In glass coverslip chambers, the retinal slice cultures are ideally
mounted with the slice positioned at a 90° angle relative to the
chamber divider or in parallel (Fig. 1n, o).

47. The laser power should be as low as possible to avoid photo-
toxicity and photobleaching. Set the gain as high as possible
without producing too much noise. Opening the pinhole is
another way to allow additional light to pass and thereby
reduce the laser intensity; however, confocality is lost, and
hence more out of focus light is imaged (see Figs. 2 and 3 for
settings).

48. Choosing the “RELATIVE” button will allow readjustments
of the position during the timelapse run in case a horizontal
shift occurs.

49. The step size depends on the size of the pinhole. For optimal
3D reconstructions, the suggested z-step size should be cho-
sen; however, for some research questions, a larger z-step will
provide sufficient information for analysis. A larger z-step size
reduces the number of focal planes imaged and thereby the
exposure of the specimen to laser light. Acquiring fewer
z-planes also allows faster imaging, which might be useful
when investigating cellular processes with faster dynamics.
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50. We imaged a 30 μm z-stack at a step size of 1.5 μm (optimal
step size: 1.025).

51. Avoid imaging the top of the slice that was cut and rather focus
a few μm below the surface of the retinal slice.

52. To overcome loss of pixel intensity in deeper z-layers due to
light scattering, the z-intensity correction functions can be
applied.

53. We acquired 512 × 256 images approximately every 8 min for
4 h in two positions. The 8-min timeframe was chosen based
on previous experiments using the two-photon microscope to
image interkinetic nuclear migration of Müller glia/neuronal
progenitor cells in retinal flatmounts [17, 18] and to reduce
photobleaching.

54. We previously acquired images every 30 min of Müller glia
undergoing interkinetic nuclear migration to reduce phototox-
icity. However, using this acquisition interval, we often missed
either the nuclear envelope breakdown, the cell division, or
both. Consequently, it was difficult to identify with certainty
the newly formed nuclei and to perform analysis of certain
features of interkinetic nuclear migration, such as division
type or velocities (Lahne & Hyde, unpublished data).

55. Do not set XY positions for multiple glass bottom dishes. The
cover glass of the dishes is offset to the bottom of the metal
place holder they sit on, and the objective remains in the same
z-plane when switching between different positions. Conse-
quently, if the position is switched, the objective will drive into
the metal rim and thereby become damaged. Instead, image
multiple slices within one glass bottom dish or, alternatively,
utilize cover glass chambers. Besides two-well cover glass
chambers, four- and eight-well cover glass chambers are also
available.

56. Line averaging twice will reduce noise. While there are options
to average more often, the experimenter will have to decide
whether the kinetics of the process investigated will allow
averaging more often. The experimenter also has to keep in
mind that averaging more often will increase the likelihood of
photobleaching and phototoxicity.
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Chapter 21

PCNA Staining of Retinal Cryosections to Assess
Microglial/Macrophage Proliferation

Anna G. Lovel and Diana M. Mitchell

Abstract

Detection of the protein PCNA (proliferating cell nuclear antigen) is used to identify cells in the S phase of
the cell cycle to indicate cellular proliferation. Here we describe our method to detect PCNA expression by
microglia and macrophages in retinal cryosections. We have used this procedure with zebrafish tissue, but
this procedure could be applied to cryosections from any organism. Retinal cryosections are subjected to a
heat-mediated antigen retrieval step in Citrate Buffer, then immunostained with antibodies to label PCNA
and microglia/macrophages, and counterstained for cell nuclei. After fluorescent microscopy, the number
of total and PCNA+ microglia/macrophages can be quantified and normalized to compare across samples
and groups.

Key words Microglia, Cell cycle, Proliferation, PCNA, Retina, Damage, Regeneration, Zebrafish,
Cryosections, Immunostaining

1 Introduction

Many researchers using the zebrafish, as well as other animal mod-
els, will desire to detect microglial proliferation in response to
retinal tissue and neuronal damage, as well as during subsequent
tissue regeneration. PCNA (proliferating cell nuclear antigen)
staining can be used to detect cells in S phase of the cell cycle
directly in tissue samples to indicate cellular proliferation. Several
anti-PCNA antibodies, produced in a variety of animal hosts, are
commercially available. PCNA detection provides an alternative or
parallel approach to that of nucleotide analog incorporation and
detection using reagents such as EdU (5-ethynyl-2′-deoxyuridine)
and/or BrdU (5-bromo-2′-deoxyuridine) to assess cellular prolif-
eration. Staining for PCNA can be performed in conjunction with a
microglia marker to visualize proliferating microglia, which can
then be quantified in subsequent image analysis.
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For immunodetection of PCNA in fixed tissues, an epitope/
antigen retrieval step is required. The idea behind the need for
antigen retrieval procedures to detect certain proteins is based on
the thought that the epitopes of interest are often inaccessible
(or masked) in the endogenous or post-fixation state of the tissue.
By exposing the tissue to certain buffers and/or heat, the antigen
conformation is changed such that the epitope is now exposed for
antibody binding. Various procedures for antigen retrieval have
been developed and may involve heat, acidic or basic buffers,
enzymatic treatments, or combinations thereof. Each method of
antigen retrieval poses unique challenges in regard to temperature
maintenance, buffer toxicity/hazards, and the costs of reagents. We
have had reliable success using the heat-mediated Citrate Buffer
antigen retrieval procedure detailed here with zebrafish retinal
cryosections to label PCNA in combination with a microglial
marker. This has allowed us to visualize and to quantify micro-
glial/macrophage proliferation in response to retinal damage [1]
and during subsequent retinal regeneration [2] (Fig. 1). Of note,
we have been able to reliably perform this procedure using a labo-
ratory hot plate as the heat source, with no need for a pressure
cooker, steamer, or specialized equipment. This facilitates monitor-
ing of solution temperature and minimizes issues from solution
boilover and evaporation. In addition, the Citrate Buffer Solution
is relatively simple and economical to prepare.

The microglial marker of choice for co-label with PCNA needs
to show a staining pattern that sufficiently labels the cytoplasm/cell
body of microglial cells, so that individual PCNA+ nuclei can be
assigned to individual microglia during image analysis. Two types
of antibodies have been used most predominantly to detect micro-
glia in zebrafish retinal tissue: antibodies to L-plastin (expressed in
all leukocytes, including microglia) [1–5] and the antibody 4C4
(specific for a previously unknown antigen expressed by microglia,
recently suggested to be Lgals3bp) [5–10]. Unfortunately, to date,
not all antibodies used in published studies to label microglia are
available commercially. Alternatives to using antibodies specific to
endogenous molecules expressed by microglia include the use of
transgenic zebrafish reporter lines in which microglia express fluo-
rescent reporters. For example, transgenic lines that can be used in
this manner include mpeg1:GFP and mpeg1:mCherry [11], both
available from the Zebrafish International Resource Center
(ZIRC). We and others have shown that mpeg1-driven reporters
can be used to label microglia in zebrafish retina [1–3, 12]. How-
ever, it is worth noting that to date, zebrafish markers to distinguish
microglia from infiltrating macrophages have not yet been identi-
fied or characterized. This is true for both the antibodies noted
above and the mpeg1 reporter lines. This should be thoughtfully



considered by the investigator when designing and interpreting
results of experiments. As discussed for antibody staining, when
choosing a reporter line, it is important that the fluorescent
reporter is cytoplasmic or located in the cell in a manner that will
allow assignment of PCNA+ nuclei to microglia. In our experience,
the heat-mediated Citrate Buffer antigen retrieval protocol
described here destroys endogenous fluorescence from these
reporter molecules, but commercially available antibodies to detect
GFP and mCherry (or other fluorescent reporters) can be used to
then co-label with anti-PCNA antibody during the immunofluo-
rescence procedure.
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Fig. 1 Representative results from PCNA staining with the leukocyte marker L-plastin, using cryosections from
damaged retinal tissue. Zebrafish retinas were lesioned by intraocular injection with 2 μM of the neurotoxin
ouabain, which leads to an injury response by microglia and macrophages, as previously shown in [1, 2]. This
cytotoxic lesion results in death of neurons in the inner retina (indicated in a and b as “lesion”) while leaving
the outer nuclear layer (ONL) intact. Whole zebrafish eyes were collected at 48 h post-lesion and processed to
generate retinal cryosections. Following the procedure outlined in this chapter, retinal cryosections were
stained for PCNA (magenta), the leukocyte marker L-plastin (to label microglia/macrophages, green), and DAPI
(blue). Images were acquired by confocal microscopy. Images show (a) L-plastin and DAPI staining and (b)
three-color merge to show PCNA localization to individual cell nuclei. (c) shows PCNA and DAPI, to
demonstrate PCNA localization to cell nuclei. (d) shows PCNA signal only. Assignment of PCNA-positive
microglia/macrophages is indicated by white arrowheads in b and d. Scale bar in b is 20 microns—applies to
all images

Each investigator will need to determine the appropriate com-
bination of antibodies to use in their study, which will depend on
the availability to the investigator, the species used to produce the
antibody, the choice of microglial label, as well as other factors.
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2 Materials

Prepare all solutions using ultrapure water. Use analytical-grade
chemicals. Note that some solutions can be made ahead of time
and stored as indicated; others should be made fresh upon use.

2.1 Antigen Retrieval 1. 1× Citrate Buffer Solution: 10 mM sodium citrate with 0.05%
Tween 20, pH 6.0 (seeNote 1). Measure 950 mL of water in a
graduated cylinder, and transfer to a glass bottle. Weigh out
1.921 g anhydrous citric acid and 0.8 g NaOH and add to the
glass bottle. Mix until dissolved, using a stir bar. Bring pH to
6.0; then bring the total volume up to 1 L. Mix, then add
0.5 mL of Tween 20, and mix again. Smaller volumes can be
prepared accordingly. Make the 1× solution fresh for each use.

2. Tall form heat-safe 200 mL glass beaker with slide rack.

3. Slides containing frozen retinal cryosections, prepared from
tissue fixed in 4% paraformaldehyde (PFA) in sucrose solution,
cut at 5–10 μm thickness. Store slides at -20 °C until use
and bring to room temperature just before proceeding (see
Note 2).

4. Thermometer, glass, with temperature range covering
~85–110 °C.

5. Laboratory hot plate with temperature control, stirrer not
required. Alternatively, water bath that accurately maintains
95–100 °C temperature may be used.

6. Microwave oven.

7. Hot mitt, for handling the hot beakers.

2.2 Immunostaining

of Cryosections

1. Humidified chamber(s) with slide holders (see Note 3).

2. Anti-PCNA antibody (e.g., mouse anti-PCNA clone PC10
(SantaCruz) or rat anti-PCNA (clone 16D10, ChromoTek).

3. Anti-L-plastin antibody (see Note 4).

4. Anti-GFP (ab13970, Abcam).

5. Anti-mCherry (GTX128508, GeneTex).

6. Secondary antibodies (F(ab’)2 format from Jackson ImmunoR-
esearch, conjugated to selected fluorophore to detect the pri-
mary antibody species).

7. Antibody blocking buffer: In a 50 mL conical tube, add 5 mL
10× phosphate-buffered saline (PBS), 10 mL normal goat
serum or normal donkey serum (see Note 5), and mix. Weigh
out; then add 0.05 g sodium azide. Bring to 50 mL total
volume with water. Mix well, then add 25 μL Triton X-100,
and mix again. Store at 4 °C.
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8. Antibody dilution buffer: Prepare in a 50 mL conical tube. Add
5 mL 10× phosphate-buffered saline (PBS), 0.5 mL normal
goat serum or normal donkey serum (see Note 5), and mix.
Weigh out; then add 0.05 g sodium azide. Bring to 50 mL total
volume with water. Mix well; then add 250 μL Triton X-100.
Mix well. Store at 4 °C.

9. 1× PBST wash buffer: 0.5% Triton X-100. Add 100 mL of 10×
PBS and 895 mL of water to a 1 L glass bottle and mix. Add
5 mL Triton X-100 and mix. Store at 4 °C.

10. Coplin jars for slide washing.

11. DAPI stock solution of 1 μg/mL (see Note 6), for nuclear
stain.

12. Coverslips, 60 x 22 mm size, 0.13–0.17 mm thickness.

13. Mounting medium: Several choices exist (see Note 7).

14. Forceps for handling slides.

15. Paper towels.

16. Laboratory tissues, e.g., Kimwipes.

17. Orbital mixer.

18. Liquid blocker pen (aka PAP pen; see Note 8).

2.3 Microscopy A fluorescent microscope system with appropriate excitation and
detection capabilities, with acquisition software. For thin sections
(~5 microns), epifluorescence microscopy can be used for imaging,
but sections thicker than 5 microns will need to be imaged using
confocal microscopy (or other method) that can optically resolve
individual cells.

3 Methods

3.1 Heat-Mediated

Antigen Retrieval in

Citrate Buffer

1. If using the hot plate method, determine the hot plate temper-
ature setting (see Notes 8 and 9). This is best done before
beginning the procedure.

2. Preheat the hot plate to pre-determined temperature that will
maintain the hot 1× Citrate Buffer Solution at 95–100 °C.
Alternatively, if using a water bath, bring the water bath to
95–100 °C and allow temperature to stabilize (see Notes 9
and 10).

3. Fill the glass tall form beaker with the 1× Citrate Buffer Solu-
tion and bring to a boil in the microwave. Handle the hot
beaker with a hot mitt. Use the thermometer to check the
temperature of the solution, microwaving again until the solu-
tion is 95–100 °C. Transfer the beaker with hot buffer to the
heat plate (or, if using a water bath, transfer the beaker to the
water bath and ensure the lip remains above the water level).
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There may be a very small boil. Wait a few minutes, and use the
thermometer to ensure that the temperature of the 1× Citrate
Buffer Solution in the beaker is stabilized at 95–100 °C.

4. When the temperature is stabilized, remove slides with cryosec-
tions from the freezer and select those to use. Lay them flat,
facing up on a paper towel and allow them to come to room
temperature for approximately 10 min (see Note 11). Then,
transfer them to the slide rack that fits into the tall form beaker.

5. Place the slide rack holding the glass slides containing cryosec-
tions into the beaker of hot 1× Citrate Buffer Solution. Ensure
cryosections on slides are fully submerged. Also insert the
thermometer into the beaker to monitor solution temperature.
Incubate for 20 min and make sure to maintain the tempera-
ture at 95–100 °C. You may need to adjust the setting on the
heat block occasionally, in order to maintain correct
temperature.

6. After the heat incubation, remove the beaker from the heat
plate or water bath (use the hot mitt to handle the beaker), and
allow the solution to cool at room temperature for at least
20 min.

7. Proceed immediately with the immunofluorescence staining
procedure.

1. Transfer slides from the room temperature 1× Citrate Buffer
Solution onto a clean paper towel. Wick away excess liquid on
the slide surface; then use a PAP pen to draw a hydrophobic
barrier around the slide border or tissue sections. Then, trans-
fer the slides to the slide holders/supports within the humidi-
fied chamber.

2. Perform the blocking step: Add antibody blocking buffer to
top of each slide so that sections are covered in liquid
(~200–250 μL per slide). Put the lid securely on the humidified
chamber and incubate at room temperature for 1 hour. Alter-
natively, blocking can be performed overnight at 4 °C.

3. Prepare dilutions of primary antibody to PCNA and primary
antibody to detect microglia, in antibody dilution buffer (see
Note 11). Calculate and prepare the volume of diluted anti-
body required using the estimate of ~200 μL of solution per
slide. We use the following dilutions of primary antibodies:
mouse anti-PCNA (1:200), rat anti-PCNA (1:200), chicken
anti-GFP (1:1000), rabbit anti-mCherry (1:1000), and rabbit
anti-L-plastin (gifted 1:10,000, GeneTex 1:50).

4. Gently pick up each slide using forceps and touch the slide
corner to a dry paper towel to wick excess blocking buffer.
Then, place each slide back on the holder/support in the
chamber. Ensure slides are lying face up and flat.
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5. Add the primary antibody solution to each slide (~200 μL per
slide). Ensure that the liquid covers the slide surface. Take care
that the container is lying flat in order to prevent the solution
from running off of the slides. If desired, a small piece of
parafilm cut to the size of the slide surface can be placed on
top of the solution. Close the lid of the chamber securely and
incubate overnight at 4 °C.

6. Remove the unbound primary antibody as follows: Add 1×
PBST wash buffer to Coplin jar(s). Remove the humidified
chamber holding the slides from 4 °C. Use the forceps to
gently pick up each slide and touch the slide corner to paper
towel, to wick excess buffer. Then, transfer each slide to the
Coplin jar washing container; ensure slides are completely
submerged. Place the Coplin jar with slides on an orbital
mixer (set at ~50 rpm) for 30 min (minimum, can be up to a
few hours) at room temperature.

7. Remove slides from the wash container using forceps or gloved
hands; touch slide corners to paper towel to wick away excess
wash buffer; then transfer each slide back to the chamber
face up.

8. Prepare dilutions of secondary fluorophore-conjugated antibo-
dies in antibody dilution buffer. We typically use secondary
antibodies at 1:200 dilution (see Note 12). In addition, you
may wish to include a nuclear counterstain in this solution
mixture (seeNote 6). We regularly use DAPI at 1:1000 dilution
from a 1 μg/mL stock at this step.

9. Add the diluted secondary antibody/nuclear stain mixture to
slides (~200 μL per slide). Again, parafilm can be used to cover
the liquid on the surface of the slide. Make sure slides and the
container are lying flat. Close the lid on the chamber securely
and protect from light at this step. You may place the container
in a flat, dark location, or cover the container entirely with foil.
Incubate for 1 hour at room temperature, or overnight at 4 °C.

10. Repeat the wash step above (step 6), with fresh PBST. After the
wash, remove slides from the wash container; touch corners to
paper towel to wick; then transfer onto a clean paper towel on
the lab benchtop.

11. Add mounting medium to the slide surface and coverslip (see
Note 13 for details and suggestions). Avoid air bubbles. If you
are using a non-curing medium, seal the edges of the slide/
coverslip border with clear nail polish.

12. Transfer the coverslipped slides on top of paper towels to a flat
tray and place in a drawer (or other dark, level place) to dry at
room temperature. For hardening mounting medium, suffi-
cient curing generally takes 2–3 hours, but slides can be left
in the dark for longer. Also consider time for drying of nail
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polish if you used it to seal your slides, as well as storage
conditions based on recommendations from the mounting
medium supplier (see Note 14).

13. When ready to image, clean the slides by gently rinsing and
wiping the back of the slide (not the coverslip!) with 70%
ethanol and wiping with Kimwipes (see Note 15).

3.3 Imaging and

Analysis

1. Use fluorescent microscopy to image your stained slides,
detecting fluorescence based on the secondary antibodies
used in the staining procedure, and to detect the nuclear coun-
terstain. Prior to imaging, consider the thickness of your sec-
tions as well as regions of retina that you will image and analyze
(see Note 16).

2. Using image analysis software (see Note 17), such as Fiji/
ImageJ, open the individual image files. Brightness/contrast
adjustments can be made to best visualize signal in each
channel.

3. Determine a region for counting that can be standardized
across all images or samples and/or that can be used for nor-
malization (see Note 16).

4. In each image and the region chosen for quantification, count
the number of DAPI-positive (DAPI+) nuclei within microglial
cell bodies to determine the total number of microglia in the
region of interest. Microglial cell bodies are determined by
signal from the marker/label used to visualize microglia.
Counting can be performed manually, though most image
analysis software will have a feature/plug-in for this purpose
(e.g., cell counter plug-in available in Fiji/ImageJ).

5. Count the number of DAPI+ and PCNA+ nuclei within the
microglial cells counted previously within the standardized
region of interest.

6. Determine the fraction of PCNA+ microglia by dividing the
number of PCNA+ microglia by the number of total microglia.
Before determining this fraction, you may wish to first normal-
ize the cell counts based on area, curvilinear distance, or other
parameter.

4 Notes

1. We frequently make the 1× Citrate Buffer Solution for each use
from a 10× stock of 100 mM sodium citrate solution, pH 6.0.
The stock solution can be stored at room temperature for up to
6 months. Note that the 10× stock solution does not contain
Tween 20; you will need to add the appropriate volume to
achieve 0.05% Tween 20 final concentration to the 1× solution
prior to use.
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2. We have performed this heat-mediated Citrate Buffer antigen
retrieval procedure and PCNA staining on retinal cryosections
prepared from zebrafish whole eye tissue fixed in 4% parafor-
maldehyde (PFA) in sucrose phosphate solution. After cryo-
preservation and embedding, whole eye tissue was
cryosectioned and adhered to glass slides. Slides containing
retinal cryosections should be stored at -20 °C until use. We
have used this procedure with retinal cryosections ranging from
5 to 20 microns in thickness.

3. A chamber can be made from a Tupperware container with a
flat bottom and tight-fitting lid, using water-soaked paper
towels on each end to maintain humidity. Slides need to remain
elevated from the bottom of the container and flat throughout
all incubations. We have repurposed bamboo skewers for this
use (placed in parallel on the bottom of the container), as well
as plastic embedding base molds that can hold individual slides
(similar to the 27,147 series from Ted Pella, Inc.). Alterna-
tively, staining can be performed in Coplin jars filled with
antibody solutions. This uses considerably larger volumes and
therefore more antibody and is therefore substantially more
expensive. Some labs have reported re-using the solutions
over multiple procedures, but we have not tried this.

4. For labeling microglia, we have used gifted rabbit anti-L-plas-
tin (from Dr. Michael Redd, University of Utah, not commer-
cially available) with great success. We have had some success
with rabbit anti-L-plastin available commercially (Cat. #
GTX124420, GeneTex). Alternatively, one may find another
source of antibody to label microglia in zebrafish.

5. Chose serum species based on the secondary antibody species
to minimize background. For example, if secondary antibodies
are generated in goat, then use normal goat serum. However,
in practice, we have had success using goat serum with second-
ary antibodies produced in donkey and vice versa.

6. Alternatively, one may choose to include a counterstain in the
mounting medium format (seeNote 7). However, we have the
most reliable nuclear staining results when we add the DAPI
stain during step 8 (Subheading 3.2). Another option is to add
the nuclear stain during the second wash step (Subheading 3.2,
step 10), though this results in a larger volume of hazardous
waste to manage.

7. Choices for mounting medium include several options. We
most frequently use VECTASHIELD Vibrance, in the harden-
ing form without counterstain (e.g., VECTASHIELD Hard-
Set, Vector Laboratories), which is self-curing and does not
require sealing coverslip edges. In our experience, this product
preserves fluorescent signal and slides can be stored in the dark
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for several months for re-imaging later. There are many other
mounting mediums from various suppliers that preserve signal
but do not cure, so one must seal the edges of the coverslips on
slides. In addition, several formats come with a nuclear coun-
terstain, if desired. Glycerol can be used, but in our experience
does not preserve signal; in addition, one must seal edges of
coverslips on slides. Clear nail polish (not strengthener, which
contains proteins that can increase autofluorescence) can be
used for sealing, if needed.

8. PAP pens are used to draw a hydrophobic barrier around the
slide edges, which keeps the solutions pooled and prevents
liquid dripping off of the sides of the glass slides during incu-
bation steps. These are available in different tip widths; we
generally prefer the 5 mm width for edging the slides. If
desired, one can draw a circle around the actual piece of tissue
on the glass slide, rather than around the entire slide edge.

9. Maintaining an accurate temperature range and full saturation/
submersion of the slides, during the heat-mediated antigen
retrieval step, is necessary for good results. After pre-heating
in the microwave, you will need to maintain the 1× Citrate
Buffer Solution at 95–100 °C. We have found that it was
worthwhile to purchase a tall form beaker with slide rack for
this purpose (as noted in the material list). This also allows for a
good number of slides to be processed together in the same
batch. Alternatively, you can heat/submerge slides in a heat-
safe glass beaker, keeping them separated, or use a heat-safe
Coplin jar.

10. If using the hot plate method, then before starting the proce-
dure, you will need to determine the hot plate settings that
work best with your lab’s equipment. The temperature setting
can be determined with some trial and error beforehand, in
which the pre-heated solution is placed on the hot plate and
monitored for maintaining a 95–100 °C temperature range. It
is also important to make sure that the slides with cryosections
remain submerged in the solution and do not adhere to each
other. Some solution will evaporate off during the procedure.

11. You may attempt using a PAP pen to create a hydrophobic
border around the slide edge or sections, but the hot 1×Citrate
Buffer Solution will cause most of it to fall off of the slide.
Instead, you can add this barrier just before the blocking step
(see Subheading 3.2, step 1) by using Kimwipes to wick away
excess liquid and then drawing the border using the PAP pen.

12. Antibody dilutions for staining are determined based on sup-
plier guidelines, information in the literature, as well as an
individual investigator basis. You may need to determine the
optimal dilution of each antibody if this information is not
available.
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13. You may attempt this in various ways. One method is to add ~3
small drops of mounting medium distributed across the slide
surface (1 left, 1 middle, 1 right) and then gently place a
coverslip on top. The mounting medium will move out and
cover the slide surface under the coverslip. Another method is
to place the coverslips on a paper towel, add the mounting
medium dropwise to the coverslip, and then invert the slide
with sections onto the coverslip. Regardless of method, avoid
air bubbles and be careful not to use too much (can leak and
stick to slide/coverslip surface) or too little (tissue sections will
dry out) of the mounting medium.

14. Stained slides can be stored in a slide box, protected from light,
before or after imaging. The length and duration of storage will
depend on the mounting medium used and individual investi-
gator’s experience; follow the manufacturer’s guidelines.

15. We often use a lab marker to circle the location of sections to
find them more quickly when imaging. Circles are drawn on
the coverslip.

16. There are several considerations prior to imaging and analysis.
If your cryosections were cut thicker than 5 microns, you may
need to use confocal microscopy (or another appropriate
method) to resolve fluorescence from individual cells by acquir-
ing a z-series to cover the tissue thickness and/or imaging
single planes of focus. You may wish to quantify microglia
along a curvilinear distance of the retina, and all or distinct
retinal cell layers. Alternatively, or in addition, you may wish to
count within a defined area of a region of interest, or in a
particular retinal cell layer. You may be able to image entire,
intact cryosections from the same region of the retina. In any
case, you must be able to compare counts standardly across
your samples and normalize counts in some way (such as per
unit distance, unit area, or per entire cryosection). This needs
to be considered before image acquisition as well as during
image analysis.

17. Image analysis can be performed using suitable image analysis
software. Fiji/ImageJ is freely available.
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Chapter 22

Drosophila Laser Axotomy Injury Model to Investigate RNA
Repair and Splicing in Axon Regeneration

Qin Wang, Shannon Trombley, Mahdi Rashidzada, and Yuanquan Song

Abstract

The limited axon regeneration capacity of mature neurons often leads to insufficient functional recovery
after damage to the central nervous system (CNS). To promote CNS nerve repair, there is an urgent need to
understand the regeneration machinery in order to develop effective clinical therapies. To this aim, we
developed a Drosophila sensory neuron injury model and the accompanying behavioral assay to examine
axon regeneration competence and functional recovery after injury in the peripheral and central nervous
systems. Specifically, we used a two-photon laser to induce axotomy and performed live imaging to assess
axon regeneration, combined with the analysis of the thermonociceptive behavior as a readout of functional
recovery. Using this model, we found that the RNA 3′-terminal phosphate cyclase (Rtca), which acts as a
regulator for RNA repair and splicing, responds to injury-induced cellular stress and impedes axon
regeneration after axon breakage. Here we describe how we utilize our Drosophila model to assess the
role of Rtca during neuroregeneration.

Key words Axon regeneration, Rtca, Drosophila, Sensory neurons, Behavioral assay, Functional
recovery

1 Introduction

1.1 RNA Repair and

Axon Regeneration

RNA posttranscriptional modification is a critical eukaryotic mech-
anism for regulating mRNA levels and increasing molecular diver-
sification [1–3]. In neurons, it is a highly dynamic and conserved
system, contributing to neuronal activity and plasticity [4–7]. Previ-
ous studies have revealed that regulating RNA repair and splicing is
a powerful strategy for cells to respond to cellular stress [8–10] and
that this machinery is activated after nerve injury [11, 12]. In 2015,
the RNA ligase RNA 2′,3′-cyclic phosphate and 5’-OH ligase
(Rtcb) was reported to inhibit neuroregeneration after axon injury
in C. elegans [13]. More recently, we showed that the RNA 3′--
terminal phosphate cyclase (Rtca), which converts the RNA 3′-
-phosphate back to 2′,3′-cyclic phosphate after RNA damage or
splicing, is also implicated in axon regeneration in fly and mouse
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[14]. We hypothesize that after axon injury, Rtca impedes axon
regrowth by counteracting the Rtcb and Archease (its catalyst)-
dependent RNA repair/splicing, with the cellular stress sensor
Xbp1 acting as their substrate [14, 15]. Reduction of Rtca via
mutation or RNAi efficiently increases the regenerative capacity of
axons, making it a potential target for treating central nervous
system (CNS) injury. This finding reveals that the RNA repair and
splicing pathway is important in mediating the injury-induced cel-
lular stress and implicated in regulating axon regeneration. How-
ever, a broader picture of the link between RNA repair/splicing and
nerve repair after traumatic injury remains poorly understood and
warrants further study.
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1.2 Drosophila

Sensory Neuron Injury

Model

Previous work has demonstrated that the axon regeneration pro-
grams, like many other fundamental physiological processes, are
evolutionarily conserved from Drosophila to mammals [14, 16,
17]. The fruit fly Drosophila melanogaster is thus an ideal model
to screen for and further study key genes that play a role in neuror-
egeneration, which may be targeted to improve functional restora-
tion. Therefore, we have established a Drosophila sensory neuron
injury model [17, 18]. Drosophila dendritic arborization
(da) sensory neurons can be subdivided into four classes by their
morphology, from class I to class IV [19, 20]. With their cell bodies
and dendrites located in the periphery, all da neurons project their
axons all the way through peripheral tissues to form synaptic con-
nections in the ventral nerve cord (VNC), which is part of the CNS
in flies. This pattern shares a high degree of similarity with the way
dorsal root ganglion (DRG) neurons project their axons into the
spinal cord in vertebrates. To gain spatial precision, we use a
two-photon laser to induce sensory neuron axon breakage in fly
larvae, thus restricting injury to a small point and preventing diffu-
sive damage. Prior work from our lab revealed that these da neu-
rons exhibit class-specific regeneration potential. While class IV da
(C4da) sensory neurons (labeled by ppk-CD4tdGFP) are capable of
regenerating in the periphery, class III da (C3da) sensory neurons
(labeled by 19-12-Gal4>CD4-tdGFPor nompC-QF>CD4tdGFP)
display limited regeneration potential after injury [17]. Notably,
even for C4da neurons, their regeneration competence is signifi-
cantly reduced if their axons are injured within the CNS. In this
chapter, we describe how we utilize our Drosophila sensory neuron
injury model to determine the role Rtca plays in axon regeneration.

2 Materials

2.1 Equipment 1. Stereomicroscope for screening larvae.

2. 25 °C incubator with light/dark cycle and humidity control for
fly culture.
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3. Confocal imaging system equipped with two-photon laser for
axon injury and imaging (see Note 1).

4. Fume hood for larval anesthetization.

5. Forceps for picking and holding larvae (e.g., Dumont AA –
Epoxy Coated).

6. Computer equipped with ImageJ and a statistics software pack-
age (e.g., GraphPad) (see Note 2).

7. Glass slides (75 × 25 mm) and coverslips
(50 × 22 × 0.16–0.19 mm).

8. 6 oz square bottom Drosophila stock bottles.

9. Rayon balls (for wide vials).

10. 35 mm tissue culture dish (35 × 10 mm).

11. 60 mm tissue culture dish (60 × 15 mm).

12. 60 mm glass culture dish (60 × 15 mm).

13. Tissue paper (e.g., Kimwipes).

14. Heat probe with the temperature control unit.

2.2 Reagents 1. 0.5% propionic acid solution: Combine 5 mL of propionic acid
with 995 mL H2O.

2. Grape juice agar plates: Combine 200mL grape juice, 10 g agar
power, and 192 mL H2O. Boil the solution until the agar is
dissolved (about 5 min). Mix periodically and remove from
heat when necessary to prevent boiling over. Naturally cool
down to about 60 °C; then add 4.2 mL 95% ethanol and
4.0 mL glacial acetic acid. Mix solution thoroughly and add
3–4 mL to each 35 mm tissue culture dish. Dishes may be
prepared in advance and stored under refrigeration for about
a month.

3. Halocarbon 27 Oil.

4. Diethyl ether (≥99.0% pure) for larval anesthetization.

5. Yeast paste: Dissolve the active dry yeast powder in 0.5% pro-
pionic acid solution to make a paste. Gradually add 0.5% pro-
pionic acid until all yeast is dissolved, typically about a 1:1 acid
to yeast ratio. Keep paste refrigerated when not in use and store
for 2–3 weeks.

6. Vacuum grease.

7. CO2 for adult fly anesthetization and collection, administered
from compressed gas cylinders onto CO2 pads or through CO2

blowguns.
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3 Methods

3.1 Collection of

Larvae for Injury

1. Cut a hole in the wall (about 1/2″ wide) of a 6 oz square
bottom Drosophila bottle and fill the hole with a piece of a
rayon ball. Carefully transfer five male flies together with ten
virgin females into the bottle (seeNote 3). Seal the bottle with a
grape juice agar plate with a smear of yeast paste (yeast should
cover about 1/5 of the grape juice agar plate’s surface). Tape
the agar plate into place.

2. Place the culture bottle bottom-up in the 25 °C incubator and
exchange the agar plate with a fresh one every day (seeNote 4).
To change plates, gently tap the bottle on a hard surface until
the flies fall to the bottom, quickly remove the tape, and use the
adhesive of the tape to lift the plate from the bottle and replace
with the new plate.

3. Prepare a 60 mm petri dish that contains 1/4 a piece of tissue
paper soaked with 0.5% propionic acid (see Note 5). Place the
older agar plate that was just removed into the petri dish. The
fly embryos should be visible on the agar plate, typically around
the yeast paste.

4. Cover and label the petri dish, and continue to incubate the
plates at 25 °C for 48 h (see Note 6).

3.2 Laser Axotomy 1. Turn on the microscope and the two-photon laser; then open
the imaging software. While using GFP to label the C4da
neurons, set the two-photon laser at 930 nm. Set the maximum
laser power to ~2000 mW.

2. Select the acquisition mode; maximize the scanning speed and
pinhole. Set the laser intensity to 20% (~400 mW) and set gain
to ~750.

3. Prior to injury, pick third instar larvae (see Note 7) from the
plate, and transfer them to a clean grape juice agar plate with-
out the yeast paste (seeNote 8). It is best to lift larvae from the
side or the posterior end. Let the larvae stay in the new plate for
a while (about 2–3 min) until their skin is clean of yeast.

4. In the fume hood, place half a piece of tissue paper in a 60 mm
glass dish and place a grape juice agar plate in the middle of the
tissue.

5. Gradually add diethyl ether drop by drop into the glass dish
until the paper is soaked with ether and liquid ether is visible in
the dish, being careful to avoid spilling ether onto the agar
plate.

6. Gently transfer a larva onto the plate; then cover the dish with a
glass lid. Wait until the whole larva is motionless (including its
mouth hooks) (see Note 9). Anesthetization will typically take
anywhere from 30 s to about 5 min. Add more ether if
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Fig. 1 The C4da neuron peripheral injury model. For C4da neuron injury, the larvae should be positioned on the
microscope slide as shown, with the v’ada and vdaB neurons forming two columns down the middle of the
larva. When injuring, use the crop function to target the area of the axon intended for injury, as shown by the
red arrow. When imaging, capture the v’ada cell body, the entirety of the v’ada axon, and the converging point,
as shown by the black circle. Images should look similar to the representative drawings of the 24 and 48 h AI
timepoints

anesthetization time is long and the liquid ether has evaporated
and is no longer visible in the dish.

7. Place a drop of halocarbon oil in the middle of a clean glass
slide.

8. Place a small amount of vacuum grease in each of the four
corners of the slide.

9. Carefully transfer the anesthetized larva to the slide. To injure
the lateral C4da neurons v’ada, mount the larva ventral side up,
with the right trachea barely seen on the left (see Fig. 1 and
Note 10).

10. Carefully place down a clean coverslip. Press lightly to make
contact with the larva but be careful not to crush it (see Note
11). Do not press the coverslip flush with the slide because it
becomes difficult to remove the coverslip after injury without
killing the larva.

11. Place the slide under the microscope and locate the larva under
the 10× objective. If needed, adjust the position of the larva by
gently pushing the coverslip to make the v’ada neurons align
slightly to the left of the middle line of the larva.
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12. Turn to the 40× objective for injury. Because the larval tail is
more sensitive to pain, it is highly recommended to injure the
neurons in a posterior–anterior order.

13. Use the live scan mode to locate the v’ada neuron in the
abdominal A7 body segment (see Note 12); then use crop to
focus the scan window onto the target axon (typically
20–40 μm from the cell body) (seeNote 13). The crop window
should cover the width of the axon to ensure full transection,
but not be so large as to cause excessive injury (see Note 14).
Once cropped, open a new imaging tab.

14. Sever the axon, using a low scan speed (3–5) under the contin-
uous mode, beginning with a laser intensity of 30%
(~600 mW). Utilizing the continuous mode, wait until bright
green lines are observed, which are an indicator of successful
axon injury (see Note 15).

15. Return to the prior imaging tab and click “reuse.” Use the live
mode to confirm that the target axon is completely transected
(see Notes 16 and 17).

16. Once the A7 neuron is injured, move to the A6 body segment
and repeat steps 13–15 to injure the v’ada C4da neuron in this
segment.

17. After injuring all the seven neurons (body segment A7–A1),
carefully remove the coverslip, and place the larva in a new
grape juice agar plate supplied with a small amount of yeast
paste (much less than used for the cross, covering about 1/20
of the plate) (see Note 18). Make grooves in the agar to help
keep the larva in the plate (see Note 19).

18. Put the plate in a 60 mm petri dish containing a piece of tissue
paper soaked with 0.5% propionic acid.

19. Culture the larva at room temperature (see Note 20).

3.3 Post-injury

Imaging

1. Prepare larvae for imaging by gently washing each larva to
remove any yeast residue on the skin. Place the larva in a
clean petri dish filled with PBS. Swirl the dish carefully and
remove the larva using forceps (see Note 21).

2. Continue preparation of larvae for imaging by following steps
4–10 of Subheading 3.2.

3. Use the argon laser at 488 nm and adjust the gain to 700. For
the pinhole, use 1–2 airy units (AU) (see Note 22).

4. Locate neurons using the 10× objective. If necessary, roll the
larva into the correct position (v’ada neurons slightly to the left
of the midline) by gently pushing the coverslip.

5. Once the neurons are positioned, switch to the 25× objective.
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6. Image using the live scan and setting the Z stack first and last
positions. Make sure to capture the v’ada cell body, the entirety
of the v’ada axon, and the point where the ddaC axon con-
verges with the ventral C4da neuron vdaB axon (the converg-
ing point) (see Fig. 1 and Notes 23, 24, and 25). Set the pixel
dimensions to 1024 × 1024, maximize the scanning speed, and
click “start experiment.” If a neuron is not successfully injured,
there is no need to image and this neuron should be excluded
from analyses.

7. After imaging at 24 h AI (hours after injury), return the larva to
its individual agar plate in the 60 mm petri dish. Culture at
room temperature.

8. Repeat steps 1–6 at the 48 h AI timepoint (seeNotes 26 and 27).

3.4 Axon

Regeneration

Quantification

1. In ImageJ, open the images of the same neuron taken at 24 h
and 48 h AI.

2. Use the segmented line tool to outline and measure (using the
analyze drop-down menu or Ctrl + M) the length of injured
axons (from the cell body to axon tip) and the distance between
the cell body of the injured neuron and the axon converging
point. The latter value is used to normalize the increased axon
length to larval growth.

3. Calculate the regeneration index, defined as the increased axon
length normalized to the distance between the cell body and
the axon converging points, using the following formula:
regeneration index = L2

D2 - L1
D1 , where L1 = axon length at

24 h AI; L2 = axon length at 48 h AI; D1 = the distance
from the cell body of injured neuron to the axon converging
point at 24 h AI; and D2 = the distance from the cell body of
injured neuron to the axon converging point at 48 h AI (Figs. 1
and 2).

4. Calculate the regeneration percentage, defined as the percent-
age of neurons showing significantly elongated axons at 48 h
AI compared with 24 h AI out of all the injured neurons. We
assess whether an axon has regenerated visually, and, if needed,
use dendrites as a reference (see Notes 28, 29, and 30).

3.5 Nociceptive

Behavior Test

See Note 31 before commencing the following steps.

1. As described previously, carefully place five male flies and ten
virgin females into a culture bottle, and seal the bottle with a
grape juice agar plate with a smear of yeast paste (seeNote 32).
Culture the bottles bottom up at 25 °C and change the agar
plates daily.
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Fig. 2 The C3da neuron peripheral injury model. For C3da neuron injury, the larvae should be positioned on the
microscope slide as shown, with the ddaF and ddaA positioned in the middle of the larva. When injuring, use
the crop function to target the area of the axon intended for injury, as shown by the red arrow. When imaging,
capture the ddaF cell body, the entirety of the ddaF axon, and the converging point, as shown by the black
circle. Images should look similar to the representative drawings of the 24 and 72 h AI timepoints

2. Pick male larvae at 96 h after egg laying (h AEL) and transfer it
to a slide ventral side up after anesthetization (Fig. 3).

3. In larvae, da sensory neurons project their axons into VNC and
form a ladder-like structure in an anterior–posterior pattern,
with each pair of axon bundles corresponding to one body
segment (Fig. 3). Locate and injure the four axon bundles
corresponding to A7 and A8 body segments, as described in
Subheadings 3.2, steps 13–15. After injury, transfer the larva
to a new agar plate supplied with a small amount of yeast paste,
covering about 1/20 of the agar plate.

4. At 24 h AI, pick the larva from the plate and hold it up by the
middle of its body with a pair of forceps (Fig. 4).

5. Perform a training session to allow the larva to acclimate to the
stimulation paradigm. Apply a 47 °C heat probe onto the A7
and A8 body segments twice, each time for a duration of
5 seconds (s). Wait for ~10 s before proceeding.

6. Repeat three consecutive trials for each larva. In each trial, the
47 °C heat probe is applied at A7 and A8 body segments for 5 s.
The interval between trials is 15 s.
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Fig. 3 The C4da neuron CNS injury model. For C4da neuron CNS injury, the larvae should be positioned on the
microscope slide ventral side up so that the VNC will be positioned closest to the microscope lens. When
injuring, use the crop function to target the area of the axon intended for injury, as indicated by the red circles.
When imaging, capture three to four commissure segments that contain the injured segment. Images should
look similar to the representative drawings of the 24 and 48 h AI timepoints

7. Score each trial as follows: Upon heat stimulation, if the larva’s
head rolls in a corkscrew-like way for more than two cycles,
score the trial as “1.” Otherwise score the trial as “0.” Sum the
scores of the three trials. If the A7 and A8 bundles are success-
fully ablated, the combined score should be below 1 at 24 h
AI. If the larva has a combined score of 1 or higher, the A7 and
A8 bundles were not successfully ablated, and the larva should
be excluded from future calculations.

8. Repeat another three consecutive trials, this time with the same
heat probe applied at the body segments A4 and A5. This is to
ensure that all the uninjured larvae exhibit normal nociceptive
responses to the heat probe when applied to intact body seg-
ments. If a larva gives no response to the heat probe in this part
of the test, it should be excluded.

9. Return the larva to the agar plate. Repeat steps 5–7 at 48 h
AI. A larva is defined as recovered only when its combined
score is below 1 at 24 h AI and increases to 2 or 3 at 48 h
AI. Those failing to exhibit such improvement at 48 h AI are
defined as unrecovered.

10. Calculate the recovery percentage. Recovery percent-
age = recovered larvae

recovered unrecovered larvae (see Note 33).
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Fig. 4 Behavioral assay. For the behavioral assay, the four axon bundles corresponding to A7 and A8 (indicated
by the red circles) of the larva’s VNC should be injured at 96 h AEL. At 24 h AI, perform the training session and
three consecutive trials. A response of head rolling behaviors for more than two cycles receives a score of
1, whereas two or less instances of head rolling behaviors receive a score of 0. Repeat these trials at A4 and
A5, excluding any larvae that do not exhibit head rolling behavior. Repeat the trials for A7 and A8 at 48 h AI. A
larva is considered recovered if they received a summed score of <1 at 24 h AI and it increases to 2 or 3 at
48 h AI

4 Notes

1. We use the Zeiss LSM 880 upright confocal microscope with
the 488 nm argon laser and the Coherent Chameleon Ultra
two-photon laser. The microscope is equipped with the follow-
ing objectives: 10×/0.30 air, 25×/0.8 oil, and 40×/1.3 oil.
The imaging software is Zen.

2. ImageJ is an image processing system that can also be used for
quantification of regeneration. Fiji, the distribution of ImageJ
needed for the purposes described in this protocol, can be
downloaded at https://imagej.net/Fiji/Downloads. Graph-
Pad is an analysis and graphing program used to run the
following statistical tests: Fisher’s exact test for comparing
percentages (Fig. 5b, e, h, j), unpaired t-test between two
groups (Fig. 5c, f, i), or two-way ANOVA among multiple
groups (Fig. 5k).

https://imagej.net/Fiji/Downloads
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Fig. 5 Rtca inhibits axon regeneration. (a–c) C4da neuron-specific overexpression of Rtca causes decreased
axon regeneration. N = 36, 27 neurons. Scale bar: 20 μm. (d–f) Axon regrowth is significantly increased in
C3da neurons of Rtca mutant larvae. N = 23, 23 neurons. (g–i) RtcaNP5057 mutants exhibit enhanced axon
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3. The fly stocks we used to investigate the RNA splicing regula-
tor Rtca in axon regeneration are listed as follows: (1) UAS-
Rtca—the coding sequence of Rtca was cloned into the
pACU2 vector; then the construct was injected into fly
embryos. In the transgenic fly, Rtca is expressed under the
control of the UAS-Gal4 system; (2) RtcaNP5057, a loss of
function allele of Rtca [14]; and (3) RtcaΔ, a deletion allele
[14]. To specifically label C4da sensory neurons and their
axons, we cross theRtcaNP5057 orRtcaΔ flies to ppk-CD4tdGFP
[21]. ppk (pickpocket) encodes a sodium channel which is
restricted to C4da neurons in flies; thus GFP will only highlight
C4da neurons. For UAS-Rtca flies, we cross them to ppk-
CD4tdGFP; ppk-Gal4 [22] instead to express Rtca in C4da
neurons at the same time. Similarly, we use 19-12-
Gal4 > CD4tdGFP [23], or nompC-QF > CD4tdGFP [24]
to label C3da neurons. An example of a C3da cross would be
crossing five 19-12-Gal4, UAS-CD4tdGFP, repo-Gal80/TM6B
males together with ten RtcaΔ virgin females. A separate wild-
type (WT) control cross will need to be made to compare each
experimental group. Generally, we use w1118 flies as WT. For
the C4da control, cross five ppk-CD4tdGFP; ppk-Gal4males or
five ppk-CD4tdGFP and ten w1118 virgin females. For the
C3da control, cross five 19-12-Gal4, UAS-CD4tdGFP, repo-
Gal80/TM6B males and ten w1118 virgin females. When
selecting females, try to pick flies that appear younger and
healthier, as they are more likely to lay eggs and produce viable
larvae. It is permissible if numbers of each sex vary slightly, but
note that less larvae will be available with fewer virgin females
utilized in the cross.

4. When collecting larvae, to ensure the larvae are of the same
developmental stage, the plate can be changed every 2 h.

5. The propionic acid solution is used to maintain humidity in the
dish and avoid the growth of mold.

6. To increase survival rate, we typically use 1 day older larvae for
CNS injury than peripheral nervous system (PNS) injury,
which means that after harvest, the plates need to be cultured
at 25 °C for 72 h, rather than 48 h.

7. Third instar larvae are larvae that have emerged from eggs laid
about 72 h prior and are about 1–2 mm long. These larvae are
strong enough to survive injury, but are not so old that they
will turn into pupae before the final imaging timepoint. If
utilizing the C3da RtcaΔ cross or the C4da RctcaNP5057 cross,
male larvae must be used as the Rtca gene is located on the X
chromosome and males are thus hemizygous for the RtcaΔ

allele by inheriting a single X chromosome from their mother.
Male larvae can be distinguished by gonads, which are two
translucent disc organs on the lower abdominal segments.
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8. Selecting larvae that are too large can allow them to develop
into pupae before the final imaging timepoint, while selecting
larvae that are too small decreases their chances of survival.

9. The timing of anesthetization is very important. While precise
site injury requires the larva to be still, excessive exposure to
ether is harmful and even lethal. For peripheral injury, wait
until the mouth hooks of the larva are motionless. For CNS
injury, it is necessary to wait a little longer until the trachea is
still, which indicates deeper anesthetization. However, to
increase the survival rate, the anesthetization at 24 h AI needs
to be brief. The larva can be imaged once its body stops
moving.

10. If injuring C3da neurons instead, the positioning will be
slightly different. The ddaF C3da neurons are positioned
close to the trachea, so the larvae should be mounted dorsal
side up, with the right trachea coinciding with the middle line
of the larva (Fig. 2). If injuring the CNS, position the larvae
ventral side up to place the CNS as close to the lens as possible
(Fig. 3).

11. Occasionally, the larva will curl up in response to the ether and
you will not be able to correctly position the larva with the
forceps. In this case, get the larva as close to the correct
position as possible, place the coverslip on as described, and
gently roll the larva into the correct position.

12. The purpose of utilizing the live scan mode in this step is to
locate the region of interest and find the neuron/axon we wish
to injure, rather than taking the best quality image. Therefore,
use the minimal settings sufficient to visualize the target area to
avoid overexposure or photobleaching (typically a laser power
of 20%, maximized scanning speed, and the pixel dimensions of
512 × 512).

13. When injuring C3da neurons, again begin in the A7 body
segment and injure 20–40 μm from the cell body. For CNS
injury, we injure different axon bundles for different purposes.
For the regeneration assessment assay, we injure the A3 and A6
bundles for better assessment of axon regrowth while leaving
A4 and A5 intact. The distance between A4 and A5 axon
bundles will be measured to normalize axon regeneration to
larval growth at 48 h AI (see Fig. 3). In the behavioral assay, we
sever the two consecutive axon bundles at A7 and A8 to ensure
the probe would not touch other parts of the larval body (see
Fig. 4).

14. If possible, avoid injuring the axon from the dorsal C4da
neuron ddaC, which travels in parallel to the v’ada axon.
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Fig. 6 The autofluorescence is correlated with injury extent. Under the “Continuous” mode for axon injury, the
appearance of a single (for peripheral axon injury) or a few (for CNS injury) green lines often indicates that the
injury is successfully restricted to a small point, while multiple bright green lines may be caused by excessive
injury and diffusive damage. The absence of any bright green line is associated with mistargeted or under
injury

15. The laser power used for injury is dependent on the position of
the neuron, the intensity of fluorescence, the condition of the
larva’s skin surface, and many other factors. Therefore, each
time when injuring a new larva, it is recommended to begin
with a lower laser intensity, typically around 30%. Additionally,
C4da sensory neurons are responsible for nociception, so they
are more sensitive to pain and may twitch out of the way when
attempting to injure the axons. Usually, we need to use a higher
laser power to sever C4da neurons. On the other hand, C3da
neurons are responsible for mechanosensation, thus they are
less sensitive, and using a lower intensity (~20%) of the laser is
possible for complete transection. As mentioned, C3da neu-
rons exhibit limited regeneration capacity after injury and
could be used to test pro-regeneration factors.

During injury, the appearance of the green lines (fluores-
cence spike) is due to autofluorescence at the injury site. When
utilizing the continuous mode to injure the axon, over injury
will be indicated by an excess of bright green lines, while under
injury is indicated by an absence of any bright green line
(Fig. 6). Each larva, and to an extent each neuron, will need a
bit of trial and error to determine which laser power is appro-
priate for complete injury without excess. Starting with a lower
laser power and gradually increasing it prevents over injury,
thus increasing chances of survival. Typically for peripheral
injury, a laser power of 30–40% is sufficient for injury, and
rarely will a laser power higher than 55% be needed. However,
compared with sensory neuron axons in the periphery, CNS
axons in the VNC lay deeper in the tissue, so a higher intensity
of the laser is needed to completely transect the axons. To avoid
diffusive damage to the VNC, typically we start with ~50%
intensity of the laser and then gradually increase the intensity
until the axon bundle is completely ablated. For CNS injury,
we commonly use 50–70% of the laser power, and even 100% is
possible if needed.
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16. If the axon is not injured or only partially severed, repeat step
14 of Subheading 3.2, increasing the laser intensity increments
of 5–10% with each attempt at injury. We typically do not
attempt to injure a single neuron more than three or four
times to improve chances of larva survival. In CNS injury, the
laser is usually not sufficient to fully ablate the whole axon
bundles in one attempt, so a second or even third scan is
necessary. In this case, always use lower intensity (~40% inten-
sity of laser) on subsequent scans to prevent damage to the
surrounding tissue, which may decrease the chance of survival.

17. A good indication of successful injury is the appearance of a
small crater, ring-like structure, or localized debris right at the
injury site. In the case that the laser power is too high, a large
damaged area will be visible in the post-injury live scan image.
Too much injury may cause the death of the larva. Always be
sure to assess the extent of injury in the live scan, and reposition
your crop window in between each attempt at injury to avoid
mistargeted injury.

18. Injured larvae are often much weaker than uninjured larva.
Therefore, only a very tiny amount of yeast is necessary on
the agar plate after injury and after 24 h imaging. Using large
amounts of yeast can cause the larva to get stuck and decrease
chances of survival.

19. After injury, it is permissible to keep two to three injured larvae
in the same agar plate. After 24 h imaging, each larva should be
kept in its own agar plate in separate petri dishes to easily keep
track of each larva and compare 24–48 h images.

20. Leaving the larva at room temperature (~22 °C) after injury
will allow the larva to remain in the larval stage for approxi-
mately an extra day compared to at 25 °C, increasing the
chances for successful imaging at 48 h AI.

21. Be careful when removing the larva to not squeeze them. Try
to lift the larvae from the PBS through adhesion, lifting from
the posterior end.

22. Although a higher AU will increase the intensity of the fluores-
cence, it will also decrease the resolution of the image. For this
reason, we try not to exceed 2 AU for imaging.

23. Axons may regenerate dorsally or ventrally and may also pene-
trate deep into the larvae, so be careful to capture the entire
axon when cropping and setting the Z stack positions. Addi-
tionally, if the ddaC axon was accidentally injured, approximate
the convergence point based on the curve in the vdaB axon.

24. For C3da neurons, when imaging, make sure to capture the
ddaF cell body, the entirety of the ddaF axon, and the turning
of the axon of neighboring C3da neuron ddaA (the converging
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point) (Fig. 2). For CNS injury, we need to trace all regenerat-
ing axons. In most cases, the axons will regrow within the
original commissure segment, so capturing A2–A7 axon bun-
dles is enough. But occasionally, new axons will extend along
the VNC and join upper axon bundles.

25. Because of the close proximity of the target injury area to the
ddaA cell body in C3da injuries, the ddaA cell may often not
survive injury. In this case, use the measurement from a neigh-
boring ddaF cell and its converging point to normalize the
regeneration length for this axon.

26. The regeneration competence of C3da neurons is much poorer
than C4da neurons, so the larvae are imaged at 24 and 72 h AI
to assess axon regeneration. If performing C3da injuries, note
that anywhere in the protocol referencing 48 h AI will be the
72 h AI timepoint for these neurons.

27. The neurons are imaged at 24 h AI to verify complete transec-
tion of the axon, as well as for quantification purposes. The
neurons are imaged at 48 h AI (C4da and CNS) and 72 h AI
(C3da) to visualize and assess regeneration.

28. We define significantly elongated axons as axons that at 48 h AI
have clearly regenerated beyond its initial length at 24 h AI,
rather than axons that have simply grown in proportion with
the larva’s growth or shifted due to slight changes in position-
ing the larva. Examples of this may include clear elongation
dorsally or ventrally or branching of the axons that had not
previously been present. A useful way to visually assess regen-
eration is by utilizing dendrites as a reference. Dendrites grow
proportionately with the larvae, so check if the regenerating
axon has extended beyond dendrite branching that it had not
previously at 24 h AI to determine if the axon is regenerating
beyond normal larval growth. This method is most easily uti-
lized with C4da neurons as they have widespread dendrite
branches. An alternative way to assess regeneration or confirm
your qualification is by evaluating the regeneration index after
measuring the axon length at 24 and 48 h AI. A regenerating
axon will have a regeneration index well over 0, and a
non-regenerating axon will have an index close to, equal to,
or below 0 (retracting axon). For example, a regeneration
index of 0.3 or 0.4 shows significant regeneration, while a
regeneration index of 0.02 would likely be considered a
non-regenerating axon.

29. For CNS injuries, regenerating axons and regeneration index
are defined and calculated differently. At 48 h AI, a commissure
segment can be defined as regenerated only when at least one
axon extends beyond the midline of the commissure region or
joins into other intact bundles. Every commissure region is
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evaluated as a whole and independent of each other. To quan-
tify the extent of regrowth, we measure the length of all the
regrown axons and normalize the sum to the distance between
A4 and A5 axon bundles (L4–5 in Fig. 3).

Regeneration index = Σlength of all regrown axons
L4-5

30. Expected outcomes for each previously mentioned cross are as
follows: Rtca overexpression impairs the regeneration compe-
tence in C4da neurons. At 48 h AI, although the regeneration
index was comparable between WT and Rtca overexpressing
neurons, the percentage of regenerating axons was significantly
decreased to less than 50% in Rtca overexpressing neurons
from the 70% of WT neurons capable of regenerating
(Fig. 5a–c) [14]. Removal of Rtca enhances axon regrowth in
the PNS. Loss of Rtca significantly promotes C3da axon regen-
eration (Fig. 5d–f) [14]. Compared with WT, in which only
13.00% neurons succeeded in regenerating, the regeneration
percentage in RtcaΔ C3da neurons was significantly higher, at
42.00%. Notably, the regeneration index also showed a remark-
able increase, implying that Rtca is an intrinsic inhibitor to
C3da axon regeneration. Reduction of Rtca promotes regen-
eration in the CNS. In WT, 13.30% of injured commissure
segments displayed remarkable regrowth, while in Rtca
mutants the percentage increased to 31.25%. Correspondingly,
the regeneration index of the RtcaNP5057 larvae was signifi-
cantly elevated compared with the WT (Fig. 5g–i), suggesting
that removal of Rtca promotes axon regrowth in the CNS.

31. The nociceptive behavior test is used to assess functional recov-
ery of regenerating neurons in the CNS through utilization of
larval thermonociception [25]. C4da neurons are essential for
larval thermonociception. Therefore, injuring A7 and A8 axon
bundles in the VNC will cause an impaired nociceptive
response to the heat probe at body segments A7 and A8,
while the other body segments remain sensitive to the probe
and will produce a stereotypical head rolling behavior upon
stimuli.

32. An example cross would be five male ppk-CD4tdGFP flies and
ten RtcaNP5057 virgin females. This cross allows us to evaluate
the inhibitory role of Rtca in axon regeneration in the CNS,
and subsequently functional recovery, by utilizing a loss of
function allele of Rtca, RtcaNP5057. This genotype has shown
an increase in regeneration after injury in the CNS. A control
will also need to be set up: cross five ppk-CD4tdGFPmales and
ten w1118 virgin females into a separate bottle.

33. Expected results for the behavioral test of Rtca mutants are as
follows: Rtca mutants display accelerated recovery from CNS
injury. In the behavioral test, WT larvae picked up their
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thermonociception slowly as they showed limited response to
the heat probe at 48 h AI. In comparison, substantial recovery
was observed in the Rtca mutant larvae. Their combined score
of three trials at 48 h AI was significantly higher than that of the
WT, and the percentage of larvae exhibiting behavioral recov-
ery also showed a modest increase (Fig. 5j, k). Altogether,
these results corroborate that the reduction of Rtca not only
promotes axon regeneration after injury but also benefits func-
tional recovery.
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Chapter 23

Assessing Rewiring of the Retinal Circuitry by
Electroretinogram (ERG) After Inner Retinal Lesion in Adult
Zebrafish

Lindsey M. Barrett, Peter C. Meighan, Diana M. Mitchell,
Michael D. Varnum, and Deborah L. Stenkamp

Abstract

Adult zebrafish respond to retinal injury with a regenerative response that replaces damaged neurons with
Müller glia-derived regenerated neurons. The regenerated neurons are functional, appear to make appro-
priate synaptic connections, and support visually mediated reflexes and more complex behaviors. Curiously,
the electrophysiology of damaged, regenerating, and regenerated zebrafish retina has only recently been
examined. In our previous work, we demonstrated that electroretinogram (ERG) recordings of damaged
zebrafish retina correlate with the extent of the inflicted damage and that the regenerated retina at 80 days
post-injury exhibited ERG waveforms consistent with functional visual processing. In this paper we
describe the procedure for obtaining and analyzing ERG recordings from adult zebrafish previously
subjected to widespread lesions that destroy inner retinal neurons and engage a regenerative response
that restores retinal function, in particular the synaptic connections between photoreceptor axon terminals
and the dendritic trees of retinal bipolar neurons.

Key words Electroretinogram, Regeneration, Retina, Zebrafish, Ouabain, Lesion, Central nervous
system, Photoreceptor, Retinal bipolar neuron, Eye

1 Introduction

The field of regenerative medicine seeks to develop treatments for
damaged or diseased tissues by replenishing with new, functional
tissues. For example, the National Eye Institute (NEI) announced
in 2013 the Audacious Goals Initiative, “to replace cells of the
retina that have been damaged by disease or injury and to restore
their connections to the visual centers of the brain.” Approaches to
achieve these goals range from the in vitro growth of retinal tissues
for transplantation [1] to the stimulation of endogenous retinal
stem cells to create progenitors capable of repopulating the retina
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with new neurons [2]. The hallmark features of a successful regen-
erative approach are that the new retinal neurons will have appro-
priate functional connections with other retinal neurons and that
the output neurons of the retina, the retinal ganglion cells, will have
functional connections with their targets in the brain [3].
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Efforts to induce endogenous regenerative responses in mam-
malian retina, which normally does not display such responses, are
largely modeled from retinas of other vertebrates that are known to
exhibit a functional regenerative capacity (reviewed by [4–7]). In
particular, regenerative studies involving zebrafish have been highly
informative, revealing that the stem cell sources of regenerated
retina are the Müller glia [8–12], in addition to identifying a
number of intrinsic and extrinsic factors necessary for regeneration
[13–22]. Less well understood are the mechanisms underlying the
re-establishment of functional neuronal circuitry within the retina
[23–25] and the extent to which, and timing of when, visual
function is restored [24, 26, 27].

Loss and recovery of visual function after a widespread chemical
lesion to the retina have now been demonstrated in goldfish and in
zebrafish by examining (i) visually mediated reflexes such as the
dorsal light reflex [26, 28] and optokinetic nystagmus [28];
(ii) visually mediated behaviors, including the escape response
[26], place-preference behaviors [27], and responses to visual sti-
muli using a classical conditioning approach [28]; and (iii) retinal
physiology through the measurement of the electroretinogram
(ERG) [24, 29]. The ERG is a minimally invasive method to
evaluate the electrical responses initiated in the outer retina (pri-
marily photoreceptors and bipolar neurons) in response to a visual
stimulus, generally a light flash [30]. The ERG has seen broad use
in aquatic vertebrates including zebrafish, for functional studies of
models of retinal disease (e.g., [31–35]), but only minimal applica-
tions to date toward the study of retinal regeneration [24, 29]. The
ERG shows considerable promise, however, for future studies of
retinal regeneration, to more deeply analyze the restoration of
photoreceptor–bipolar neuron connectivity [24, 36, 37], color
sensitivity and processing [38, 39], photoresponse kinetics [40],
adaptation, and other features of visual function [41]. Such future
analyses will help to fill a large knowledge gap regarding the essen-
tial functionality of regenerated retina and to identify potential
limitations and challenges of regenerative approaches for treating
retinal disease. We have begun to address this knowledge gap
through evaluation of ERG responses in adult zebrafish subjected
to widespread damage of inner retinal layers and a period of regen-
eration [24]. Here we describe the ERG procedure used in these
studies to obtain and analyze recordings from adult zebrafish.
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2 Materials

2.1 Solutions 1. Anesthetic solution: Prepare fresh 200 mg/L tricaine methane
sulfonate (MS-222) by adding 4.0 mL of thawed, 10 g/L Tris-
buffered MS-222 (see Note 1) to a 250 mL glass beaker
reserved only for zebrafish handling. Glassware used with live
animals should be washed only with bleach and hot water, no
detergent. Bring to 200 mL with zebrafish system water.

2. Intubation (gill perfusion) solution: Prepare fresh intubation
solution by adding to a 50 mL conical, sterile centrifuge tube
and 1 mL MS-222 stock +50 μL rocuronium bromide stock
(0.1 mg/mL; see Note 2); bring to 50 mL with system water.

3. Electrode solution (E3 medium): Prepare fresh E3 medium by
diluting 16.5 mL 60× stock solution (see Note 3) with
983.5 mL ultrapure water, in a 1.0 L container.

4. 4% paraformaldehyde in sucrose phosphate solution: In a sterile
50 mL conical centrifuge tube, combine one ampule of 10 mL
16% paraformaldehyde with 4 mL 10× PO4 buffer (pH 7.4)
and 2 g sucrose. Bring volume to 40 mL with ultrapure water.
Make aliquots of 750 mL in 1.5 mL tubes to be stored in the
freezer until needed. Thoroughly thaw, in a 65 °C water bath,
one aliquot per extracted zebrafish eye (two per fish). Before
using fixative, ensure that it is well mixed with no visible
precipitate. This solution is only required if you wish to con-
duct post-ERG histological analysis on fixed eye tissues.

5. Zebrafish system water: Collected from the zebrafish aquatic
housing system.

2.2 Supplies 1. Plastic bags: Polyethylene (3–4 mil) live fish shipping bags, 6¼
in X 21 in for each fish.

2. Fish-safe beakers: These are reserved only for zebrafish
handling (have been washed only with bleach and hot water,
no detergent).

3. Glass capillary tubes for pipette fabrication: 1.2/0.68 mm
(outer diameter/inner diameter) borosilicate glass capillary
tubes.

4. Microfil flexible needle or similar.

5. Sapphire blade microknife (double-edged lancet, 0.75 mm
wide, 60°).

6. Nitrile gloves.

7. Wet recording bed: Thoroughly moistened and folded Kim-
wipes or sponge with anesthetic solution.

8. Tool to transfer fish from anesthetization solution to ERG cham-
ber: A plastic spoon with holes drilled into it so liquid can drain,
or a plastic transfer pipette cut in half to be used as a scoop.
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2.3 Equipment 1. The ERG setup consists of an isolated recording chamber
located on a low-vibration table (Kinetic Systems) surrounded
by a Faraday cage. A Nikon SMZ645 stereomicroscope is used
for positioning fish and placing recording electrode under red
light. For light stimulation, we use a Solis-3C High-Power
White LED (Thorlabs) as our light source, located outside
the Faraday cage, and a fiber-optic pathway directed at the
zebrafish eye; light intensity control is accomplished using
neutral density filters with defined log unit attenuation. Evoked
electrical events are recorded with a Ag/AgCl electrode in
ESW-M12N microelectrode holder (Warner Instruments)
and an AC differential amplifier/headstage system (Model
1800, A-M Systems) and digitized using a computer interfaced
PowerLab acquisition system with LabChart Pro software
(AD Instruments). Electrode positioning is achieved using
MX1680R manipulator (Siskiyou Instruments). Reference
and ground disc electrodes (8 mm × 1 mm disc, A-M Systems)
are placed under the zebrafish and outside of direct light to
avoid possible light stimulus artifacts. Platinum lead extension
cables (Natus) are connected to disc electrodes via solderless
male pins (AMP INC) to minimize system noise. This setup is
similar to that of [30]. As an alternative to our custom ERG
setup, off-the-shelf systems can be purchased (see Note 4).

2. P-97 Micropipette Puller (Sutter Instruments) with trough
heating filament.

3. Regulated oxygen air source including plastic tubing and
air-stone diffuser to oxygenate gill perfusion (intubation)
solution.

4. Vacuum supply for periodic aspiration of media from recording
chamber.

5. Darkroom light.

6. Zebrafish perfusion apparatus: A gravity drip system to perfuse
the gills of adult zebrafish with oxygenated media. For our
system we use a glass separating funnel fitted with an IVadmin-
istrative set that includes a roller clamp and drip chamber for
flow-rate control.

3 Methods

3.1 Dark Adaptation

and Recording

Preparation

1. Assess retinal damage prior to recording (optional) (see
Note 5).

2. Dark-adapt the zebrafish: Fill a plastic bag with about 3 inches
of system water and use the transfer net to transfer the zebrafish
to the bag. Tie the top of the bag, leaving at least 3 inches of
airspace to protect the fish during transport and to ensure
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sufficient oxygen. Ensure knot is tight to prevent air loss during
transport. Place bagged fish into a Styrofoam cooler with a
tight-fitting lid to maintain a dark interior. Zebrafish should
be dark-adapted for at least 30 min prior to recording (seeNote
6).

3. Transport cooler(s) to room containing the ERG setup and
other equipment, and place in dark cabinet to further ensure
dark adaptation.

4. Pull a glass capillary tube using P-97 Micropipette Puller, and
subsequently break the tip of the micropipette with fine forceps
to achieve a tip opening diameter of 15–25 μm (see Note 7).
Fill with E3 medium, using the Microfil flexible needle and
position on recording electrode holder.

5. Add intubation solution to the perfusion system and begin
lightly oxygenating. The intubation solution should be contin-
uously oxygenated throughout the duration of the recordings.

6. Line the bottom of the recording chamber with a Kimwipes
wiper that has been moistened with anesthetic solution. This
can be positioned over the reference electrode (e.g., Ag/AgCl
pellet assembly).

3.2 Preparation of

Zebrafish for

Recording

1. Turn off all regular room lighting and turn on darkroom (red)
light. Place the red filter over the light source (stimulation
light) of the ERG setup.

2. Using a fish transfer net, transfer a dark-adapted zebrafish to
the anesthetic solution (MS-222), and allow it to remain there
until spontaneous movement has ceased, opercular movement
is not evident, and the fish shows no startle response (does not
move in response to tapping the beaker). The fish should be
anesthetized within 30 s.

3. Transfer the fish to the MS-222-soaked tissue bed within the
ERG chamber. The first fish to be tested should have at least
one undamaged eye for validation of the setup. This eye should
be positioned upward toward the light source.

4. Place the perfusion tube within the fish’s mouth, such that gills
will be perfused with the anesthetic and muscle relaxant solu-
tion at a flow rate of approximately 1 mL/min. Ensure that the
intubation medium is flowing over the gills.

5. Using the sapphire microknife (the sharpest edge is marked
with a black dot; see Note 8), make an incision in the cornea,
parallel with the dorsal–ventral axis of the eye, with the mid-
point of the incision between the center of the eye and the most
nasal point of the eye. The incision must be deep enough to
penetrate the zonule fibers/tissues separating the anterior and
posterior chambers but must not damage the retina itself (see
Note 9).
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6. Insert the recording electrode into the vitreous chamber
through the incision, and position the tip of the electrode in
the small space between the lens and the retina. The electrode
tip should not touch the lens as this introduces noise into the
recording.

7. Turn off the stimulation light and remove the red filter. Moni-
tor the fish for several minutes to ensure the stability of the
intubation and electrode placement and that the fish is deeply
anesthetized and immobilized.

3.3 Light Stimulation

and ERG Recording

1. Select appropriate light stimulus duration (see Note 10) and
interstimulus interval (ISI; see Note 11) based on the ERG
features to be examined. Begin a series of test recordings with
these settings and monitor the amplitudes and topographical
features of the evoked responses (see Note 12). Record 5–10
ERG waveforms (“sweeps”) to evaluate consistency of the
response and for signal averaging, depending on the signal-
to-noise ratio. To isolate cone-driven responses, a constant
(rod-saturating) background light can be imposed prior to
bright light stimuli. This can be accomplished via a secondary
light source at approximately 60 lux [30].

2. To determine the sensitivity of the regenerating retina, it is
useful to assess the light intensity–response relationship. This
can be accomplished by using a series of neutral density filters
of logarithmically graded optical density. Begin by collecting
responses with maximal light attenuation, and then replace
with successively lower optical density filters until the evoked
responses achieve saturation. This approach can also reveal the
threshold light stimulus level needed to elicit a reproducible
ERG response above background noise.

3. Remove the recording electrode and gently turn the fish over
to the opposite side—such that the eye with retinal damage or
regeneration is facing the light source. Repeat steps 4–6 under
Subheading 3.2 (Preparation of Zebrafish for Recording),
ensuring that the intubation and electrode placement are stable
(see Note 13). Be sure to aspirate liquid from the recording
chamber between recordings from each eye. Too much liquid
in the chamber can introduce noise into the recording.

4. Repeat steps 1–2 (see Note 14).

5. Gently extubate the fish and transfer to a clean work surface or
a dissecting microscope. Proceed to Subheading 3.4 (Post-
ERG Acquisition Steps) for that fish.

6. If additional zebrafish are to be evaluated on the same day,
repeat steps 1–5 for each fish (see Note 15). Aspirate liquid
from the recording chamber between fish.
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3.4 Post-ERG

Acquisition Steps

1. Use an OLAW-approved method to ensure zebrafish death (see
Note 16). Based on AVMA 2020 Guidelines on Euthanasia,
fish are exposed to buffered MS-222 for at least 30 min after
the cessation of opercular movement, or euthanized by ice
water bath exposure for 10 min after cessation of opercular
movement, followed by decapitation.

2. If collecting retinal tissues for histological analyses, enucleate
eyes and process for fixation (see Note 17).

3. Offline analysis: Digitized waveforms can be imported into one
of a number of data-analysis software packages (e.g., Prism,
Igor, MATLAB). If present, the b-wave amplitudes can be
extracted as the difference between the peak of the b-wave
and subsequent trough. For stimulus response curves, b-wave
amplitudes as a function of light intensity can be fit with the
Naka–Rushton function: V

VMAX
= I n

I nþKn , where V is the b-wave
amplitude, VMAX is the maximum b-wave amplitude, I is the
illuminance, K is the illuminance at half-maximal amplitude,
and n is a coefficient relating to the slope of the relationship.
Note that extensive damage of inner retinal neurons can result
in the absence of a detectable b-wave. This necessitates alterna-
tive analytical strategies to compare damaged vs. control ERG
waveforms (see Note 18).

4 Notes

1. 50 mL of 10 g/L MS-222 stock solution is made by adding
0.5 g pharmaceutical-grade MS-222 to 1 mL 1 M Tris–HCl
buffer in ultrapure water. In fish-safe container, bring to 50 mL
with ultrapure water; adjust pH to 7.0 using 1 MNaOH added
dropwise. Prepare 4.0 mL aliquots and freeze for future use.
Preparation of MS-222 stock from the crystalline solid requires
the use of nitrile gloves, protective clothing, chemical safety
goggles, and an N95 mask and should be done in a fume hood
or sealed container.

2. To make 0.1 mg/mL rocuronium bromide stock solution, add
0.1 mg rocuronium bromide powder to ultrapure water, for a
final volume of 1.0 mL. This stock solution can be made in a
1.5 mL microcentrifuge tube. The presence of a paralytic agent
in the intubation solution means that for the recording portion
of the procedure, depth of anesthesia is more difficult to moni-
tor. However, we have carried out identical recordings over the
same length of time but in the absence of the paralytic agent.
Under those conditions we observed that anesthesia is main-
tained as expected; however opercular and gill motor activities
contaminate the ERG recordings. Remember to replenish the
solution between recordings and make more as needed.
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3. To make 60× stock E3 solution, dissolve 34.8 g NaCl, 1.6 g
KCl, 5.8 g CaCl2•2H2O, and 9.78 g MgCl2•6H2O in 1.95 L
ultrapure water. Adjust pH to 7.2 adding 0.1 M NaOH drop-
wise. Adjust volume to 2.0 L using ultrapure water and
autoclave.

4. Alternative off-the-shelf ERG systems include ColorDome
LabCradle (Diagnosys), which uses a Ganzfeld-type light stim-
ulator and Diagnosys Espion software and is suitable for zebra-
fish and other small species.

5. The day before a planned ERG recording, intended damage
outcomes and regeneration can be verified in numerous ways.
The use of transgenic reporter lines with fluorescent proteins in
targeted retinal cell types will allow the investigator to examine
the retina of a live, anesthetized zebrafish with an epifluores-
cence stereomicroscope [24, 25, 42]. For example, the sws2:
mCherry; nyx::mYFP dual transgenic [43, 44] can be examined
for the presence of the row mosaic of mCherry+ blue-sensitive
cones and absence of YFP+ bipolar neurons to verify selective
damage to the inner retina (vs. the presence of both types of
neurons in an undamaged contralateral eye). Damage outcome
may also be verified through behavioral assays such as a place-
preference assay [27, 45] or escape-response assay [26]; how-
ever, these approaches require that both retinas be damaged.
Alternatively, unilateral retinal damage can be verified by the
presence of an abnormal dorsal light reflex (DLR)—the zebra-
fish will swim in a “tilted” manner such that the damaged eye
appears to look upward toward a source of downwelling light
[26]. This approach is easier to incorporate when using
non-shoaling, less active, and larger-bodied fish such as gold-
fish [28, 29].

6. We have found that the optimal time of day for obtaining ERG
recordings of adult zebrafish appears to be in early to
mid-afternoon local time. The zebrafish are otherwise main-
tained on a light–dark cycle such that light onset in the fish
facility is 8:00 AM and light offset at 10:00 PM.

7. It is essential that the tip opening is even (i.e., non-jagged). It
may require a few attempts to produce a suitable recording
electrode.

8. The tip of the sapphire microknife is delicate and extremely
sharp and should only touch the zebrafish eye. Avoid contact
with other objects.

9. The preferred site of incision can be investigator-specific, with
some investigators favoring the temporal approach (see
Note 13).

10. The stimulus duration can vary depending on ERG features of
interest. An advantage of using a long-duration stimulus (e.g.,
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greater than 500 ms) is that it will produce a prominent b-wave
(associated with the ON response) and subsequent d-wave
(associated with the OFF response). A short-duration stimulus
(e.g., 10 ms) is sufficient to produce a robust b-wave (ON re-
sponse); however the d-wave (OFF response) is absent. An
advantage of using a short-duration stimulus is that less recov-
ery time is needed between stimuli.

11. To ensure complete recovery between flashes, we use a mini-
mum interstimulus interval (ISI) of 10 s. It may be necessary to
increase the ISI up to 30 s at saturating stimulus intensities
(e.g., ND filter = 0).

12. A typical ERG waveform obtained from an adult zebrafish
(undamaged) eye is characterized by several prominent waves,
most notably a transient and downward-deflecting a-wave,
indicating photoreceptor activity in response to light, followed
by a larger magnitude, upward-deflecting b-wave, indicating
the activity of ON-bipolar neurons [30]. A representative
recording is presented in Fig. 1a. Figure 1b shows an example
of a recording in which ongoing fish movement results in
regular deflections that do not represent electrophysiological
activity within the retina.

Fig. 1 Examples of ERG recordings from live, anaesthetized adult zebrafish. (a)
Representative recording from an undamaged eye, showing a- and b-wave
waveforms (labeled a, b). (b) Recording from an undamaged eye of an anesthe-
tized fish with insufficient immobilization, such that residual motor activities
result in deflections (some indicated by *s) not related to retinal physiology. (c)
Representative recording from an eye subjected to a selective lesion of inner
retinal neurons, at 3 days post-injury (3 dpi), showing an a-wave representing
photoreceptor responses but a highly reduced/absent b-wave due to damage/
death of bipolar neurons. (d) Representative recording from an eye subjected to
selective lesion, but following 80 days of recovery/regeneration, showing an ERG
waveform containing both an a-wave and a b-wave, consistent with the resto-
ration of retinal function. Yellow horizontal lines indicate duration of light flash
(500 ms for a, c, and d; 200 ms for b). (Panels a, c, and d were modified from
Fig. 12 of [24], with permission)
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13. Eyes containing retinas that have been recently damaged using
intraocular toxin injection (e.g., 3 days post-injury; dpi) are
extremely fragile, and so the investigator must use extreme
caution in making this incision. The cornea is weak near
the site of the previous incision (which was used to inject the
neurotoxin), and so minimal force is needed to puncture the
cornea. If the previous incision site is visible, it may be reused.
Otherwise, the pressure exerted on the cornea while making
the new incision can result in rupture of the previous incision,
causing unnecessary tissue trauma and corneal damage. Eyes
containing retinas that have regenerated (e.g., 80 dpi) also
remain fragile. Consequently, the previous incision site can be
reused in this case if possible. Additional consideration in
recording from regenerated retinas is that the response to
damage within the fish eye is not limited to the retina. These
responses result in abnormalities such as an opaque lens, a
duplicated (double) lens, and/or growth of the iris to cause a
decrease in pupillary size [26, 29]. Any of these features can
result in reduced light reaching the retina and should be taken
into consideration when interpreting the ERG results.

14. ERG waveforms obtained from an adult zebrafish eye that has
been recently damaged by intraocular injection of ouabain
exhibit an altered waveform topography [24]. In the case of
“selective” damage to the inner retina, waveforms display an
a-wave that appears slightly exaggerated in comparison to that
of undamaged retina (Fig. 1c), indicating that photoreceptors
remain responsive to light. The b-wave, however, is highly
reduced in amplitude or eliminated (Fig. 1c), indicating that
the function, synaptic connection to, and/or presence of
ON-bipolar cells has been greatly reduced [24]. Absence of
the voltage-positive b-wave response essentially unmasks more
of the voltage-negative a-wave response. ERG waveforms
obtained from an adult zebrafish eye that has regenerated
following this “selective” damage to inner retinal neurons, in
contrast, have features more similar to that of undamaged
retina (Fig. 1d) [24]. These features include an a-wave compo-
nent and a b-wave component that displays a waveform similar
to that of a normal b-wave response (when scaled to the normal
waveform; [24]) but reduced in amplitude (Fig. 1d).

15. When obtaining ERGs from fish with one undamaged and one
damaged/regenerated retina, there is a risk of bias if the
recordings are always obtained from the undamaged retina
prior to the injured retina. Therefore, we recommend record-
ing from four to six fish and alternating the recording sequence
(1, “damaged-then-undamaged”; 2, “undamaged-then-dam-
aged”; etc.).
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16. Recording of ERGs from live, anesthetized adult zebrafish may
offer the potential for fish recovery following recording
[30, 46], and thus the opportunity to obtain longitudinal
ERG data over a time-course of retinal damage and regenera-
tion, within individual fish. However, in our experience the
length of time during which the fish are under anesthesia
appears incompatible with this strategy. It is possible that
future modifications of the procedure will ultimately allow
repeated ERG recordings over the span of retinal regeneration
in the same fish. Corneal placement of the recording electrode
(rather than intravitreal) facilitated repeated measurements
from the same fish, with intervening recovery times [46]. How-
ever, our approach provides robust information about wave-
form features and kinetics during regeneration, along with
longer recording sessions for each fish.

17. If desired, whole eyes can be removed from humanely sacrificed
zebrafish after ERG recordings, to process for directly correlat-
ing histological condition of the retina with physiology. Place
eyes in freshly prepared 4% paraformaldehyde in phosphate-
buffered (pH 7.4) 5% sucrose, and follow the procedure of
[47]. Fixation times exceeding their recommended 1 h in
paraformaldehyde at room temperature can still result in
good histological outcomes (Fig. 2) and may be needed if a
single investigator is collecting ERG recordings from multiple
fish on a single day. If this is the case, fixation should initially be
done on ice and can be continued overnight at 4 °C prior to the
next step of the procedure.

18. A scaled sum-of-squares test can be used to assess whether the
retinal-damage protocol produces ERG waveforms that are
topographically distinct from controls. This entails scaling the
“damaged” ERG trace such that its amplitude is equivalent to a
grand average of the control waveform and calculating the
sum-of-squared deviations between the control and “dam-
aged” waveforms [24].
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Fig. 2 Examples of histological preparations of retinal tissues following ERG
recordings. (a) Sectioned undamaged retina following ERG recording. Labeling is
for blue-sensitive cones (sws2:mCherry reporter [48]), a subpopulation of bipolar
neurons (nyx::mYFP reporter [44]), anti-glutamine synthetase (GS; Müller glia
[49]), and DAPI (nuclei). (b) Retinal cryosection of eye subjected to selective
lesion of inner retinal neurons, with ERG recording obtained at 21 days post-
injury (dpi); then the eye was fixed for histological processing. (c) Higher
magnification view of retinal histology of undamaged retina after ERG recording
(onl, outer nuclear layer; inl, inner nuclear layer; gcl, ganglion cell layer). (d)
Higher magnification view of retinal histology of 21 dpi retina after ERG record-
ing. Asterisk (*) lies beneath a region showing a “laminar fusion” in which nuclei
occupy locations in the inner plexiform layer and there is little distinction
between the inl and gcl, a feature typical of regenerated inner retina
[27]. Scale bar in a (applies to b) = 100 μm; scale bar in C (applies to
D) = 50 μm
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Chapter 24

Analysis of Visual Recovery After Optic Nerve Crush in Adult
Zebrafish

An Beckers, Steven Bergmans, Annelies Van Dyck, and Lieve Moons

Abstract

Zebrafish can successfully regenerate axons after optic nerve crush (ONC). Here, we describe two different
behavioral tests to map visual recovery: the dorsal light reflex (DLR) test and the optokinetic response
(OKR) test. The DLR is based on the tendency of fish to orient their back to a light source, and it can be
tested by rotating a flashlight around the dorsolateral axis of the animal or by measuring the angle between
the left/right body axis and the horizon. The OKR, in contrast, consists of reflexive eye movements
triggered by motion in the visual field of the subject and is measured by placing the fish in a drum on
which rotating black-and-white stripes are projected.

Key words Axonal regeneration, Optic nerve crush, Retinotectal system, Retina, Zebrafish, Visual
recovery, Behavioral test, Dorsal light reflex, Optokinetic response, Neurobiology

1 Introduction

Adult zebrafish subjected to optic nerve crush (ONC) represent a
valuable model system to investigate axonal regeneration, as out-
lined in chapter 9. Here, we will describe two behavioral assays to
(1) map visual recovery after ONC, or after any other model
affecting visual performance, or (2) study visual ability in mutant
fish with reduced sight. Both tests allow a longitudinal follow-up of
the same (group of) fish at multiple time points. The first method is
the DLR test, which is based on the fact that fish equalize light
input in both eyes by orienting their back toward incoming light in
order to maintain a horizontal swimming position [1, 2]. A first
way to perform a DLR test is to place the fish in a tight tube
containing water and then spin a light source from the dorsal side
of the fish to the lateral side (see Subheadings 3.1 and 3.2). The
zebrafish will tilt and turn its back toward the direction of the light
if that eye receives light input. In contrast, the animal will retain its
original position if the optic nerve is damaged [1, 3]. The DLR can
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also be evaluated by recording the swimming position and more
specifically by quantification of the dorsoventral axis of the animal
(see Subheadings 3.3 and 3.4). The normal horizontal position
indeed shifts toward a slightly oblique one immediately after
ONC, when the fish is blind, in an attempt to balance the amount
of light entering both eyes [1, 4]. The second behavior-based visual
recovery protocol is the OKR test. Similar as for the DLR, OKR
testing in adult zebrafish is performed while restricting the fish in a
small tube, but here the animal will be surrounded with a black-
and-white stripes-containing rotating drum (see Subheadings 3.5,
3.6, 3.7, and 3.8). Due to the movement of these stripes, an OKR is
evoked, which consists of a repetition of (1) a slow and smooth eye
movement to follow the stripes and (2) a subsequent fast reset of
the eye position in the opposite direction. This reflexive behavior is
innate to humans and virtually all vertebrates. After ONC, zebrafish
are not able to distinguish the black-and-white stripes, so no OKR
is triggered, but soon after injury it reappears. Changing the thick-
ness of the stripes and thereby changing the spatial frequency of the
stimulus enables to thoroughly measure the visual acuity of the fish
as thicker stripes are more easily observed than thinner ones [1, 2].
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2 Materials

2.1 DLR Test

Method 1

1. Zebrafish of similar size and age.

2. Aquarium fishnet.

3. Flashlight with a focused light beam.

4. Cylindrical glass container with one closed and one open end.
The length should be approximately 50 mm and the diameter
12 mm, to restrain an individual adult zebrafish.

5. Funnel with an opening that fits on the opening of the cylin-
drical container.

6. Parafilm.

7. Black pieces of paper.

8. One extra person for assistance.

2.2 DLR Test

Method 2

1. Video camera.

2. Translucent plastic container (2.7 × 17.5 × 20.0 cm), filled with
400 mL of aquarium system water. It is important that the
width of the container is small so that enough video frames in
which the fish swims toward the camera are obtained.

3. Fiji software program.

2.3 OKR Test 1. Tricaine stock solution: 0.3% w/v ethyl 3-aminobenzoate
methanesulfonate salt–tricaine powder (MS-222), 20.6 mM
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Fig. 1 Overview of the OKR setup. The infusion bag (A) is connected to the
dripping chamber (B), necessary to provide water to the fish via the inlet tubing
(C). The fish is restrained inside a glass fixation tube (E), closed with barbed
bulkhead fitting (D). Water will be discarded via the outlet tubing (F) in the sink
(G)

Tris–HCl, pH 7 (adjusted with 1M HCl) in ultrapure water.
The 0.3% tricaine stock can be stored at 4 °C up to 6 weeks if
kept in the dark.

2. Tricaine working solution: Dilute 7 mL of the tricaine stock
solution in 93 mL aquarium system water in a 250 mL glass
beaker (0.02% tricaine). Diluted tricaine can be kept at 4 °C
maximally for 1 week when kept in the dark.

3. Small fish holder: Plastic Pasteur pipette (3 mL) from which
half of the upper part (pipette bulb) is removed by making a
longitudinal cut using scissors. In this way a convenient small
fishnet/holder is created to take out fish from a narrow beaker.
A tiny fishnet can be used as well, if available.

4. Optokinetic monitoring system (see Note 1).

5. Infusion bag (5 L), filled with ±5 L aquarium system water (see
Fig. 1, material A).

6. Support stand for infusion bag.

7. Burette clamp.

8. Infusion set with drip chamber and roller clamp (see Fig. 1,
material B).

9. PVC tubing (see Fig. 1, materials C and F).
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10. Two closures with barbed bulkhead fitting for tubing (see
Fig. 1, material D).

11. Glass tube with double head screw cap (inner diameter
±1.5 cm) (see Fig. 1, material E).

12. Hook-and-loop fasteners.

13. Tape.

14. Parafilm.

15. Waste container (at least 5 L) (see Fig. 1, material F).

16. Transparent stand made out of plexiglass (15 × 15 × 15 cm)
with a hook-and-loop fastener (±3 cm2) attached to the center
of the stand.

17. Sponge.

3 Methods

3.1 DLR Method 1

Test Subject

Preparation

1. Fill the cylindrical glass container with aquarium system water
and hold it vertically.

2. Put the funnel on top of the open part of the container and
place the fish gently in the center of the funnel. In this way the
fish will fall into the glass container (see Note 2).

3. Close the container with parafilm.

4. Gently place the closed container horizontally on the black
paper (see Note 3). In 80% of the cases, the fish is spontane-
ously oriented with its head toward the closed part of the glass
container, which is ideal to perform the DLR test. Tilt the
container to evoke a 180° turn, if the fish is oriented with its
head faced to the parafilm (see Note 4).

5. Turn off the light in the room.

3.2 DLR Method 1

Testing and

Quantification

1. This assay requires two people: one person to manipulate the
flashlight movement and one person to focus on the position of
the fish, and more specifically the eyes.

2. Make sure that nobody enters the room during the testing
period.

3. Perform the DLR test first on the uncrushed, right eye. Keep a
distance of ±60 cm between the light source and the fish.
Slowly rotate the flashlight from the dorsal (0°) to the right
lateral side of the fish (90°), ultimately giving sole input to the
right eye. The duration of flashlight rotation is 5–10 s. Because
the right optic nerve is uninjured, fish show an inclination of
their dorsoventral axis in this setup, or a “full DLR” (see
below). Testing the DLR of the uninjured eye therefore serves
as a control step.
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4. Perform the DLR test for the left, injured eye in the same way
as for the right eye (see Note 5).

5. The response of the adult fish is divided into three categories,
based on the position of the light-exposed eye relative to the
non-light-exposed eye at the end of the DLR, when the light
source is positioned completely lateral (90°): (1) a “full” DLR
which corresponds to a fish where the body axis completely
follows the movement of the light bundle, resulting in a posi-
tion of the light-exposed eye below the non-light-exposed eye,
when drawing a fictive horizontal line through both eyes, (2) a
“partial” DLR when the fish does show body axis tilting but
maximally tilted in such a way that the targeted eye is not
completely located beneath the non-targeted eye, and (3) “no
DLR” in case the fish does not respond to the moving light
influx at all and thus not tilt its body axis, indicative for a lack in
basic visual perception.

6. Analyze the DLR data using chi-square statistics.

3.3 DLR Method

2 Test Subject

Preparation

1. Fill the plastic container with 400 mL aquarium system water
and place it on a black paper on a bench.

2. Position the camera facing the smallest side of the container.

3. Zoom in until the container fills the complete field of view.

4. Let the fish swim freely in the container for 5 min.

3.4 DLR Method

2 Testing and

Quantification

1. Make sure that nobody enters the room during the testing
period.

2. After the habituation period, take a video record of approxi-
mately 2 min.

3. Out of all the video frames, select three separate takes in which
the fish swims in a straight line toward the camera, thus with its
rostral–caudal body axis parallel to the base of the container.

4. Using Fiji, measure the angle between the horizon (0°), start-
ing from the lowest positioned eye, and the left/right body
axis, measured using a straight line through the eyes. Upon
ONC, zebrafish swim in a slightly oblique position (approxi-
mately 10°), which reverses gradually during the regeneration
process.

5. Test the data regarding the body axis angle using a one-way
analysis of variance (ANOVA) repeated measurement test.

3.5 OKR Test

Equipment Setup

1. Fill the infusion bag with aquarium system water and connect
the closed infusion set (see Note 6) (see Fig. 1, materials A–B).

2. Replace the screw caps from the glass tube with the two clo-
sures with barbed bulkhead fitting for tubing (see Note 7) (see
Fig. 1, materials D–E). Place a small sieve at the distal end of
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the glass tube, the furthest point from the infusion bag, to
prevent the fish from getting stuck in the outlet tubing.

3. Add a hook-and-loop fastener around the most proximal clo-
sure, as well as to the transparent stand (the transparent stand is
not shown in Fig. 1 for clarification).

4. Connect the infusion set to the most proximal closure with
barbed bulkhead fitting for tubing (see Fig. 1, material C) while
connecting a drainage tube to the distal closure. Fix the drain-
age/outlet tube to a waste container (or sink) with some tape
(see Fig. 1, materials F–G), located beneath the OptoMotry
system to avoid stationary water.

5. Seal all connection points with parafilm to avoid leakage.

6. Hang the infusion bag filled with aquarium system water near
the OptoMotry equipment using a support stand with the
burette clamp (not shown in Fig. 1).

7. Slowly open the scroll clamp from the infusion set to
completely fill the water flow system with aquarium system
water. Set the water flow to one droplet per s during the
complete duration of the OKR test.

8. Adhere the glass tube to the transparent stand (using the hook-
and-loop fastener) and place in the center of the OptoMotry
setup.

9. Place a sponge between the lid of the OptoMotry setup to
avoid squeezing of the tubes when closing the lid and thus
obstruction of water flow (see Note 8).

3.6 OptoMotry

Software

1. Turn on the computer and run the OptoMotry software. A
two-panel program will open consisting of an “OptoMotry
Controller” and “Camera” panel.

2. Adjust the spatial frequency, contrast, and drift speed of the
stimulus (rotating black-and-white stripes) within the “Stimu-
lus” window, “Gratings” tab. Set these to 0.042 c/d, 100%,
and 010.0 d/s, respectively. Leave “Calibration” tabs
untouched since this is accurately calibrated by
CerebralMechanics Inc.

3. If a video recording of the OKR test is required, adjust prefer-
ence for magnification, frame rate, etc., within the different
tabs of the “Camera” window (see Note 9). Leave the “Cali-
bration” tab untouched.

4. Specify the OKR test approach in the “Testing” window. Set
the psychophysical method, directions, and threshold within
the “Psychophysics” tab as follows: simple staircase (see Note
10), manual/combine, and frequency. For fish there is a maxi-
mum of “Seven Reversals” and a termination at 1.00%. In the
“Option” tab, a “Yes/No” and “End of Run” feedback is
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required when having “Yes/No Buttons” as a response. The
options are “reserved.” After each measurement the system is
reset to “100% Contrast” and “Min Preset Freq.” Turn off all
other settings. Set “Trial Duration” to 5.0 s, “Tracking Blank”
to “Gray,” and “Ref Frequency” to 0.100 c/d. Use the “Pre-
sets” described in “Prusky et al., 2004” for rodents and [5] and
adapt for zebrafish (see Note 11). We set the “Highest Fre-
quency” to 0.450 c/d. However, this parameter may vary
between different zebrafish lines and should be determined
before starting an experiment. Set the “Lowest Frequency” to
0.042 c/d with an “amount of six Frequencies.”

5. In the OptoMotry Menu Bar, a movie file can be prepared
within the “Movie” tab, “New Movie File.” Within the “Cam-
era” panel (where your fish is depicted), “start/record” the
movie using Button 1 in the sidebar, or “Pause” the movie
using Button 2. Click the “Center Platform” button in the
sidebar to center the camera feed. Turn on the “Center Track-
ing Cursor” and “Stimulus Direction” while performing a test
to see the moving lines of the projected stimulus and their
direction.

6. Click in between the eyes of the fish on the camera feed to start
the stimulus and to enable the computational lines to rotate
with the eyes of the fish as the center.

7. Save a movie/recording using the “Movie” tab in the Opto-
Motry Menu Bar and click on “Close Movie File” (see Note
12).

3.7 OKR Test

Habituation

1. One day before testing, habituate fish to the OptoMotry setup
to minimize stress during the actual measurements. Catch a fish
and anesthetize in 0.02% tricaine working solution.

2. Transfer the sedated fish to the glass fixation tube with water
flow (briefly stop the water flow by closing the roller clamp)
using the small fish holder. Orient the fish against the current
(head pointing toward the inlet tubing).

3. Place the fish positioned in the glass tube, in the OptoMotry
system while presenting a white screen. Allow the fish to
recover from the sedation by providing a continuous water
flow (one droplet per s) before starting the test (see Note 13).

4. Display the stimulus for 3 min when the fish is fully conscious,
followed by an additional 2 min of a white screen.

3.8 OKR Testing 1. Place a fish in the glass fixation tube (see steps 1–3 of the OKR
habituation) (see Note 14).

2. Once fully conscious, start testing by presenting the black-and-
white-striped stimulus (see Note 15). Click anywhere on the
computer screen where the camera feed is projected (preferable
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in between the two eyes of the fish), or click the “Stimulus”
button in the bottom bar of the “OptoMotry Controller”
panel. Center the stimulus directions around the eyes of the
subject using the “Center Tracking Cursor” button.

3. For every single frequency that is presented during the staircase
approach, a minimum of three positive responses is required to
proceed to a higher frequency (by clicking “Yes”). A response is
defined positive when (1) the eyes of the fish follow the direc-
tion of the stimulus until it exits the field of view and (2) this is
subsequently followed by an abrupt counter-direction move-
ment of the eyes (see Note 16). Absence of a positive response
for 1 min is defined as a negative response (click “No”), result-
ing in further testing of a lower spatial frequency following the
staircase approach. Of note, in between positive responses, the
direction of the stimulus is automatically changed, to exclude
the occurrence of random eye movements.

4. When reaching the maximum spatial frequency and thus maxi-
mum visual acuity of the tested fish, the OptoMotry software
will play the sound “Done” (see Note 17). Write down the
maximum spatial frequency and click on “Done.” Before start-
ing a new fish, click on “reset” and start the next test. Total
time spent per fish should not exceed 15 min to minimize
stress.

4 Notes

1. In the host lab, we use the OptoMotry setup of CerebralMe-
chanics Inc., so all software settings are specifically intended to
use for this system. Additional systems are commercially avail-
able or you can use a custom-made device.

2. If no funnel with an appropriate opening size is available, a
funnel can be made with your hands.

3. The black paper is used to minimize light reflection, as this
disturbs the DLR testing.

4. Positioning the fish with its head toward the closed part of the
glass container can only take ±90 s. After this time period, it is
better to put the fish back in its tank and restart after several
minutes to avoid stress. It is important that the head of the fish
faces the closed (made of glass) part of the container as this
gives a clear view on the eyes of the fish.

5. In our hands, zebrafish remain fairly calm inside the glass
container during the DLR test. As they are not stressed, they
are able to focus on the light input, which makes the DLR test
trustable. Nevertheless, some fish do react on being placed in
the narrow tube and make efforts to escape, e.g., swim toward
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the ends or turn their bodies. In this case, let the fish first relax
for ±60 s before performing the DLR. If the test still fails
because the fish is not focused on the light source, repeat the
DLR after the fish had some recovery time in a tank. A last
option is to remove the fish from the experiment, although
normally a reliable DLR test can be performed for every zebra-
fish on every time point.

6. To easily fill the 5 L infusion bag, remove a spike from an
infusion set and attach to a tube. This combination can be
connected to a tap with aquarium system water maintaining a
temperature ranging between 27.5 and 30 °C. Ideally, the
complete setup is located in a thermoregulated room. We also
advise to use an infusion set with dripping chamber to easily
regulate water flow.

7. We use a custom-made glass fixation tube, simplifying the
complete setup as we experienced that finding a glass tube
with the correct inner diameter and the possibility to connect
tubes from both ends is challenging.

8. Since the lid of the OptoMotry system cannot be fully closed,
measurements should be carried out in a dark room.

9. In the host lab, settings in the “Video in” tab are set as follows
while recording: max frame rate, auto display, 144% magnifica-
tion, and 58 iSight focus. Within the “Overlay” tab, compass
size is put to 154%, while cursor size, tick spacing, tick size, and
blind mask are set to 70%, 85°, 5°, and 214%, respectively.

10. During a staircase approach, stimuli are presented in a bidirec-
tional ascending and descending way regarding the tested spa-
tial frequencies, meaning that when a stimulus is positively
perceived, the frequency increases, while it decreases when a
fish is not able to distinguish the black from the white lines.
This will be repeated until the maximum perceived spatial
frequency is reached.

11. Here, all settings are depicted for a functional OKR test in
zebrafish. The majority of these settings are identical to an
OKR test for mice which is described by Prusky et al. [5],
except for some adjustments.

12. Due to the large amount of data created by recording the OKR
test for all fish, we prefer to keep a written data log of the
maximum spatial frequency of each fish, as an alternative. This
is depicted in the “OptoMotry Controller” panel, “Stimulus”
window, “Gratings tab” underneath the “Spatial Frequency”.
The use of the written data log implies that the two first
buttons in the “Camera” panel are not needed.

13. By increasing the water flow (within tolerable limits for the
fish), the recovery time in the glass cylinder can be shortened.
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14. In contrast to the DLR test, a bilateral crush is needed to
evaluate visual acuity via the OKR test in fish. If a unilateral
crush is performed, the OKR of the injured eye is influenced by
the visual input in the uninjured eye, leading to false positive
results. To avoid any visual input of a spared eye, which will
influence the OKR, a standardized bilateral crush must be
performed.

15. Immediately switching from the white screen to the stimulus
might spook the fish leading to insufficient concentration/
focus. Presenting a gray screen (for around 10 s) just before
turning on the stimulus increases focus and simplifies testing.

16. During a positive response, both eyes will react simultaneously
and similarly toward the presented stimulus. In order to distin-
guish this positive response from a random movement (due to
a lack of focus), changing the direction of the stimulus is
crucial. A positive response will reverse upon changing stimu-
lus direction. To provoke attention when the fish is unfocused,
one can quickly switch between “Gray screen/Black screen”
and “Stimulus screen,” as well as change the direction of the
stimulus or the frequency using the “Higher frequency” but-
ton in the “OptoMotry Controller” panel. Keep in mind to
turn it off while measuring.

17. The OptoMotry system is equipped with audio, supporting an
investigator while performing a OKR test. An audio file is
played for every “Yes,” “No,” and “Done.”
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